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Marcus Jacobson

Marcus Jacobson, a prominent scholar of developmental neuro-
biology, died of cancer at his home in Torrey, Utah in November,
2001; he was 71.

Jacobson was born in South Africa and finished medical
training at the University of Cape Town. He then completed gradu-
ate study at Edinburgh University, receiving a Ph.D. in 1960 for a
dissertation concerning specificity of synaptic connections in the
Xenopus retinotectal system. Over the next two decades, Jacobson
exploited the experimental opportunities provided by this prepara-
tion to become one of the best-known researchers of nervous sys-
tem development, first at Purdue University then at Johns Hopkins
University and the University of Miami (Hunt and Jacobson, 1974).
In 1977, Jacobson moved to the University of Utah to become
chairman of the Department of Neurobiology & Anatomy; he
expanded the department and refocused its research on develop-
mental neurobiology, a field in which it maintains a strong reputa-
tion. Shortly after moving to Utah, Jacobson began using single-cell
injection techniques and lineage tracing in Xenopus to study early
patterning of the nervous system (Jacobson, 1985).

In 1970, Jacobson published Developmental Neurobiology
(Jacobson, 1970), a landmark book that critically summarized the
status of the core topics in the emerging field that thereafter
became known as developmental neurobiology. In two subse-
quent editions of this leading reference text (published by
Plenum Press in 1977 and 1991), Jacobson enlarged the book
substantially to maintain comprehensive coverage of a field that
was growing rapidly. Throughout his career, Jacobson showed a
strong interest in the history of neuroscience and embryology.

His deep understanding of the history of the field was integral to
all of his scientific publications but became more explicit and
extensive in the third edition of Developmental Neurobiology and
in his Foundations of Neuroscience (Jacobson, 1993), a consid-
eration of historical, epistemological and ethical aspects of neu-
roscience research.

Jacobson was a man of formidable energy and intellect
who was adept at provoking his colleagues to think deeply about
the ideas underlying their work. Although he readily adopted new
methods into his own research program, he warned against a pre-
occupation with techniques and observations at the expense of
hypotheses and models (Jacobson, 1993). Jacobson was a con-
noisseur and collector of Chinese art and he amassed an impor-
tant collection of modern Chinese paintings that, along with his
large collection of rare books on the history of embryology and
neuroscience, has been donated to the University of Utah. He is
survived by his wife and three adult children.
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This book is dedicated to the memory of
Marcus and to graduate students everywhere.

Marcus wanted the book to serve as an
introduction to this fascinating field and it is our hope that we have retained the
spirit of Marcus’s third edition in this new revised version of his book.
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Making a Neural Tube: Neural Induction and Neurulation

Raj Ladher and Gary C. Schoenwolf

INTRODUCTION

As subsequent chapters will describe, the vertebrate nervous sys-
tem is necessarily complex. However, this belies its humble
beginnings, segregating relatively early as a plate of cells in the
dorsal ectoderm of the embryo. This process of segregation,
termed neural induction, occurs as a result of instructive cues
within the embryo and is described in this chapter. Once induced,
the neural plate, in most vertebrates, rolls into a tube during a
process known as neurulation. This tube is then later elaborated
to form the central nervous system. In this chapter, we describe
the model for how ectodermal cells become committed to a
neural fate, and the studies that have led to this model. We will
then review the mechanisms by which the induced neural ecto-
derm rolls up to form the neural tube.

SETTING THE SCENE

In this section, we describe some of the fundamental
events that occur in embryogenesis prior to neural induction.
We also introduce the main vertebrate model organisms used to
investigate neural induction, and we discuss their strengths and
appropriateness for various types of experimental studies.

Neural induction, the process by which a subset of the
ectoderm is instructed to follow a pathway leading to the forma-
tion of the nervous system, has been studied in model systems
comprising four classes of vertebrates. Despite obvious differ-
ences in the geometry of the embryos of these classes (e.g., the
early frog embryo is spherical, whereas the early chick embryo is
a flat disc), by and large their embryogenesis is comparable, and
researchers can use the respective strengths of these models to
address experimentally very specific research questions. By syn-
thesizing data that have emerged from these studies, a model has
been formulated of how neural tissue is induced.

Model Organisms

Four vertebrate model systems have been used extensively
to study neural induction (Fig. 1). Two of these are classified as
lower vertebrates—zebrafish and Xenopus—and two are classi-
fied as higher vertebrates—chick and mouse. Two major differ-
ences exist between lower and higher vertebrates. First, lower
vertebrates lack an extraembryonic membrane called the amnion,
which was developed by higher vertebrates as an adaptation to
terrestrial life. Thus, lower vertebrates are anamniotes and higher
vertebrates are amniotes. Second, true growth (i.e., cell division
followed by an increase in cytoplasm in each daughter cell to an
amount comparable to the parental cell—in contrast to cleavage,
where cells get progressively smaller with division) is minimal
during morphogenesis in lower vertebrates, but plays an integral
role in morphogenesis of higher vertebrates. In addition to these
differences between lower and higher vertebrates, another major
difference exists among the four model organisms: the relation-
ship between the formative cells of the embryo and their food
source. Namely, Xenopus eggs contain a large internal store of
yolk. With cleavage of the egg to form the spherical blastula, this
yolk is incorporated into the forming blastomeres with the vege-
tal blastomeres being much larger than, and containing much
more yolk than, the animal blastomeres. In both zebrafish and
chick, a blastoderm forms as a disc on top of the yolk mass.
Finally, in the mouse egg, yolk is sparse; rather the embryo
receives its nourishment from the mother, initially by simple
diffusion and later through the placenta. These differences in the
amount and distribution of yolk in the eggs of the four vertebrate
models result in very different geometries in the four organisms.
Thus, during the early developmental stages of cleavage, gastru-
lation, neural induction, and neurulation, the four model organ-
isms appear very different from one another, yet developmental
mechanisms at the tissue, cellular, and molecular—genetic levels
are highly conserved.

In Xenopus and zebrafish, early development is directed
by maternal products laid down during oogenesis; at the
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2 Chapter 1 ¢ Raj Ladher and Gary C. Schoenwolf

mid-blastula transition, or MBT, zygotic transcription com-
mences (Newport and Kirschner, 1982; Kane and Kimmel,
1993). Maternally provided products are important in axis
formation and germ layer identity. In chicks and mice, “MBT,” or
the onset of zygotic transcription, occurs soon after fertilization;
thus, the exact role of maternal products in early development
has been difficult to decipher.

The Xenopus Embryo

A large body of literature exists on the development of the
amphibian embryo. Indeed, two of the most important findings
regarding the embryogenesis of the vertebrate nervous system—
the discovery of the organizer and the elucidation of its role in
neural induction (Spemann and Mangold, 1924, 2001) and the
discovery of the molecular mechanisms of neural induction
(Sasai and De Robertis, 1997; Nieuwkoop, 1999; Weinstein and
Hemmati-Brivanlou, 1999)—were obtained using amphibian
embryos. These will be discussed later in this chapter. The class
itself can be split into the Anurans (frogs and toads) and the

A B

Urodeles (newts and salamanders), and despite some differences
in the details of their development, the many similarities make it
possible to generalize the results and extend them to other
organisms. Although the Anuran, Xenopus, is the model most
used today, the starting point for most studies was the pivotal
work performed in Urodeles by Spemann and Mangold in the
course of discovering the organizer (Spemann and Mangold,
2001). For a summary of the differences between Anurans and
Urodeles, see the excellent review by Malacinski et al. (1997).
For a schematic view of key phases of early Xenopus
development, see Fig. 2.

The amphibian embryo is large, easily obtained, readily
accessible, and easily cultured in a simple salt solution. As all
cells of the embryo have a store of yolk, pieces of the embryo and
even single cells from the early embryo (i.e., blastomeres) can be
cultured in simple salt solution. A recent advantage in the use of
Xenopus is the ability to overexpress molecules of interest.
Because early blastomeres are large, it is a simple matter to make
RNA corresponding to a gene of interest and inject it into
selected cells. The injected RNA is translated at high efficiency

C D

FIGURE 1. Photographs showing the locations of the neuroectoderm at neurula stages in (A) Xenopus (dorsal view, immunohistochemistry for N-CAM at
stage 15; courtesy of Yoshiki Sasai); (B) zebrafish (dorsal view, in situ hybridization for Sox-3/ at tail bud stage; courtesy of Luca Caneparo and Corinne
Houart); (C) chick (dorsal view, in situ hybridization for Sox-2 at stage 6; courtesy of Susan Chapman); and (D) mouse (dorsolateral view, in situ hybridiza-
tion for Sox-2 at 8.5 dpc; courtesy of Ryan Anderson, Shannon Davis, and John Klingensmith).

np
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FIGURE 2. Xenopus development leading up to neurulation. Diagrams of embryos at the (A) morula, (B) blastula, (C) gastrula, and (D) neurula stages of
development. Once the egg is fertilized, cleavage occurs, with the cells of the animal hemisphere darker and smaller than cells of the vegetal hemisphere.
At blastula stages, mesoderm is induced. In particular, dorsal mesoderm is specified and at gastrula stages, this mesoderm starts to involute, forming the dor-
sal blastoporal lip and marking the site of the organizer. The organizer induces neural tissue in the overlying animal hemisphere. ap, animal pole; dbl,
dorsal blastoporal lip; np, neural plate; vp, vegetal pole. Modified from Nieuwkoop and Faber (1967).



and is active. Indeed this technique has been used not only to
assay a whole molecule, but also modified (i.e., systematically
and selectively mutated) versions of the gene.

As most developmental biology research in amphibians is
performed on the Xenopus embryo, we will consider its develop-
ment. Smith (1989) provides an excellent synthesis of the early
embryological events that occur prior to neural induction.

The Xenopus egg has an animal—vegetal polarity, with the
darker (i.e., more heavily pigmented) animal hemisphere forming
the ectoderm and mesoderm, and the lighter vegetal, yolk-rich
hemisphere forming the endoderm. Fertilization imparts an addi-
tional asymmetry on the egg, with the sperm entering the animal
hemisphere. The sperm entry point also determines the direction
of rotation of the cortex of the egg in relation to the core cyto-
plasm, and this activates a specific pathway leading ultimately to
the establishment of the dorsal pole of the embryo (Vincent and
Gerhart, 1987; Moon and Kimelman, 1998). Specifically, the
region of the vegetal hemisphere, the Nieuwkoop center, which is
diametrically opposite the sperm entry point, is now conferred
with the ability to induce the Spemann organizer in the adjacent
animal hemisphere (Boterenbrood and Nieuwkoop, 1973). The
Spemann organizer has the ability to induce dorsal mesoderm and
pattern the rest of the mesoderm, as well as to direct the forma-
tion of the neuroectoderm (Gimlich and Cooke, 1983; Jacobson,
1984; see below and Box 1).

Following fertilization, mesoderm is induced in the equa-
torial region of the embryo, at the junction between the animal
and vegetal poles (Nieuwkoop, 1969). Amazingly, this induction
has been experimentally recreated to great effect in later assays
for both mesoderm-inducing signals and neural-inducing signals.
When challenged with the appropriate signal, an isolated piece of
Xenopus animal tissue, which would normally form epidermal
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structures, will change its fate accordingly. This animal cap assay
has, for years, provided researchers with a powerful assay for
induction. One important caveat must be noted here though.
Barth (1941) found that the animal cap of the amphibians
Ambystoma mexicanum and Rana pipiens, amongst others, auto-
neuralizes; that is, the removal of the presumptive epidermis
from its normal environment actually changes its fate to neural,
a result supported and extended by Holtfreter (1944), who among
other things showed that neural induction could occur even after
the inducer had been killed (Holtfreter, 1947). This result could
only be contextualized years later when the pathway for neural
induction was worked out (see below). It should be noted here,
however, that the animal cap of Xenopus does not show such
auto-neuralization; indeed as we discuss below, the Xenopus
animal cap is resistant to nonspecific neural induction by diverse
agents (Kintner and Melton, 1987). This resistance to non-
specific neural induction strengthened the role of Xenopus
embryos in the search for inducing signals.

Neural induction occurs during the process of gastrulation
when the mesoderm and endoderm invaginate through the
blastopore and, via a set of complex morphological movements
(see Keller and Winklbauer, 1992, for details of this process), are
internalized. This results in the ectoderm remaining on the
surface and forming the crust, and the mesoderm and endoderm
coming to lie deep to the ectoderm, forming the core. A fuller
description of neural induction is given below.

The Zebrafish Embryo

Two large-scale mutagenesis screens propelled the zebra-
fish embryo to the forefront of developmental biology (Mullins
and Nusslein-Volhard, 1993; Driever, 1995). The combination of

The discovery of the organizer in 1924 is one of the major milestones in
developmental biology. This discovery has had a major influence on our
thinking about the mechanisms underlying neural induction (Spemann
and Mangold, 1924). The German scientists, Hans Spemann and Hilda
Mangold, discovered that a region of the amphibian gastrula, the dorsal
lip of the blastopore, had the ability to direct formation of the neural
plate (Fig. 3A). By transplanting the dorsal lip from a donor embryo to
the ventral side of a host embryo, they found that a second axis can be
initiated. The experiment was performed using salamander embryos,
not Xenopus, the current favorite amphibian model. By using two
species of salamander, one pigmented and the other unpigmented,
Spemann and Mangold could identify which structures in the duplicated
axis were derived from the donor and which were derived from the host.
Careful analysis showed that whereas the secondary notochord and
parts of the somites were derived from the donor dorsal lip, the neural
plate and other regions of the somites within the secondary axis were
derived from the host. As host tissues should have been fated to form
ventral derivatives, such as lateral mesoderm and epidermal ectoderm,
Spemann and Mangold reasoned that the action of the donor dorsal tis-
sue was not autonomous, and that a nonautonomous action induced the
surrounding tissues to take on a dorsal fate. By using a classical defin-
ition of the word “induction”—the action of one tissue on another to

BOX 1. The

Organizer

change the latter’s fate, Spemann and Mangold defined neural induction
in vertebrate embryos and localized its center of activity.

As mentioned above, the action of an organizer is not just limited to
amphibian embryos. A large number of studies have extended the
findings of Spemann and Mangold to embryos of the fish, bird, and
mammal (Waddington, 1934; Oppenheimer, 1936; Beddington, 1994;
Fig. 3B). All of these studies have found that the organizer can induce
the formation of a secondary axis. However, in the mouse, there is
an important difference. Whereas in the fish, frog, and chick, trans-
plantation of the organizer can induce a secondary axis with all
rostrocaudal levels (i.e., from the forebrain to the caudal spinal cord),
transplantation of the node in the mouse can induce only a super-
numerary axis that begins rostrally at the level of the hindbrain
(Beddington, 1994; Tam and Steiner, 1999). This has led to the iden-
tification of a second organizing center, the anterior visceral endo-
derm (Thomas and Beddington, 1996; Tam and Steiner, 1999). Using
a series of transplants, it has been found that the anterior visceral
endoderm, unlike the node of the mouse, cannot induce neural tissue.
Instead, it provides a patterning activity, imparting rostral identity
upon already induced neuroectoderm. As this is beyond the scope of
this chapter, the anterior visceral endoderm will be more appropriately
covered in greater detail in Chapter 3 on neural patterning.
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FIGURE 3. Axis duplication in (A) amphibians and (B) the chick after transplantation of the organizer regions of these embryos to ectopic locations. Details
of the experiments are given in the main text. Transplantation of the dorsal lip (in amphibians) or Hensen’s node (in chick) gives rise to a duplicated neuroaxis,
derived from host tissue. This experiment mapped the site of neural induction to the organizer. d, dorsal; v, ventral. (A), modified from Spemann and Mangold

(1924); (B), modified from Waddington (1932).
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FIGURE 4. Zebrafish development leading up to neurulation. Diagrams of embryos at (A) morula, (B) blastula, (C) gastrula, and (D) neurula stages. The
zebrafish embryo floats on top of the yolk (y), a situation that is not changed until gastrulation. At blastula stages, a belt of cells is formed at the junction
between the embryo and the yolk; it is known as the yolk syncytial layer (ysl). This induces the formation of the mesoderm and also directs the formation of
the embryonic shield (es), the organizer of the fish embryo. The embryo shield also induces the formation of neural ectoderm (i.e., the neural keel, nk). Arrow
indicates the head end of the embryo. Modified from Langeland and Kimmel (1997).

generating mutants, cloning the affected genes and using
traditional embryological techniques has made the zebrafish
embryo especially attractive to researchers. For a schematic view
of key phases of early zebrafish development, see Fig. 4.
Fertilization causes the segregation of the cytoplasm from
the yolky matter in the egg, resulting in a polarity manifested by
the presence of a transparent blastodisc on top of an opaque
yolky, vegetal hemisphere (Langeland and Kimmel, 1997). Cell
division increases the number of cells, forming the blastoderm,
and at the 256-cell stage, the first overt specialization occurs
within the blastoderm. The most superficial cells of the blasto-
derm form an epithelial monolayer, known as the enveloping
layer, confining the deeper cells of the blastoderm. At around the
tenth cell division, the cells at the vegetal edge of the enveloping
layer of the blastoderm fuse with the underlying yolk cell. Inter-
estingly, the tenth cell cycle marks the MBT for the zebrafish
embryo. A belt of nuclei, the yolk syncytial layer (YSL), resides

within the yolk cell cytoplasm just under the blastoderm. It
provides a motive force for gastrulation, and it has been postu-
lated also to function in establishing the dorsal-ventral axis of
the zebrafish (Feldman et al., 1998).

The initial phase of gastrulation is marked by the blasto-
derm flattening on top of the yolk. This causes the embryo to
change from dome-shaped to spherical, and it results from the
process of epiboly: the spreading of the blastoderm over the yolk
hemisphere. The YSL drives epiboly, pulling the enveloping layer
with it. The process has been likened to “pulling a knitted ski hat
over one’s head” (Warga and Kimmel, 1990). At about 50% epi-
boly, that is, when the blastoderm has covered half of the yolk
hemisphere, the germ ring forms. This is a bilayered belt of cells:
The upper layer is the “epiblast,” whereas the lower layer is the
“hypoblast.” The lower layer forms by involution; that is, as the
deeper cells of the blastoderm are driven superficially toward
the vegetal margin, they fold back under and migrate toward the



animal pole. At the same time, there is a movement of deep blas-
toderm cells toward the future dorsal side of the embryo. This
creates a thicker region in the germ ring, marking the organizer
of the zebrafish, a structure known as the embryonic shield.
Similar to the situation in amphibia, this structure can be trans-
planted to the ventral side of a host fish embryo, where it induces
the formation of a secondary axis (Oppenheimer, 1936; Box 1).
As gastrulation proceeds and the body plan becomes clearer, the
neural primordium becomes apparent as a thickened monolayer
of cells. The mechanisms by which this happens will be
discussed in detail later in this chapter.

The Chick Embryo

Chick eggs are readily available and embryos are easily
accessible throughout embryogenesis. Embryos readily tolerate
manipulation such as microsurgery. As a result of these attrib-
utes, the chick embryo has long been a favorite organism for
experimental embryology. For a schematic view of key phases of
early chick development, see Fig. 5.

After the egg is fertilized, which occurs within the oviduct
of the hen, shell components are added during the day-long
journey through the oviduct prior to laying. Cleavage begins
immediately after fertilization, and by the time the egg is laid,
it contains a bilaminar blastoderm floating on the surface of
the yolk (Schoenwolf, 1997). The upper layer of the bilaminar
blastoderm is termed the epiblast, whereas the lower layer (i.e.,
the one closest to the yolk) is termed the hypoblast. The epiblast
gives rise to all of the tissue of the embryo proper, that is, the
ectodermal, mesodermal, and endodermal derivatives. The
hypoblast is displaced during embryogenesis and will contribute
to extraembryonic tissue.

Like the fish embryo, the region of the chick egg that
gives rise to the embryo proper floats on top of a yolky mass.

|‘. . ap ao
AN \R e/
AN N ks /
A B

Making a Neural Tube ¢ Chaper1 5

During cleavage, the blastoderm becomes 5—6 cells thick and is
separated from the yolk by the subgerminal cavity. The deep
cells in the central portion of the disc are shed, leaving the mono-
laminar area pellucida. This region of the blastoderm will give
rise to the definitive embryo. The peripheral ring of cells, where
the deeper cells have not been shed, is the area opaca. This
region, in conjunction with the peripheral part of the area pellu-
cida, will give rise to the extraembryonic tissues. Many of the
extraembryonic tissues will eventually cover the entire yolk, pro-
viding the embryo with nourishment during development. At the
border between the area opaqua and area pellucida at the time of
formation of these two regions is a specialized ring of cells, the
marginal zone. This zone plays an important role in establishing
the body axis of the embryo (Khaner and Eyal-Giladi, 1986;
Khaner, 1998; Lawson and Schoenwolf, 2001).

Shortly after the formation of the area pellucida, some of
the cells in this region delaminate and form small polyinvagina-
tion islands beneath the outer layer (the epiblast). These cells flat-
ten and join to form a structure known as the primary hypoblast.
Within the caudal marginal zone, a sickle-shaped structure
appears called Koller’s sickle; it gives rise to a sheet of cells,
called the secondary hypoblast, which migrates rostrally, joining
the primary hypoblast. This results in an embryo with two
layers—the uppermost layer epiblast and the lowermost
hypoblast. These layers are separated from the yolk by a fluid-
filled space called the blastocoel.

Once the egg is laid, further development requires incuba-
tion at about 38°C. After about 4 hr of incubation, the first signs
of gastrulation become apparent. The cells of the hypoblast begin
to reorganize in a swirl-like fashion, termed a Polinase move-
ment. Viewed ventrally, that is, looking down on the surface of
the hypoblast, the cells of the left side of the hypoblast move
counterclockwise, whereas those on the right side move clock-
wise. Concomitantly, epiblast cells as they extend rostromedially
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FIGURE 5. Chick development leading up to neurulation. Diagrams of embryos at (A) morula, (B) blastula, (C) gastrula, and (D) neurula stages; the blasto-
derm is shown removed from the yolk and viewed from its dorsal surface. At the time that the chick egg is laid, a multicellular blastoderm floats upon the yolk.
The blastoderm is subdivided into an inner area pellucida (ap) and an outer area opaca (ao), with Koller’s sickle (ks) marking the caudal end of the blasto-
derm. The ao forms the extraembryonic vasculature, providing nutrition for the growing embryo. By blastula stages, the central portion of the embryo is two
cell layers thick: the upper epiblast will form all of the structures of the adult; the lower hypoblast will contribute to extraembryonic tissues. The primitive
streak (ps) forms in the epiblast of the embryo, and the mesoderm and definitive endoderm ingress through it and into the interior. The primitive streak extends
rostrally and once it has reached its maximal length, it forms a knot of cells known as Hensen’s node (hn; shaded). This is the organizer of the chick embryo;
it is responsible for neural induction. Shortly after neural induction, the embryo undergoes neurulation. nf, neural folds. Modified from Schoenwolf (1997).



6 Chapter 1 ¢ Raj Ladher and Gary C. Schoenwolf

from Koller’s sickle begin to pile up at the caudal of the midline
of the area pellucida. These cells accumulate as a wedge, with
the base of the wedge at the caudal end and the apex pointing
along the midline rostrally. This wedge-like structure is the initial
primitive streak, the equivalent to the blastopore lip in the frog
and the embryonic shield in fish, that is, the structure through
which cells of the epiblast will ingress to give rise to mesoderm
and definitive endoderm. It forms just rostral to Koller’s sickle,
and this has led to the belief that Koller’s sickle acts in much the
same way as the Nieuwkoop center in Xenopus (Callebaut and
Van Nueten, 1994). As development progresses, the streak elon-
gates reaching a maximal length at about 18 hr of incubation. As
the streak reaches its maximal length, its rostral end forms a knot
of cells called Hensen’s node. Hensen’s node is the embryologi-
cal equivalent of the dorsal lip in Xenopus and the embryonic
shield in zebrafish; that is, Hensen’s node is the organizer of the
avian embryo (Waddington and Schmidt, 1933; Waddington,
1934). The role of Hensen’s node in neural induction is discussed
further in Box 1.

The Mouse Embryo

The mouse, being a mammal, has an embryo that should
be highly relevant for understanding development of the human
embryo. Nevertheless, there are some caveats that make this
model less than ideal. The fact that mouse development occurs
within the maternal uterus and that the embryo is highly depen-
dent upon its mother for respiration, nutrition, and the removal of
its waste products makes the embryo relatively unsuitable for the
kinds of embryological experimentation that have characterized
research on the other three model systems discussed above. Early
development of the mouse embryo also is peculiar in that unlike
the other three model organisms, the gastrula stage of the mouse
develops “inside-out”; that is, with its ectoderm on the “inside”
and its endoderm on the “outside.” For a schematic view of key
phases of early mouse development, see Fig. 6.

Recent advances in whole-embryo culture have substan-
tially increased the value of the mouse embryo for experimental
embryology. Consequently, cutting- and pasting-type experiments
in the mouse embryo are becoming increasingly common.
However, it is in the realm of genetic analysis that the mouse
embryo has excelled as a model organism. The ability to remove
genes, to place genes into an unnatural context and to elucidate
the genetic controls that genes are subject to, has advanced devel-
opmental biology considerably. These molecular genetic tech-
niques are introduced in this chapter where necessary; for further
information, the reader is directed to several excellent reviews
(Capecchi, 1989; Rossant et al., 1993; Soriano, 1995; St-Jacques
and McMahon, 1996; Beddington, 1998; Osada and Maeda,
1998; Stanford et al., 2001). In the subsequent section, we dis-
cuss development of the mouse up to the stage when neural
induction occurs.

The mouse oocyte is released into the oviduct from the
ovary and it is in the ampulla of the oviduct that fertilization
occurs (Cruz, 1997). Cleavage begins as the oocyte passes down
the oviduct toward the uterus. It should be noted that cleavage

occurs within the confines of the zona pellucida, the covering of
the oocyte. The zona plays an important role in regulating the site
(and time of) implantation in that until the embryo hatches from
the zona pellucida, the embryo cannot implant. If the embryo
hatches too early, then implantation can occur in the oviduct,
resulting in an ectopic pregnancy.

After the third cleavage, that is, after the eight-cell stage,
the conceptus transforms from a group of loosely arranged blas-
tomeres called a morula (Latin for mulberry) to a mass of flat-
tened and tightly interconnected cells. This change is referred to
as compaction. As a result of compaction, the blastomeres flatten
against each other at the surface of the morula, maximizing their
contact with one another, and a blastocoel appears within the
morula. As the blastocoel is forming, a small group of internal
cells appears, known as the inner cell mass, surrounded by exter-
nal cells, known as the trophoblast. With formation of the inner
cell mass and trophoblast, the morula is converted into the blas-
tocyst. Formation of these two cell types constitutes the first lin-
eage restriction that occurs in mouse development, with cells of
the trophoblast eventually forming the chorion—the embryonic
portion of the placenta—and those of the inner cell mass forming
the embryo proper and some associated extraembryonic tissue.

By the 64-cell stage, a large blastocoel has formed and the
inner cell mass is displaced to one side of the blastocyst. There is
now polarity to both the inner cell mass (a blastocoel-facing side
and a trophoblast-facing side) and the trophoblast (the polar
trophoectoderm in contact with the inner cell mass and the oppo-
site side, not in contact with the inner cell mass, the mural
trophoectoderm). This polarity plays an important role in subse-
quent development. The cells of the inner cell mass that face the
blastocoel flatten and partition themselves from the remainder of
the inner cell mass. These cells eventually form an epithelium
and represent the murine hypoblast or primitive endoderm. The
remaining cells within the inner cell mass become the primitive
ectoderm or the epiblast. The cells of the primitive endoderm
divide and some of the progeny migrate to cover the surface of
the mural trophoectoderm, where they are known as the parietal
endoderm. The cells of the primitive endoderm that remain in
contact with the inner cell mass constitute the visceral endoderm.

By 5 days after fertilization (referred to as 5 days post
coitum or 5 dpc), the blastocyst hatches from the zona pellucida
and implants into the uterine wall. During this time the polar
trophoectodermal cells have accumulated to form a pyramidal
mass of cells. The outermost surface of the mass (i.e., the surface
that faces the uterine wall) invades the uterine wall, forming the
ectoplacental cone; the remainder of the polar trophoectoderm
forms the extraembryonic ectoderm, namely, the ectoderm of
the chorion. Cells of the mural trophoectoderm also invade the
uterine walls, leaving behind the parietal endoderm. The latter
becomes adherent to a thickened basement membrane called
Reichart’s membrane. At this stage in development, the endo-
derm of the embryo proper encases an epiblastic core; during
subsequent turning of the embryo, this configuration is reversed,
so that the ectoderm comes to lie on the outside of the embryo
and the endoderm, on the inside, the typical situation present in
the other vertebrate model organisms.
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FIGURE 6. Mouse development leading up to neurulation. Diagrams of embryos at (A) morula, (B-D) blastocyst, (E) gastrula, and (F) neurula stages.
Once fertilized, the mouse embryo cleaves within the confines of the zona pellucida (zp), an extracellular membrane important in preventing premature
implantation and lost at the blastocyst stage (C). At the third cell division, the cells of the embryo undergo compaction to form the morula (A). With forma-
tion of the blastocyst (B), the inner cell mass (icm) and trophoblast can be identified; the latter becomes subdivided into mural trophectoderm (mt) and polar
trophectoderm (pt). The inner cell mass will form the embryo proper, as well as contribute to the extraembryonic tissue. The cells of the inner mass that face
the blastocoel (b) form the hypoblast or primitive endoderm. The latter gives rise to the visceral endoderm (ve) and parietal endoderm (pe; C). The remaining
cells of the inner cell mass form the epiblast (D). By the late blastocyst stage (D), the epiblast has cavitated and now forms a cylindrical structure encased in
visceral endoderm; the composite is known as the egg cylinder. The polar trophectoderm now forms a structure known as the ectoplacental cone (epc).
The primitive streak (ps) of the mouse is initiated at the caudal end of the egg cylinder, and like the chick primitive streak, it is the site of ingression of cells
that will form the mesoderm and definitive endoderm (E). The streak extends rostrally and eventually forms a knot of cells, known as the node (n), the orga-
nizer of the mouse embryo. To view embryos at this stage, the trophoblast is typically removed revealing the extraembryonic ectoderm (ee) and cup-shaped
blastoderm containing epiblast on the inside of the cup and endoderm on the outside (E). At neurula stages (F), the neural plate (np) has formed and the body
plan is apparent. The neural folds jut forward as the head folds (hf). Two extraembryonic membranes are visible at this stage: the amnion and allantois (al).
The former encloses the developing embryo within the amniotic cavity (ac). Modified from Cruz (1997).

As implantation is occurring, the epiblast (i.e., the primi-
tive ectoderm) cavitates to form the amniotic cavity, and growth
transforms the conceptus into the egg cylinder. It is likely that the
constraints of the uterine wall cause the epiblast (and adherent
visceral endoderm) to assume this shape, reminiscent of a round-
bottomed shot glass. During gastrulation, the epiblast will give
rise to the embryo proper and also to the extraembryonic
mesoderm (of the allantois and chorion).

Gastrulation of the mouse embryo commences with the
formation of the primitive streak, at around 6 dpc, in the epiblast.
It is during these stages that similarities with chick gastrulation
become apparent. Like in the chick embryo, epiblast cells
migrate through the primitive streak to form the mesoderm and
definitive endoderm. As development proceeds, the streak elon-
gates until, at 7.5 dpc, it reaches its maximal length. The distal tip
of the streak is known as the node, the equivalent of Hensen’s
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node in the chick, the dorsal lip in amphibians and the embryonic
shield in fish; the node shares many of the same properties as the
organizer in the other models and as such, it constitutes the
murine organizer (Beddington, 1994; see also Box 1). The cells
that migrate through the node become axial tissues, whereas
those emanating from the rostral streak just caudal to the node
give rise to paraxial mesoderm and endoderm. The definitive
endoderm, as in the chick, displaces the hypoblast/visceral endo-
derm rostrally during its formation. The rostral displacement of
the visceral endoderm plays an important role in the patterning
of the embryo, which is more fully described in the subsequent
chapter, with the anterior visceral endoderm acting in the gener-
ation of the forebrain (Thomas and Beddington, 1996), and the
node acting in the induction of the neural plate caudal to the level
of the midbrain.

NEURAL INDUCTION

The identification of the organizer prompted a vigorous
search for the biochemical nature of the neural-inducing signal, a
quest that has lasted over 75 years. In the intervening period,
studies were undertaken to address the nature of the inducing sig-
nal. Unsurprisingly, virtually all of the work was performed in
amphibian embryos; their heritage, ease of culture, and estab-
lishment (through the work of Spemann and Mangold) of a sim-
ple assay for neural induction made the choice straightforward.

One of the main controversies was whether the induction
signal acted vertically, emanating from the involuted dorsal
mesoderm and acting upon the overlying ectoderm, or whether
the signal acted in the plane of the ectoderm, emanating from the
dorsal ectoderm prior to its involution into the interior of the
embryo during gastrulation. Spemann’s subsequent experiments
suggested that the vertical signaling predominated. Using the
“einsteckung” method, he inserted the organizer into the blasto-
coel of the embryo, finding that a secondary axis could be
induced (Geinitz, 1925). Extending these results, he found that
whereas dorsal mesoderm was able to induce a secondary axis,
dorsal ectoderm could not (Marx, 1925). In subsequent experi-
ments, Holtfreter found that when the animal ectoderm was
wrapped around pieces of notochord, neural tissue was induced
(Holtfreter, 1933a). Similar experiments in the chick (Smith and
Schoenwolf, 1989; van Straaten et al., 1989) showed that the
notochord acts vertically on the overlying ectoderm. This
strengthened the argument for vertical signals emanating from
the dorsal axial tissue. Holtfreter also devised an experimental
scheme unique to amphibian embryos (Holtfreter, 1933b). When
blastulae are placed in a high salt solution, cells do not involute
into the interior during gastrulation; instead, they expand out-
ward to form what is known as an exogastrula—a mass of meso-
derm and endoderm attached to an empty sac of ectoderm. In
such cases, vertical signals cannot occur, as the two tissues are
never juxtaposed vertically. Holtfreter found that no morpholog-
ically recognizable neural tissue was present in exogastrulae,
indicative of the need for vertical signaling. This experiment has
revisited using molecular markers. Kintner and Melton (1987),

using Xenopus embryos, found that although the neural tissue
was not morphologically apparent, neural markers such as
N-CAM could be detected. This led to the argument that a planar
signal initiated neural induction. An alternative explanation
is that the dorsomost mesoderm and endoderm of Xenopus is
placed under the dorsal blastopore lip during pre-gastrula
movements; thus, these cells are in a position to signal vertically
even in exogastrulae (Jones et al., 1999). Unfortunately, there are
currently little data distinguishing planar from vertical signaling
in amniotes; however, the current thinking is that both modes of
neural induction can occur.

Although much headway has been made into the identifi-
cation of the tissues producing the neural-inducing signal, as well
as the timing of neural induction, the identity of the inducing
signal remained elusive. In early studies, it was discovered that
neural induction could be initiated by a variety of tissues, rang-
ing from the extract of a fish swim bladder to guinea pig bone
marrow (Grunz, 1997). This proved quite exciting; perhaps,
it would be easier to purify the signal from adult tissue, which
was present in far greater mass and lacked yolk, which made
amphibian tissues difficult for biochemical purification studies.
Tiedemann showed that the phenol phase of an extract of an
11-day chick embryo was able to neuralize animal caps, demon-
strating that proteins were the likely candidate for the inducing
signal (Tiedemann and Tiedemann, 1956). Saxén (Saxén, 1961)
and Toivonen (Toivonen and Wartiovaara, 1976) separated orga-
nizers juxtaposed to animal caps by using filters that excluded
cell—cell contact. Their results showed that neuralization could
still occur in the absence of direct cell—cell contact, indicating
that the responsible protein was diffusible.

This is not quite the case in Xenopus. The Xenopus animal
cap is resistant to induction by “nonspecific” neural inducers
(Kintner and Melton, 1987), and it is also resistant to auto-
neuralization; however, these attributes have been more of an asset
than a liability, as Xenopus tissues allow a more stringent test of
candidate neural inducers. Thus, most modern studies on the mol-
ecular nature of the neural-inducing substance have used this
amphibian and have relied heavily on the animal cap assay (Fig. 7).

The Default Pathway

As discussed below, neural fate is a default state, resulting
from an inhibition of a non-neural fate within the ectoderm.
There are some layers of complexity, but the majority data that
have been gathered so far points to an inhibition of the inducing
signal for the non-neural ectoderm. This is clearly true for
amphibian (Xenopus) neural induction. However, the case for
antagonistic signals inducing the nervous system of chickens and
mice is less clear.

An indication that the neural fate may be a default one in
the amphibian came from a number of studies where the Xenopus
blastula animal cap was dissociated into single cells (Godsave
and Slack, 1989; Grunz and Tacke, 1989; Sato and Sargent,
1989). By culturing the animal cap in media free of calcium and
magnesium ions, the animal cap dissociates into a suspension of
cells. If the ions are immediately added back, the animal cap cells
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FIGURE 7. Neuralization of the Xenopus animal cap. Shown are the effec-
tors required to cause the isolated animal cap of a blastula-staged Xenopus
embryo to change its fate from epidermal to neural. Modified from Wilson
and Edlund (2001).
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reassociate and form epidermis, similar to the intact cap. If the
reassociation is delayed, the fate of the animal cap cells once they
are reassociated is neural. These results suggested that intact
blastula animal caps had an activity that maintained non-neural
character, an activity that was diluted out during dissociation.
Grunz also made the finding that this activity was located in the
extracellular matrix (Grunz and Tacke, 1990).

Noggin was first isolated as an activity able to rescue
dorsal development in Xenopus embryos that had been ventral-
ized by UV irradiation of the vegetal pole (Smith and Harland,
1992). Using in situ hybridization, noggin was found to be
expressed first in the dorsal mesoderm and later in the notochord
of the embryo. Both places had already been defined as sites of
the neural-inducing signal. That the molecule was secreted, made
its involvement in neural induction more likely. This role was
confirmed when Lamb and Harland incubated Xenopus animal
caps in a simple salt solution containing purified noggin protein
(Lamb et al., 1993). These caps changed their fate from epider-
mis to neural. What made the activity of noggin unique was that
it was able to directly induce the animal cap to become neural,
without the concomitant induction of mesoderm. The induction
of mesoderm and neural tissue had already been described for
activin, a member of the TGF-$ family (Box 2). In fact, the next
neural inducer identified was a known inhibitor of activin activ-
ity, follistatin (Hemmati-Brivanlou et al., 1994). Like noggin, it
was able to directly induce neural tissue in animal caps. The fact

BMP-2 and BMP-4 are members of the TGF- superfamily, a group
with a large number of members and with diverse functions during
development. The transduction pathway of these genes has become
well known and what follows is a simplified description of the com-
ponents of the pathway. For a more in-depth review of the transduction
pathway, the reader is directed to a number of excellent reviews on the
subject (Massagué and Chen, 2000; von Bubnoff and Cho, 2001;
Moustakas and Heldin, 2002; Fig. 8).

Transduction of the BMP signal involves two kinds of serine/threo-
nine receptors, the type 1 and type 2. The ligand binds preferentially to
the type 1 receptor, causing a conformational change that allows the
association of the type 2 receptor. The juxtaposition of the type 2 recep-
tors results in its phosphorylation of the type 1 receptor within the key
glycine/serine (GS-rich) domain (Wrana et al., 1994). The phosphory-
lation of the type 1 receptor causes the recruitment of Smad to the
plasma membrane (Liu et al., 1996). There are a number of Smad mol-
ecules in the cell, and they form two distinct classes (Attisano and Tuen
Lee-Hoeflich, 2001). The receptor-regulated Smad or R-Smads, asso-
ciate with the type 1 receptor via an adaptor protein, Smad Anchor for
Receptor Activation (SARA) (Tsukazaki et al., 1998). In fact, the
R-Smads themselves can be split into two subclasses; Smad2 and
Smad3 transduce responses elicited by activin or TGF-B signals,
whereas Smadl, Smad5, and Smad8 generally transduce the BMP
response (Attisano and Tuen Lee-Hoeflich, 2001). The association
between Smad and the type 1 receptor results in the serine phosphory-
lation of the R-Smad, releasing it from the SARA/type 1 receptor com-
plex. The phosphorylated R-Smad can now associate with the second
class of Smads, the Co-Smad, usually Smad4, or additionally in
Xenopus, Smadl0. The R-Smad/Co-Smad complex results in the

BOX 2. The BMP Signaling Pathway

nuclear translocation of these molecules (Lagna et al., 1996). Once in
the cytoplasm, the Smads complex acts as coordinators for the assem-
bly of a number of transcription factors and thereby modulates the tran-
scription of specific genes.

The BMP signal transduction pathway is also subjected to intra-
cellular antagonism, an aspect that provides negative feedback for
BMP activity. As well as the R-Smads that are responsible for activat-
ing BMP responsive genes, there are at least two inhibitory Smads
(I-Smads), Smad6 and Smad7, which associate with the type 1 recep-
tor to prevent the binding of the R-Smad/SARA complex (Imamura
et al., 1997; Tsuneizumi et al., 1997; Inoue et al., 1998; Souchelnytskyi
et al., 1998). It seems that the expression of [-Smad is induced by BMP
activity itself (Nakao et al., 1997; Afrakhte et al., 1998). Another intra-
cellular inhibitor is BMP and Activin Membrane Bound Inhibitor
(BAMBI). BAMBI shows considerable sequence homology to the
BMP receptors, but lacks the intracellular kinase domain, making it a
naturally occurring dominant negative receptor (Onichtchouk et al.,
1999). Homologues have been identified in mouse (Grotewold et al.,
2001), humans (Degen et al., 1996), and zebrafish (Tsang et al., 2000).
The expression pattern correlates well with the expression of BMP-2
and BMP-4, and indeed BAMBI is induced by BMP-4 expression and
is lost in zebrafish mutant for bmp-2b (Tsang et al., 2000).

Another feature of the BMP pathway is its ability to intersect with
other signaling pathways (von Bubnoff and Cho, 2001). Particularly
pertinent to this consideration of neural induction is the interaction,
within the cell, with signaling from the fibroblast growth factor (FGF)
family of molecules and the wingless/wnt group. Both can negatively
influence BMP activity, and this is particularly germane to the role of
these factors in the induction of the nervous system in amniotes.
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FIGURE 8. The BMP signal transduction pathway. BMP activity specifies the ectoderm as epidermal; its inhibition (e.g., by binding to a soluble inhibitor-like
chordin) leads to neural induction. Ligand binding induces the type I and type II receptors to associate and causes the phosphorylation of the intracellular
intermediate R-Smad, held in place by the adaptor molecule SARA. R-Smad is now free to associate with a Co-Smad, causing translocation into the nucleus,
where the complex participates in the transcriptional modulation of a number of genes. Modified from von Bubnoff and Cho (2001).

that follistatin, an inhibitor of TGF-$ signaling, was able to
induce neural tissue suggested that inhibition of a pathway
involving perhaps activin was responsible for the induction of
neural ectoderm. These data were supported by studies using a
truncated receptor for activin. RNA encoding the activin receptor
lacking the transducing, cytosolic domain but with the extracel-
lular and transmembrane domains, acts as a dominant negative,
that is, although ligand binding can occur, it is unable to elicit a
response (Hemmati-Brivanlou and Melton, 1992). As this modi-
fied molecule is present in far excess of the wild-type molecule,
it has the effect of sequestering the ligand. Animal caps that
express the dominant negative, truncated activin receptor follow
a neural pathway of differentiation (Hemmati-Brivanlou and
Melton, 1994).

This led to somewhat of a paradox. Though it seemed that
neural induction was a result of activin inhibition, activin itself
induced mesoderm and neural ectoderm. In actuality, the activin
receptor used by Hemmati-Brivanlou and Melton was not
specific for activin; rather it recognized other members of the
TGF-B superfamily (Hemmati-Brivanlou and Melton, 1994). As
the truncated receptor also induced dorsal mesoderm, rather than
recognizing activin, another TGF-f family member active on the
ventral side of the embryo could be the native ligand.

BMP-2 and BMP-4, members of the TGF-f superfamily,
are both expressed in the ventral part of the embryo (Dale et al.,
1992; Jones et al., 1992). Consequently, their potential role in
neural induction was placed under scrutiny, which grew more

intense with the discovery of chordin, another secreted molecule
capable of inducing neural tissue. Chordin was discovered by
virtue of its expression in Spemann’s organizer. Later, it is
expressed in the axial tissue of the prechordal mesoderm and
notochord, all structures capable of neural induction (Sasai ef al.,
1994). Examination of the primary sequence of chordin provided
further insight into the mechanism of neural induction. It was
found that chordin shows considerable homology to the fruit fly
Drosophila gene short of gastrulation (sog). Genetic analysis in
Drosophila had already shown that sog acted as an antagonist to
another gene, decapentaplegic (dpp), which is homologous to the
vertebrate genes BMP-2 and BMP-4. The similarities with flies
are not limited to the sequence (Holley et al., 1995). In flies,
eliminating dpp converts the epidermal cells of the fly into
neuroectoderm. Overexpression of dpp changes the fate of
neuroectodermal cells into epidermal (Biehs ef al., 1996). In the
amphibian, BMP-4 is also expressed in the non-neural ectoderm,
consistent with it being an epidermal inducer. Moreover, when
BMP-4 is added to dissociated animal cap cells, neural induction
is prevented regardless of how long reassociation is delayed
(Wilson and Hemmati-Brivanlou, 1995). Overexpressing BMP-4
RNA on the dorsal side of the embryo results in an embryo with
a loss of neural ectoderm. However, it should be noted that
dorsal mesoderm, the primary neural-inducing tissue, is also
missing (Dale et al., 1992; Jones et al., 1992). The data pointed
to neural induction occurring by inhibition of the BMP pathway,
and indicated that perhaps not only chordin, like its Drosophila



counterpart sog, but also noggin and follistatin acted as antago-
nists of BMP activity. Indeed chordin, noggin, and follistatin bind
to BMP-4 and the closely related BMP-2 (Piccolo et al., 1996;
Zimmerman et al., 1996; lemura et al., 1998), and from genetic
analysis in Drosophila, where chordin or noggin were ectopically
expressed in various fly mutants in components of the BMP path-
way, the site of action of chordin and noggin was placed upstream
of the receptor, in the extracellular matrix (Holley et al., 1995,
1996). An additional number of extracellular, secreted antagonists
of BMP activity have been found. These molecules, such as
Cerberus, Gremlin, and Xnr-3 (Xenopus nodal related-3), all
induce neural fates in the animal cap of the Xenopus embryo
(Smith et al., 1995; Bouwmeester et al., 1996; Hsu et al., 1998).

Further support for the idea that BMP inhibition is ger-
mane to the induction of neural tissue came from inhibiting the
intracellular components of the BMP signal-transduction path-
way (Box 2). As well as the truncated activin receptors, acting as
dominant negative forms of the endogenous receptor, which have
been shown to bind BMP-2 and BMP-4, negative forms of the
Smad molecules have been shown to promote neural differentia-
tion in the animal cap (Liu et al., 1996, Bhushan et al., 1998).
Indeed, even negative forms of the transcription factors that form
the nuclear response to BMP signaling have been shown to neu-
ralize the animal cap (Onichtchouk et al., 1998; Trindade et al.,
1999). Many of these experiments have been repeated in the
zebrafish embryo, with similar, if not identical, results (e.g., Imai
etal., 2001).

Complexities and Questions

That BMP inhibition, emanating from the organizer, is
responsible for neural induction has been well demonstrated in
anamniote (fish and frog) embryos. However, the data from the
chick and mouse are confusing and challenge this idea.

Is the Organizer Responsible for
Neural Induction?

The role of the chick and mouse equivalents of the
organizer—Hensen’s node and the node, respectively—in neural
induction has been questioned over the years. In the chick, neural
induction can occur even after the node is surgically ablated
(Waddington, 1932; Abercrombie and Bellairs, 1954). This result
was interpreted as showing that Hensen’s node, though sufficient
for neural induction, was not necessary. However, subsequent
studies have shown that after extirpation, the node is reconsti-
tuted quickly owing to a series of complex inductive interactions
(Yuan et al.,, 1995; Psychoyos and Stern, 1996; Yuan and
Schoenwolf, 1998, 1999; Joubin and Stern, 1999). Genetic abla-
tion of the node and notochord in the mouse and fish also has lit-
tle effect on the induction of neural tissue (Gritsman ef al., 1999;
Klingensmith et al., 1999). Recently, it has become clear that
neural induction in all vertebrates occurs earlier than previously
thought, beginning before the appearance of a morphologically
distinct organizer. For example, in chick, neural induction begins
before the appearance of Hensen’s node, as determined by the
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stage at which explants of prospective neural ectoderm first
express neural markers (Darnell et al., 1999; Wilson et al., 2000).
In Xenopus, neural induction is initiated before gastrulation.
Using the clearance of the expression of components of the BMP
signaling pathway as a marker for when neural induction is
occurring, it has been shown that neural induction occurs during
late blastula stages of Xemopus embryogenesis (Hemmati-
Brivanlou and Thomsen, 1995; Faure et al., 2000).

In fish containing the mutation one-eyed-pinhead (oep),
the embryonic shield and dorsal mesoderm do not form. Despite
this, these mutants still express chordin, indicating that some
neural-inducing activity still persists (Gritsman et al., 1999). The
situation in the mouse HNF-33 mutant is more striking. Even in
the absence of a node and axial mesoderm, and despite the lack
of expression of many markers of the mouse organizer, the
rostral streak, from which the node derives, is still capable of
neural induction (Klingensmith et al., 1999).

Is BMP Inhibition Sufficient for Neural Induction?

Experiments again in the chick first questioned the
hypothesis that BMP inhibition mediates neural induction. Streit
and coworkers showed that neural tissue could not be induced by
clumps of noggin- or chordin-expressing cells, even though
grafts of Hensen’s node in parallel experiments induced neural
tissue (Streit ef al., 1998). In the same study, Streit et al. (1998)
showed that cells expressing BMP-2 or BMP-7 failed to inhibit
neural plate formation. However, Wilson and coworkers showed
that BMP-4 was able to induce epidermis in explants of the chick
embryos fated to become neural ectoderm (Wilson et al., 2000).
The difference between these sets of data seem to be the stage at
which the experiments were performed, with the experiments
using expressing cells being done at mid-gastrula stages, and the
explant-induction experiments being done at blastula to early-
gastrula stages. In the mouse, null mutants of BMP-2 (Zhang and
Bradley, 1996), BMP-4 (Winnier et al., 1995), and BMP-7
(Dudley et al., 1995) do not alter their pattern of neural induc-
tion. However, there is probably functional redundancy between
these molecules, with one compensating for the loss of another
(Dudley and Robertson, 1997). Compound mutants have not yet
been established to address this issue.

The expression patterns in the chick of the BMP inhibitors
noggin, follistatin, and chordin are not strictly correlated with tis-
sues that contain neural-inducing ability (Connolly et al., 1995,
1997, Streit et al., 1998). Taken with the data from mice doubly
mutant for noggin and chordin, which still have neural tissue
(Bachiller et al., 2000), this seems to indicate that BMP inhibi-
tion is not required for neural induction in amniotes. However, as
discussed above, there are other inhibitors of BMP signaling,
both extracellular and intracellular, which may account for neural
induction (von Bubnoff and Cho, 2001; Mufioz-Sanjuan and
Hemmati-Brivanlou, 2002). For example, support for the idea
that BMP inhibition induces neural character in the chick embryo
comes from an inspection of the localization of phosphorylated
Smadl, -5, and -8. Using an antibody that recognizes the
activated form of these Smads as an indication of BMP signaling,
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Faure et al. (2002) showed that there is no BMP signaling
activity in the forming neural plate. An argument has also been
made that BMP inhibition merely stabilizes and reinforces neural
cell fates, and that other families of signaling molecules are the
primary neural inducers (Streit and Stern, 1999). Until the full
complement of molecules that can induce neural tissue is known,
and a full understanding of the signaling networks is understood,
this question will not be fully resolved.

The Role of Other Signals in Neural Induction
Fibroblast Growth Factors (FGF)

Both the FGF family and the wnt family have been shown
to play a role in the induction of neural tissue. This role is distinct
from their roles in patterning of the neural tube, which are dis-
cussed in the subsequent chapter. In Xenopus, FGF can actually
induce neuralization of animal cap cells that have undergone
brief dissociation, a procedure that diminishes the amount of
BMP activity (Kengaku and Okamoto, 1993). Furthermore,
blocking FGF signaling using a truncated FGF receptor makes
the animal cap refractory to neuralization by low amounts of
chordin (Launay et al., 1996). In chick, the role of FGF in neural
induction has received considerable attention. Streit et al. (2000)
reported that an FGF-responsive gene, Early Response to Neural
Induction (ERNI), marks the territory in the chick epiblast fated
to become neural, and it rapidly induced FGF expression. By
using an FGF receptor antagonist, SU5402, Wilson ef al. (2000)
showed that neural differentiation could be blocked in chick
epiblast explants normally fated to become neural ectoderm.
The exact role of the FGF pathway in neural induction is unclear.
Some of the data point to a role for FGF signaling in aiding the
clearance of BMP activity from the neural plate; indeed, down-
stream effectors of the FGF pathway have been shown to inhibit
the nuclear accumulation of the R-Smad/Co-Smad complex
(Kretzschmar et al., 1997, 1999). FGF may also induce neural
tissue by a mechanism independent of BMP inhibition. An inves-
tigation of Smad10, a Co-Smad, in Xenopus, has yielded some
relevant data (LeSeur et al., 2002). Smad10, a component of the
BMP signaling pathway, actually induces neural tissue within the
animal cap. More surprisingly, by removing Smadl0 protein
using antisense oligonucleotides, neural tissue is never formed in
the affected embryos. Using co-injection studies, it has been found
that Smad10 cannot inhibit the BMP pathway, indicating some
other mechanism for its function. One such mechanism is the
identification of a site in the Smad10 protein that becomes phos-
phorylated and activated as a result of FGF signaling (LeSeur
et al., 2002).

An alternative view suggests that FGF signaling provides
the ectoderm with competence to become defined as neural.
There is precedence for this; Cornell et al. (1995) have shown
that FGF signaling acts to define the competence of tissue to
respond to mesoderm induction by TGF-3 signals in Xenopus,
the very same tissue that can respond to neural-inducing signals.

In fact, it is likely that both a competence-defining role
early in development and a later neural-stabilizing role will be

shown for the FGF family. However, like many of the controver-
sies surrounding neural induction, we will have to wait until all
the players and the way they interact are known before adequate
resolution can be achieved.

Wnts

The role of the wnt family of molecules has also been
investigated during the induction of neural ectoderm. In the
chick, wnt overexpression converts the epiblast fated to become
neural to become epidermal (Wilson et al., 2001). Conversely, in
presumptive epidermal tissue fated to form epidermis, wnt inhi-
bition causes the explant to take on a neural fate. In addition, at
a sub-threshold concentration of wnt inhibitors, below the level
required for neural induction in the epidermal epiblast explants,
BMP inhibition and FGF signaling were able to induce neural
ectoderm. One proposed mechanism is that wnt signaling causes
an upregulation of BMP expression (Wilson et al., 2001), and
thereby induces epidermal fate, although in Xenopus, additional
data suggest that wnt expression downregulates BMP expression
(Baker et al., 1999; Gomez-Skarmeta et al., 2001). However,
wnt signaling may also regulate the strength of the transduced
BMP signal via activation of the calmodulin/Ca’?* pathway
(Zimmerman et al., 1998; Scherer and Graff, 2000). This may
explain why BMP inhibition cannot induce neural tissue in
epidermal epiblast explants. If the level of abrogation of BMP
signaling is not complete, the sensitized transduction pathway
can still receive an input, resulting in epidermal cell fates. If,
however, wnt signaling is also inhibited, reception is desensitized
and when combined with BMP inhibition, can lead to neural cell
fates. Interestingly, two naturally occurring inhibitors of wnt sig-
naling, FrzB and Sfrp-2, are expressed in the presumptive neural
plate at around the stages that neural induction has been proposed
to be occurring (Ladher et al., 2000).

Insulin-Like Growth Factor

The insulin-like growth factor (IGF) family can also neu-
ralize the Xenopus animal cap (Pera et al., 2001). The necessity
for IGF signaling has also been shown using a truncated IGF
receptor. In these embryos, neural induction mediated by noggin
is inhibited. The authors propose that the IGF pathway may act
downstream of BMP inhibition during neural induction, and
that as well as a passive role for BMP inhibition, neural induction
may not be a default as previously thought. Instead, it may also
require an active signal, induced as a result of BMP inhibition.

Summary of the Molecular Events of
Neural Induction

As discussed above, the main mechanism by which the
neural ectoderm is induced is via the inhibition of the BMP
pathway. Other factors do play a role, namely the FGF family and
the wnt family. As yet it is unclear what the exact roles of these
molecules are, whether they are required as competence factors
or whether they act to aid the clearing of BMP signals and their
reception from the neural plate.



Once induced, the neural ectoderm—also known at this
juncture as the neuroepithelium—still has a daunting journey
ahead of it to form the central nervous system: it must roll up into
a tube, which is subsequently patterned. We will describe in the
next section the mechanism by which the specified neural ecto-
derm becomes a tube; other chapters later in this book deal with
the elaboration of the neural tube into the adult central nervous
system.

NEURULATION

The process of neural induction results in a plate of cells
running along the rostrocaudal length of the embryo. The medial
part of the neural plate will eventually form the ventral part of the
neural tube, and the lateromost edges will be brought together to
form the dorsal part of the tube during the process of neurulation.
The end result of neurulation is a hollow nerve cord.

Neurulation can be subdivided into a number of events,
each requiring different interactions. First, neurulation occurs in
two phases called primary and secondary neurulation. When one
speaks of neurulation, they are typically referring to primary
neurulation, a process that occurs in four stages defined as for-
mation, shaping, and bending of the neural plate, and closure of
the neural groove (Figs. 9 and 10). Each stage will be described
in turn. This discussion focuses primarily on the chick embryo,
as most of the mechanistic studies have been performed on this
embryo. For a more in-depth discussion, the reader is directed to
several reviews (Schoenwolf and Smith, 1990; Smith and
Schoenwolf, 1997; Colas and Schoenwolf, 2001).

Formation of the Neural Plate

The neural plate is a thickened region of the ectoderm
located medially within the embryo. The thickening forms by an
apicobasal elongation of ectodermal cells, an action known as
cell pallisading. The thickening of the neural plate is not a result
of an increase in the number of cell layers; the neuroepithelium
remains pseudostratified (see Fig. 9A). It has been shown that
thickening of the neural plate is an intrinsic property of the ecto-
dermal cells once they have been induced as neural (Schoenwolf,
1988).

Shaping of the Neural Plate

During shaping, different cell behaviors convert the neural
plate from a relatively short (in the rostrocaudal axis) and squat
(wide in the mediolateral plane) structure to one that is long and
narrow (see Fig. 10). This results from a combination of contin-
ued cell elongation, convergent extension, and cell division, as
well as the caudalward regression of the primitive streak
(Schoenwolf and Alvarez, 1989; Schoenwolf et al., 1989).

Neuroepithelial cells continue their apicobasal elongation
during shaping, a process initiated shortly after neural induction
and resulting in formation of the neural plate. As a result of
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cell elongation, a concomitant narrowing of the neural plate occurs,
as neural plate cells maintain their individual volumes. Convergent
extension movements further exaggerate the narrowing of the
neural plate; that is, cells of the neural plate intercalate in
the mediolateral plate, effectively causing the neural plate
to lengthen rostrocaudally while narrowing simultaneously.
Cell division also contributes to the lengthening of the neuro-
epithelium; about half of the division planes are oriented such
that they place the daughter cells into the length of the neural
plate rather than adding to its width (Sausedo et al., 1997).
Isolation experiments have shown that the cell behaviors causing
shaping of the neural plate are autonomous to the neural plate. In
other words, such changes in cell behavior within the neural plate
generate intrinsic forces for its shaping. However, for the shaping
of the neural plate to occur completely normally, normal gastru-
lation movements also must occur, as the axis develops in the
wake of the regressing Hensen’s node.

Bending of the Neural Plate

Bending involves the establishment of localized deforma-
tions of the cells of the neuroepithelium and the subsequent ele-
vation of the two flanks of the neuroepithelium, converting it
from the neural plate to the neural groove. Bending is actually
driven by two distinct types of movement: furrowing and folding
(Colas and Schoenwolf, 2001). Furrowing is a behavior intrinsic
to the hinge points within the neuroepithelium. There are three
hinge points within the neural plate: a single median hinge point,
found along the neuroaxis (except at the future forebrain level)
and coincident with the floor plate of the neuroepithelium; and
the paired (right and left) dorsolateral hinge points, found pri-
marily at levels where the brain will form (Fig. 11; Schoenwolf
and Franks, 1984). Neuroepithelial cells within the hinge points
undergo wedging, that is, apical constriction with a concomitant
basal expansion, driven in part by the basalward interkinetic
movement of the nucleus (see Fig. 11; Smith and Schoenwolf,
1987, 1988). This acts not only to deform the neuroepithelium,
creating a furrow, but it also provides points around which
the neural plate can rotate during folding; that is to say, true to
their nomenclature, the hinge points do act like hinges during
neurulation.

Folding is a more complicated process and is driven by the
non-neural ectoderm. The net result is rather like closing a pair
of calipers. The easiest way to close calipers is to apply a force
laterally at the tip of the calipers, and eventually the tips will
meet, folding around the hinge. Like calipers, the neural plate
elevates and folds by forces generated laterally in the non-neural
ectoderm. This force results, in part, from cell shape changes in
the non-neural ectoderm (Alvarez and Schoenwolf, 1992;
Sausedo et al., 1997). These cells undergo apicobasal flattening,
thus effectively increasing their surface area. Folding itself can
be divided into three distinct events (Fig. 12), occurring while the
lateral epithelium provides a medialward force (Lawson ef al.,
2001). The first is epithelial kinking, where cells at the interface
between the neural and non-neural ectoderm deform, with each
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FIGURE 9. Whole mounts (for orientation; transverse lines indicate levels of cross-sections identified by long arrows) and scanning electron micrograph
cross-sections of the neuroepithelium during neurulation. Shown are changes in the neuroepithelium that occur during the (A) formation, (B, C) shaping, and
(A—C) bending of the neural plate, and closure of the neural groove (C, D). Details are provided in the text. dlhp, dorsolateral hinge point; e, endoderm; ee,
epidermal ectoderm; fg, foregut; hm, head mesenchyme; mhp, median hinge point; n, notochord; nf, neural fold; nt, neural tube; arrows (D), neural crest cells.

Modified from Schoenwolf (2001).
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FIGURE 10. Whole mount embryos viewed from their dorsal side during neurulation. A—E indicate progressively older, yet partially overlapping, stages of
neurulation, beginning with (A) formation of the neural plate, (B-E) shaping of the neural plate, (B—E) bending of the neural plate, and (D, E) closure of the
neural groove. The neuroepithelium at the time of its formation is a relatively short and squat structure, as seen in surface view. However, during convergent
extension movements that commence concomitant with regression of Hensen’s node, the neural plate lengthens rostrocaudally and narrows mediolaterally. hn,
Hensen’s node; nf, neural fold; ng, neural groove; np, neural plate; ps, primitive streak; dashed lines, lateral borders of neural plate. Modified from Smith and

Schoenwolf (1997).

FIGURE 11. Cell behavior in the neural plate during its bending. Shown is a
diagram of a cross-section through the neural tube during bending. Highlighted
(darker shading) are the three hinge points: the median hinge point (asterisk),
coincident with the floor plate of the neural tube, and the dorsolateral hinge
points (double asterisks), found in the future brain level of the neuroaxis. ee,
epidermal ectoderm; n, notochord; arrows, directions of expansion of the
epidermal ectoderm. Modified from Schoenwolf and Smith (1990).

forming an inverted wedge that is apically expanded and basally
constricted. The next step is epithelial delamination. This
involves the deposition of extracellular matrix at the neural fold
interface (i.e., the space between the two ectodermal layers of
each neural fold) and a re-orientation of neural and non-neural
cells around the interface, such that their basal surfaces abut.
The final step is epithelial apposition, which occurs in the brain

region. This is essentially a rapid expansion of the neural folds,
with extension of the area of epithelial delamination in the
mediolateral plane and further deposition of extracellular matrix
along the expanding width of the neural fold interface.
Additionally, the non-neural ectoderm intercalates and undergoes
oriented cell division, thereby contributing to the mediolateral
forces generated in the epidermal ectoderm.

Tissue isolation experiments have been used to identify the
cell types responsible for generating the forces of folding
(Schoenwolf, 1988). Removal of the lateral, non-neural ectoderm
results in the loss of folding, but furrowing of the neural plate
within the hinge points still occurs (Hackett et al., 1997). If the
mesoderm and endoderm lateral to the neural plate are removed,
but leaving the non-neural ectodermal layer intact, both folding
and furrowing occur (Alvarez and Schoenwolf, 1992). Thus, the
non-neural ectoderm is both necessary and sufficient for folding
to occur.

Closure of the Neural Groove

Bending brings the tips of the neural folds into close
contact at the site of the dorsal midline of the embryo. During
closure, the two tips attach and fuse. Each component of the tip
must fuse correctly, such that the non-neural epithelium forms
a continuous sheet overlying the newly formed roof plate of
the neural tube and the associated neural crest. The exact
mechanism of this concluding step of neurulation is not well
understood, and the molecules that mediate adhesion, epithelial
breakdown, and fusion are not known.
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Epithelial Kinking

A
nf
np
ee
B Epithelial Delamination
nf

dlhp

C Epithelial Apposition

FIGURE 12. Formation of the neural folds. The scanning electron micrographs and accompanying diagrams highlight the formation and morphogenesis of
the neural folds, in particular, (A) epithelial kinking, (B) delamination, and (C) (in the brain region) apposition. dlhp, dorsolateral hinge point; ee, epidermal
ectoderm; nf, neural folds; np, neural plate; dashed lines, interface between the two ectodermal layers of the neural fold. Modified from Lawson ef al. (2001).

Secondary Neurulation

At caudal levels of the neuraxis of birds and mammals
(e.g., the lumbar and sacral regions), the neural tube develops in
a manner distinct from more rostral regions. Caudal neural tube
formation occurs through a process known as secondary neuru-
lation. Rather than the rolling up of a flat plate of cells, as is the
case in primary neurulation, secondary neurulation consists of
the cavitation of a solid epithelial cord of cells in the tail of the
embryo.

Secondary neurulation begins when cells within the tail
bud condense to form an epithelial cord of cells, known as the
medullary cord (Schoenwolf, 1979, 1984; Schoenwolf and
DeLongo, 1980). The outer cells of the medullary cord then
undergo elongation, forming a pseudostratified columnar epithe-
lium similar to that of the neural plate during primary neurula-
tion. This pseudostratified epithelium then becomes polarized,
resulting in the formation and fusion of small lumina at the
apices of the outer layer, around a central core of mesenchymal
cells. These inner cells are removed during cavitation, by cell
rearrangements and perhaps limited apoptosis. Cavitation results
in the formation of a single, secondary lumen, which will join
with the primary lumen of the rostral neural tube.

SUMMARY

The future central nervous system is derived from an
unspecified sheet of ectoderm, with fate being instructed by sig-
nals emanating, in the main, from a specialized region of the
early embryo, the organizer. The organizer secretes signals that
have the net effect of inhibiting the BMP pathway, be it by extra-
cellular antagonism or by intracellular modulation of the ability
of the cell to perceive BMP signals. Other factors also play a role
in neural induction, for example, the FGF family of molecules,
but their exact role in neural induction remain unknown. As more
players are identified in what undoubtedly will be a signaling
network leading to neural induction, the exact molecular mecha-
nism of neural induction can be established.

Once induced, the neuroepithelium rolls into the neural
tube. One model, and one that has gained widespread acceptance,
is the hinge point model. In this model, both extrinsic (i.e., out-
side the neural plate) and intrinsic forces cooperate and synergize
in bending the neural plate. Although the cellular behaviors of
much of this process have been well characterized, the molecular
bases for these behaviors have so far proved elusive. The
relationship between induction of the neuroepithelium and its



subsequent morphological movements is of particular interest to
the developmental neurobiologist.
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Cell Proliferation in the Developing

Mammalian Brain

R. S. Nowakowski and N. L. Hayes

Stem cells—Cells that can produce neurons, glia, progenitor cells
and also more stem cells.

Progenitor cells—Cells that can produce one lineage (e.g., neu-
rons or glia) and more progenitor cells. In some systems the dis-
tinction between progenitor and stem cells may be a matter of
degree of “stemness” (Blau et al., 2001).

Neurogenesis—The production of the cells of the nervous system
(both neurons and glia).

Neuronogenesis—The production of neurons.

Neuronogenetic interval (NI)—The period of time during which
neurons arising in the PVE become permanently post-proliferative.

BOX 1. Nomenclature

Pseudostratified ventricular epithelium (PVE)—A population of
proliferating cells that lines the ventricles of the brain; the PVE is,
for the most part, co-Extensive with the VZ.

Secondary proliferative population (SPP)—A population of pro-
liferating cells that is adjacent to the ventricular zone; the SPP is,
for the most part, coextensive with the SVZ.

Ventricular zone (VZ)—A cytoarchitectonically defined layer
that is adjacent to the ventricles of the brain.

Subventricular zone (SVZ)—A cytoarchitectonically defined
layer that is adjacent to the VZ and that appears after the VZ.

As the neural tube closes, the future brain consists of a single
layer of cells that lines the lumen of the tube. The lumen is the
developing ventricular system of the brain, and the layer of cells
is the ventricular zone (VZ). The proliferating cells of the VZ will
either directly or indirectly give rise to all of the cells of the
developing central nervous system (CNS).

There are four major proliferative populations in the devel-
oping brain. The first of these to appear is the ventricular zone,
which is the name agreed upon by the Boulder Committee (1970)
as part of an effort to standardize and clarify a nomenclature that
sometimes did not reflect accurately the known functions of
the layers of the developing CNS. At the same time, the Boulder
Committee recognized a second proliferative zone, the sub-
ventricular zone (SVZ) that develops later in much of the CNS.
Two other proliferative populations arise in specific locations and
give rise to specific populations of cells. These are the external
granule cell layer of the cerebellum and the subhilar proliferative
zone in the dentate gyrus. By the end of the developmental
period, these four proliferative populations will give rise to all of
the cells of the adult brain (with the exception of a small number
that migrate into the brain from the periphery, and two of them,
the SVZ and the subhilar zone in the dentate gyrus will continue
to proliferate and produce neurons destined for limited areas
of the nervous system into adulthood. The regulation of

proliferation in these four proliferative zones is responsible for
producing the right number of cells of the appropriate classes for
all of the subdivisions of the CNS.

THE VENTRICULAR ZONE

The basic cellular organization of the VZ was recognized
by both His (1889, 1897, 1904) and Ramon y Cajal (1894,
1909-1911). Both of these giants of the field recognized that
the VZ was several cell diameters in thickness and that there
were mitotic figures adjacent to the ventricular surface (Fig. 1).
His thought that the mitotic figures were “germinal cells”
(“Keimzellen) and that after mitotic division one daughter cell
remained adjacent to the ventricular surface to divide again
whereas the other became a postmitotic “neuroblast” that
migrates away from the VZ and eventually develops into a neu-
ron. His also thought that the remaining cells of the VZ were a
syncytium of “spongioblasts” that give rise to the glial cells of
the CNS. Cajal’s views were similar to His’ in that he also
thought that the mitotic figures on the ventricular surface were a
separate population of germinal cells that give rise to neuroblasts,
but he did not think that the remaining cells of the epithelium,
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FIGURE 1. Early conceptions of the cellular organization of the early ventricular zone. On the left is a drawing from His (1889) and on the right is a drawing
from Ramon y Cajal (1894). In both drawings the ventricular surface is at the bottom. His shows a germinal cell (A) in mitosis near the ventricular surface,
the spongioblasts (B) forms a syncytium, and neuroblasts (n) migrating from the germinal zone at the ventricular surface to the marginal zone (C). Ramon y
Cajal accepted the general conceptual framework put forward by His of the separate populations of germinal cells, neuroblasts, and spongioblasts, but he did
not believe that the spongioblasts formed a syncytium (Jacobson, 1991). Thus, Ramon y Cajal’s drawings of germinal cells and spongioblasts tend to look
more like independent cellular entities, that is, more like our modern understanding of the structure of the ventricular zone.
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FIGURE 2. (A) A schematic diagram of Sauer’s view of interkinetic nuclear migration (from Jacobson, 1991). During the cell cycle the cell nucleus moves
to different levels of the ventricular zone. Mitosis occurs at the ventricular surface; the nucleus moves abventricularly during G1 and then again adventricu-
larly before M. (B) A schematic diagram showing the correlation of interkinetic movements with the phases of the cell cycle (from Hayes and Nowakowski,
2000). During the cell cycle, both the direction and rate of movement of the nuclei are correlated with the phase of the cell cycle. Following mitosis, the nucleus
of a PVE cells moves away from the ventricular surface. In the outer half of the VZ it enters the S-phase zone, where the nuclei labeled “a,” “b,” and “c”
represent nuclei distributed throughout the thickness of the S-phase zone in the outer half of the VZ. During S, the nuclei do not seem to move, but as they
finish S and enter G2, they move rapidly back to the ventricular surface.



that is, the spongioblasts, formed a syncytium but that they were
independent cellular entities.

An alternative interpretation of the histological picture was
presented by Vignal (1888), Schaper (1897a, b), and Koelliker
(1896). These authors suggested that the so-called “germinal
cells” adjacent to the ventricular surface were a transitional form
of the “spongioblasts.” Schaper (1897a, b) was most explicit about
this; he suggested that the germinal cells of His “are not to be con-
sidered as a special type of cell in contrast to the main epithelial
cells” but rather that they were part of the same population “in the
process of continuous proliferation.” In other words, Schaper sug-
gested that the germinal cells and spongioblasts of His were really
cells of the same type which move to different levels of the VZ
during different phases of the cell cycle.

These issues were examined again in the late 1930s when F.
Sauer (1935, 1936, 1937) undertook a careful cytological analysis
of the VZ in the neural tube of chick and pig embryos. F. Sauer
observed that the nuclei of the cells of the VZ were not identical
in size or appearance and that a logical picture of the transitions
of the cells through the cell cycle could be constructed from the
distribution of these nuclei through the thickness of the VZ
(Fig. 2(A)). With improved histological methods F. Sauer was also
able to show convincingly that the VZ was not a syncytium, but
that each cell had a distinct plasma membrane and that each cell
was columnar in shape connected to both the ventricular and pial
surfaces. He suggested, in essence, that after a mitotic division
that the nuclei of the VZ cells move away from the ventricular
surface during G1, that they remain in the outer half of the VZ
during S, and that they return to the ventricular surface during G2
where they divide during M.
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An important confirmation of these nuclear movements
was made shortly after the introduction of the DNA precursor
tritiated thymidine (*H-thymidine) as a tracer. These key experi-
ments showed that shortly after an exposure to *H-thymidine all
of the labeled nuclei were in the outer half of the VZ but that a few
hours later the labeled nuclei were adjacent to the ventricular sur-
face (Sauer, 1959; Sauer and Chittenden, 1959; Sauer and Walker,
1959; Sidman et al., 1959) which unequivocally showed that at
least some of the cells of the VZ comprise a single population
which have nuclear movements that correlate with the cell cycle.
These nuclear movements which are collectively referred to as
interkinetic nuclear migration have since been confirmed to occur
in all columnar and pseudostratified columnar epithelia. The
interkinetic movements of the nuclei are the hallmark of
the VZ in the developing CNS and none of the other proliferating
zones exhibit such nuclear movements. In the VZ, more recent
experiments using two DNA tracers (bromodeoxyuridine [BUdR]
and *H-thymidine, Fig. 3) simultaneously and clearly show the
separation of cells in G2 vs S (Hayes and Nowakowski, 2000). In
addition, by changing the interval between the exposure to the two
tracers it was possible to show that both the speed and the direc-
tion of movements of the nuclei is closely correlated with the
phase of the cells cycle (Fig. 2(B)). These results show, as origi-
nal suggested by F. Sauer, that during G1 the nucleus moves out-
wards away from the ventricular surface, that during S it is
stationary, and that during G2, the nucleus moves rapidly toward
the ventricular surface. The inward movement of the nucleus dur-
ing G2 is quite rapid, occurring within 2040 min. In contrast, the
outward movement of the nucleus during G1 is about 4-10 times
slower.
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FIGURE 3. The labeling pattern in the ventricular zone (VZ) of an E14 mouse that received H-TdR followed either 0.5 (A) or 2.0 (B) hr later by BUdR and
was killed 0.5 hr after the BUR injection. Some cells labeled only with *H-TdR are indicated by an arrow; cells labeled only with BUdR are indicated by a
crossed-arrow. The cells labeled by the BUdR define the S-phase, and they are located in the S-phase zone in the outer half of the VZ. The 3H-TdR-only labeled
cells have left the S-phase during the period between the two injections. The 2 hr period (B) is long enough for many of the nuclei of the *H-TdR-only labeled

cells to move towards the ventricular surface where they will divide.
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FIGURE 4. Radial differentiation of the neural tube. (A), (B), and (C) are schematic diagrams of the early stages of the radial differentiation of the neural
tube through which every part of the CNS passes. (D), (E), (F), and (G) are schematic diagrams of various options for the later stages of the radial differenti-
ation of the neural tube. Each of these options is characteristic of a different part of the neural tube. (A) At the time of closure of the neural tube its wall con-
sists of a population of proliferating cells organized into a pseudostratified columnar epithelium, known as the ventricular zone (VZ). In this proliferative zone
the nuclei of the cells are stratified, but each cell has processes that contact the ventricular (V) and pial (P) surfaces of the neural tube. As diagrammed on the
right-hand side of the drawing, mitosis occurs at the pial surface (asterisks), and during the cell cycle the nucleus of each cell moves to a different level. DNA
synthesis, for example, occurs in the outer half of the ventricular zone. This to-and-fro movement of the cell nuclei is known as interkinetic nuclear migration
and means that all cells, even though they are apparently at different levels, are part of the proliferative population. (B) The next zone to appear during the
radial differentiation of the neural tube is the marginal zone (MZ) which is an almost cell-free zone between the ventricular zone and the pial surface. (C) The
intermediate zone (IZ), which contains the first postmitotic cells in the nervous system, is the next to form. This zone is located between the ventricular zone
and the marginal zone. (D) In some parts of the neural tube, such as the spinal cord, the postmitotic cells derived from the ventricular zone aggregate and
mature in a densely populated intermediate zone. (E) In some areas, such as the dorsal thalamus, a second proliferative zone, the subventricular zone (SVZ),
is formed between the ventricular zone and the intermediate zone. In the subventricular zone, interkinetic nuclear migration does not occur; instead mitotic
figures (asterisks) are found scattered throughout the thickness of the zone (DNA synthesis also occurs throughout the thickness of the subventricular zone).
The postmitotic cells derived from both the ventricular and subventricular zones aggregate and mature in a densely populated intermediate zone. (Note, how-
ever, that any cells derived from the ventricular zone must cross the subventricular zone.) (F) In the hippocampus, the postmitotic cells derived from the ven-
tricular zone migrate across a sparsely populated intermediate zone to form a cortical plate. (G) In the cerebral cortex, postmitotic cells derived from both the
ventricular and subventricular zones migrate across a sparsely populated intermediate zone to form a cortical plate. Abbreviations: V: ventricular surface; VZ:
ventricular zone; SZ: subventricular zone; IZ: intermediate zone; CP, cortical plate; MZ, marginal zone; P, pial surface.

The histological appearance of the VZ is remarkably
constant, except for slight variations in thickness, with little vari-
ation regionally, as a function of time or in different species.
However, the fact that different portions of the wall of the neural
tube can develop into the highly different areas of the adult brain
is de facto evidence that the output and capacity of the VZ must
be remarkably variable. One early expression of this variability is
the appearance of a second proliferative zone, in some regions of
the CNS, but not in others. This second proliferative zone, which
is known as the SVZ, appears adjacent to the VZ. This second

zone, known as the SVZ, differs in several ways from the VZ
(Fig. 4). It is attractive to speculate that the SVZ is a phylo-
genetically recently acquired specialization. For example, the
hippocampus is classified as an archicortical (i.e., “old” cortex)
structure and the neurons of its major subdivisions (areas CAl,
CA2, and CA3) are all derived from the VZ (Nowakowski and
Rakic, 1981). In contrast, in the neocortex (i.c., “new” cortex) the
SVZ is substantial and, although it is unlikely to contribute large
numbers of neurons to the neocortex (Takahashi et al., 1995a), it
produces glial cells and also neurons in other parts of the



telencephalon (Goldman, 1995; Garcia-Verdugo, 1998). A
similar contrast occurs in the developing diencephalon in which
the hypothalamus lacks a SVZ whereas other diencephalic sub-
divisions have both ventricular and SVZ (Rakic, 1977). The SVZ
appears early and becomes greatly enlarged in the ganglionic
eminence, a population of proliferating cells that produces the
striatum, parts of the basal forebrain, and a population of
interneurons that migrate into the neocortex (Corbin ef al., 2001;
Wichterle et al., 2001; Anderson et al., 2002; Nery et al., 2002;
Powell et al., 2003). The cells of the SVZ, in contrast, neither
maintain an attachment to the ventricular or pial surfaces nor do
their nuclei move as they move through the cell cycle (Sidman,
1970). The contributions of the SVZ to the adult brain are impor-
tant and most of the glia for most of the brain are produced
there (Goldman, 1995). In addition, in some areas of the brain
a significant number of neurons are also produced in the SVZ
(Garcia-Verdugo, 1998).

The VZs and the SVZs are cytoarchitectonic entities; that
is, they are defined by their appearance in histological sections.
The secondary proliferative population (SPP) arises from the
primordial pseudostratified ventricular epithelium (PVE)
(Smart, 1972; Altman and Bayer, 1990; Halliday and Cepko,
1992; Takahashi et al., 1993) but comes to have a more diffuse
and widespread distribution through the cerebral wall overlying
the VZ although it overlaps the PVE at the outer fringe of the
VZ (Takahashi et al., 1993). The distribution of SPP to the archi-
tectonically defined SVZ, in the depths of the intermediate zone
abutting the VZ, was originally emphasized by the Boulder
Committee. The SPP is a principal spawning ground for
neuroglial cells (Smart, 1961; Smart and Leblond, 1961; Privat,
1975; Mares and Bruckner, 1978; Smart and McSherry, 1982;
LeVine and Goldman, 1988a, b; Levinson and Goldman, 1993).
Neurons of the olfactory bulb (Hinds, 1968a, b; Luskin, 1993; Lois
and Alvarez-Buylla,1994; Luskin and McDermott, 1994) and pos-
sibly, a small number of neurons destined for the neocortex

20 T
181
16T
4T

121

Hours
-
o

"
+

Cell Proliferation in the Developing Mammalian Brain * Chapter 2 25

(Reynolds and Weiss, 1992; Levinson and Goldman, 1993) may
also undergo their terminal divisions in this proliferative popula-
tion. The cells of the SPP, in contrast to those of the PVE, are not
attached to each other as a pseudostratified epithelium (Rakic
et al., 1974), and this population does not undergo interkinetic
nuclear migration in the course of the cell cycle (Boulder
Committee, 1970; Smart, 1972; Altman and Bayer, 1990).

The Cell Cycle in the Ventricular Zone

The use of the DNA precursors *H-thymidine and BUdR
has also provided other insights into the behavior of the cells of
the VZ. Notably, over the decades there have been a variety of
methods used to measure the length of the cell cycle in various
regions of the neural tube (for reviews see Sidman, 1970;
Jacobson, 1991; Nowakowski et al., 2002). In particular, the
dynamics of the cell cycle for both the PVE and the SPP, that is,
the proliferating cells of the SVZ, are now well known (Caviness
et al., 1995; Takahashi et al., 1995a, b, 1996a, 1997). These stud-
ies have examined the entire period of time for mouse neocortical
during the neuronogenetic interval (NI), defined as the period of
time during which neurons arising in the PVE become perma-
nently postproliferative. The results show that the amount of time
required for a single cell to pass through one cell cycle, that is,
from the beginning of one G1 to the beginning of the next G1,
varies systematically during the development of the neocortex
(Fig. 5). At the time of the production of the first neurons
in the mouse neocortex, measurements of the cell cycle using
cumulative labeling with BUdR show that the total length of the
cell cycle (7,) is about 8 hr, with an S-phase of about 3 hr,
G2+M of about 2 hr, and G1 of about 3 hr (Takahashi et al.,
1995). As development proceeds, the cell cycle lengthens until at
the end of the period of neuron production 7, reaches ~18 hr;
S and G2+M remain approximately constant at 3—4 hr and 2 hr,
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FIGURE 5. In the developing neocortex, the cell cycle lengthens systematically over the course of the six-day period during which neurons are produced. At
the onset of E11, the cell cycle is ~8 hr, and by the end of the E16 it is over 18 hr. During this time the length of G2+M and S do not change systematically,

and, hence, most of the lengthening is within G1.
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respectively, and thus, virtually all of the change in T, is due to
an increase in the length of G1 (7g;) (Takahashi et al., 1995b).
The increase in 7g; is dramatic, from 3 hr early in development
to almost 12 hr late in development. As a result of the lengthen-
ing of the cell cycle, there are different numbers of cell cycles on
each of the six days of production of neurons for the neocortex.
For example, on the first day of the NI (E11) the cell cycle starts
at 8 hr and lengthens to over 10 hr; thus, there is time for approx-
imately 2.5 cell cycles, where as on the sixth and last day of the
NI (E16) the cell cycle is over 18 hr, and thus, there is sufficient
time to complete only just over one cell cycle. By integration
under the linear fit to the 7, (Fig. 5), it can be calculated that
there is sufficient time for 11 cell cycles during the entire six-day
period (Takahashi ef al., 1995b).

The question of the range of cell cycle lengths present in the
PVE during the developmental period has been addressed using dif-
ferent cell cycle measuring techniques. With cumulative labeling
methods (Nowakowski et al., 1989), the percentage of labeled cells
rises linearly if the population is proliferatively homogeneous, that
is, the length of the cell cycle and the S-phase are similar for all
cells. Thus, from these measurements we have estimated that the
PVE of the mouse is 80-90% homogeneous (Takahashi et al.,
1995a) with cell cycle parameters within 10% of the mean
(Nowakowski et al., 1989). This means, of course, that as many as
10-20% of the cells might have cell cycle parameters outside of this
range. The cumulative labeling method gives an estimate for a max-
imum value of T, because it is derived from the detection of an
inflection point in the slope of the rising labeling index. This inflec-
tion point corresponds to the time required to label the entire
proliferative population and occurs when the last (or slowest
cycling) proliferating cell that was not labeled by the first injection
enters the S-phase and becomes labeled (see Nowakowski et al.,
1989). In contrast, an alternative method for measuring cell cycle
lengths, the percent labeled mitosis method, gives an estimate of the
minimum value of T, because it detects the time required for the
first (or fastest cycling) proliferating cell to transit the entire cell
cycle and enter M-phase for a second time (Kaufmann, 1968;
Hoshino et al., 1973; Hamilton and Dobbin, 1983a, b). The differ-
ence between the maximum and minimum estimates of T, is an esti-
mate of the range in T, for the slowest vs fastest cycling cells. When
both methods are used to identify the range of the cell cycle lengths
for the neocortical PVE, it was found that approximately 99% of the
cells have a cell cycle within 5-7% of the mean (Hamilton and
Dobbin, 1983a, b). This means that if there is present in the PVE a
population of proliferating cells with either a longer or a shorter cell
cycle, it comprises only about 1% of the total. Interestingly, this
proportion corresponds to estimates of the proportion of true stem
cells made by van der Kooy and colleagues (for review see Seaberg
and van der Kooy, 2003).

Extensive data for changes in the cell cycle length are not
available for other species, but there is some evidence that in the
neocortex of primates, the cell cycle is longer (Kornack and
Rakic, 1998), and that there are about 28 cell cycles required
to make the monkey neocortex. In the human, the comparable
period of time during which neurons are produced is much
longer, about 120 days (Caviness ef al., 1995). From this and

other considerations, it has been estimated that about 34-35 cell
cycles would be required to make all of the neurons of the human
neocortex (Caviness et al., 1995).

Overall, this extensive analysis of cell proliferation in the
neocortex indicates that the proliferating cells of the VZ form
a coherent group of cells that have a similar cell cycle length
that lengthens as development proceeds. In addition, most of
the lengthening of the cell cycle is due to an elongation of the
Gl-phase. On the surface, this seems reasonable as the Gl-
phase of the cell cycle is generally considered to be regulatory.
Another region of the brain for which cell cycle data is available
that covers the entire period of neurogenesis is the retina
(Alexiades and Cepko, 1996). The developing retina differs from
the developing neocortex, however, in that both Gl and S
lengthen. The lengthening of the cell cycle in the retina is
detectable even when measured over a period of a few days
(Rachel et al., 2002).

The Output from the Ventricular Zone

The output from the PVE is the population of neurons and
other cell types that populate the mature brain and the cells that
“seed” the SVZ. 4 priori, the mechanisms that control this out-
put depend on four factors, the number of proliferating cells, the
length of the cell cycle, the period of time that the proliferating
population exists, and the proportion of daughter cells that exit vs
remain in the proliferating population at each pass through the
cell cycle. By definition the beginning of the NI coincides with
the first cell cycle during which neurons are produced. Thus, for
the first cell cycle of the NI and for each of the subsequent cell
cycles, to a total of 11, some of the daughter cells of the prolif-
erating population exit the cell cycle (Fig. 6). The daughter cells
that exit from the cell cycle are called “Q” cells, signifying that
they are proliferatively quiescent (or that they quit the cell cycle).
The daughter cells that remain in the cell cycle are called “P”
cells because they re-enter the S-phase and, hence, continue to
proliferate. If, for the moment, the possibility of cell death within
the proliferative population is ignored (considered in more detail
below), it is clear that all of the daughter cells must select either
a P or a Q fate and, hence, the proportions P and Q must add up
to 1 (or P + Q = 1). Examination of the “old” tritiated thymidine
birthday literature (e.g., Angevine and Sidman, 1961; Caviness
and Sidman, 1973; Rakic, 1974; Stanfield and Cowan, 1979;
Nowakowski and Rakic, 1981; Rakic and Nowakowski, 1981)
shows that in various cortical structures different numbers of
neurons are born on each of the various days of development.
This means that P and Q must change dynamically as develop-
ment proceeds (for review see Nowakowski et al., 2002).

From first principles, it seems clear that prior to the onset
of neuron production, P must be 1 and Q must be 0. Similarly, at
the end of the NI, in order to account for the disappearance and
involution of the PVE at the end of the NI, P must be decreased
to 0 and Q must be increased to 1. This means that during the NI,
P decreases from 1 to 0, and Q increases from 0 to 1. In the neo-
cortex, measurements of O made on each of the days of the NI in
both dorsomedial and rostrolateral cortex (Miyama et al., 1997)
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FIGURE 6. The cell cycle in the ventricular zone of the developing CNS: This schematic diagram illustrates the interkinetic movement of the nuclei of the
cells comprising the proliferative ventricular epithelium of the ventricular zone (VZ). With each pass through the cell cycle the nucleus of a single cell moves
from its starting position at the ventricular surface at the beginning of G1 to the border of the VZ where it enters S. During G2, the nucleus again moves
down to the ventricular surface where it enters M and divides to form two cells. With each pass through the cell cycle some postmitotic neurons are produced.
The postmitotic neurons migrate away from the VZ to produce the structures of the adult brain (in this case, the cerebral neocortex). During the production
of the neocortex in the mouse, the cell cycle lengthens with each cell cycle and there are a total of 11 cell cycles.
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FIGURE 7. The laminar distribution of neurons produced during each of the 11 cell cycles of the Neuronogenetic Period for two nonadjacent cytoarchitec-
tonic areas of the neocortex: Field 1, which is located dorsomedially, and Field 40, which is rostrolaterally. Each cell cycle produces neurons that are distrib-
uted in several layers, but there is a systematic change in the laminae of residence with each sequential cell cycle. Also, each layer receives neurons that are
produced during more than one cell cycle. Note that the neurons of layers VI and V are produced during the first seven cell cycles, that is, during the period

when the neopallium is still expanding (Fig. 8).

are shown in Fig. 7. In Fig. 7, the abscissa shows the 11 cell
cycles of the NI, and the data for each of the embryonic days is
plotted at its appropriate proportional position on this 11-cell-
cycle scale. Thus, during this six-day NI of the neocortex, the
nuclei of the PVE makes 11 round-trips through the cell cycle,
and at each pass through the cell cycle the population produces
an ever-increasing proportion of postmitotic neurons (Fig. 6)

(Caviness et al., 1995; Takahashi et al., 1997). The path of
0 =0 — Q =1 increases monotonically; P is the complement
of O, and thus, the path of P = 1 — P = 0 decreases monotoni-
cally (Fig. 8). The P and Q curves intersect at P = Q = 0.5,
which is between cell cycle 7 and 8. This divides the NI into two
qualitatively different periods. During the first period, when O <
0.5 and P > 0.5, the proliferative population expands. Since the
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FIGURE 8. In the ventricular zone of the developing neocortex Q and P are
complementary (i.e., P = 1 — Q), and as Q increases from 0 to 1, P decreases
from 1 to 0. When P is > 0.5, more daughter cells re-enter the cell cycle than
leave it, and the neopallium will expand. In the mouse, between cell cycle 7
and 8 a point is reached when this expansion stops, and both P and Q are
equal to 0.5. This occurs approximately as the cells that will reside in the
vicinity of the border between layers V and IV are produced.

VZ only increases slightly in thickness during this period, and the
packing density of the cells remains constant (Takahashi et al.,
1996a), the bulk of this expansion results in an increase in the sur-
face area of the VZ and, hence, in the surface area of the entire
developing neocortex. As Q increases to 0.5 and P decreases to
0.5, a point is reached where “steady-state growth” is achieved
transiently. At this time, the number of P cells produced is exactly
enough to replenish the proliferative population; an equivalent
number of Q cells are produced that leave the PVE. As development
proceeds, however, a second period, when Q > 0.5 and
P < 0.5, is reached. During this second period, the proliferative
population contracts. This is because fewer daughter cells re-
enter the S-phase than are needed to maintain it. Since the
ventricular surface does not contract during the developmental
period and the packing density of the cells remains constant
(Takahashi et al., 1996a, b), most of this must be reflected in
a reduction of the thickness of the VZ. This, in fact, correlates
with what is known about the development and involution of the
VZ (Nowakowski ef al., 2002). It has been suggested that other
species follow the same pathway of changes for P and Q except
that they take more or fewer cell cycles than the 11 cell cycles
needed to make mouse neocortex (Caviness ef al., 1995).

In the neocortex, the crossover point corresponding to the
time when P = Q = 0.5, at which time the neocortical primord-
ium ceases to expand, occurs as the NI passes through cell cycle
7. This point is important because it is when the expansion of the
PVE stops. A cycle-by-cycle analysis of the laminar position of
the neurons generated at each of the 11 cell cycles shows that this
crossover point occurs as the last neurons of layer V are being
produced (Fig. 7). This means that virtually all of the deep layers
of the neocortex are produced during the first, expansion phase
of the NI, and that virtually all of the superficial layers are pro-
duced during the second, extinction, phase. It is not known if the
crossover point has similar significance in other regions of the
developing CNS.

The pathway of changes in Q and P fromQ =0 —-> Q =1
and P=1—P =0 determines three properties of the
proliferative population: (1) the life span of the PVE population,
(2) the expansion of the PVE population and, hence, of the neo-
cortical primordium, and (3) the output from the population, that
is, the number of neurons produced both per cycle and also dur-
ing the total NI. Each of these properties can be approached
quantitatively (for review see Nowakowski et al., 2002). The life
span of the NI is most closely regulated by changes in Q as it
changes from Q = 0 — Q = 1. Neuron production begins as
soon as Q becomes greater than 0 and the PVE disappears when
O = 1 because at this point both daughter cells would have to
leave the cell cycle. Thus, the mechanisms which determine the
changes in O, that is, the changes in the probability at each
successive cycle that postmitotic daughter cells will exit the
proliferative population, determine the number of cycles in
the NI. At present, there is no clear molecular explanation for the
changes in Q.

The expansion of the PVE is also specified by the changes
in Q and P. In this case, the expansion at each cell cycle is
dictated by P, that is, the probability that the daughter cells will
re-enter the cell cycle. The amount of expansion is twice the
value of P at each cell cycle. In addition, the expansion is multi-
plicative at each cell cycle. For example, for the first three cell
cycles of the NI, P is 0.99, 0.96, and 0.92; thus, the total expan-
sion for a “unit volume” of the PVE during these first three cell
cycles is the product of these three numbers (1.982 X 1.93 X
1.846) or 7.061. In other words, during the first three cell cycles
of the NI (which occur in just over a day), the PVE expands
over seven-fold.

The output (or the number of neurons formed) from a
“single unit” of the PVE at each cell cycle is specified by the
changes in both P and Q. At each cell cycle, the output is equal to
twice the number of cells present in the PVE at the beginning of
the cycle times Q. A graph of this series (Fig. 9) shows that the
predicted output rises gradually to a peak and then falls. This is,
of course, expected because of the change in the size of the PVE,
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FIGURE 9. A graph of the changes in the PVE volume, PVE output per cell
cycle and the cumulative PVE output as predicted by changes in P and Q (see
Nowakowski et al., 2002). Note that the volume increases through cell cycle
8 when P first falls below 0.5.



which is controlled by P. It is also reassuring because it matches
qualitatively the shape of the curves usually obtained from counts
of the percentage of neurons born on sequential days during
development (Angevine and Sidman, 1961; Caviness and Sidman,
1973; Rakic, 1974, Stanfield and Cowan, 1979; Nowakowski and
Rakic, 1981; Rakic and Nowakowski, 1981). The cumulative total
output at each cell cycle is simply the sum of the output for all of
preceding cell cycles, and, thus, a graph of the cumulative output
(Fig. 9) rises steadily to a total of over 140, indicating that in the
mouse, on an average, a single PVE cell present at the beginning
of the NI produces approximately 140 neurons.

The changes in the size of the PVE and developing corti-
cal plate and the relationships of these changes can be seen more
readily if results from a quantitative analysis (Nowakowski ef al.,
2002) are schematized (Fig. 10). At the beginning of the NI, the
only cells present are the cells of the PVE; they are represented
as a cube with a “unit volume” that is 1 unit high, 1 unit wide,
and 1 unit deep. Since the PVE is about 6 cells high, such a unit
volume would contain about 6* or 216 cells. During the first cell
cycle, P is about 0.99 and Q is about 0.01. Thus, such a unit vol-
ume would produce only about two neurons on the first cell cycle
and most of the daughter cells produced will remain in the pro-
liferative population, and the PVE will expand. At the end of the
third cell cycle the unit of the PVE has expanded to over seven
times its original volume and produced about 1% of the neurons
that will comprise the neocortex in the adult. Most of the cells of
the neocortex are produced during the last few cell cycles
(Fig. 10). This sequence of events corresponds at least qualita-
tively to histological observations. In principle, the neocortical
VZ and, indeed, the VZ of the whole CNS contains many of these
“units” arrayed across its surface. In the neocortex, it has been
shown that the sequence of 11 cell cycles and the changes in
P and Q in each are identical these “units,” at least to the resolu-
tion that has been used so far (Miyama et al., 1997). The result
of this arrangement is that different events in the sequence occur
contemporaneously in different regions of the VZ (Fig. 11). The
NI is initiated first in the rostrolateral cortex, and given the fact
that there is more than a 24 hr difference between the rostrolat-
eral cortex and the dorsomedial cortex (Miyama et al., 1997),
when the NI is first initiated in the dorsomedial cortex, the ros-
trolateral cortex has already progressed into cell cycle 3 or even
4. This means that there is a gradient of maturation beginning in
the rostrolateral cortex and spreading across the surface of the
developing cortex. The gradient of maturation means that 7, 7,
0, and P differ across the surface of the developing cortex (Fig.
11). Thus, at any given time the status of these proliferatively
related parameters provides positional information. From the
perspective of the cell cycle, this gradient divides the surface of
the developing PVE into “cell cycle domains,” that is, regions of
the PVE in which all of the PVE cells are in the same cell cycle.
As the developing cortex matures and each “unit” of the PVE
progresses through the NI, these cell cycle domains “move”
across the surface of the PVE defining a series of “waves” that
radiate from the striatocortical fissure at the lateral edge of the
neopallium (Fig. 11). In other regions of the CNS, the develop-
mental progression of these “units” of the VZ presumably differ
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markedly with varied paths for O = 0— QO = 1, and, hence,
varied life spans of the VZ in different regions, and varied output
and numbers of cells produced.

The Control of P and Q with Symmetric and
Asymmetric Cell Divisions

The output of neurons by the PVE is controlled, in prin-
ciple, by a variety of factors including the proportional repre-
sentation of the three possible types of mitotic divisions:
(1) symmetric nonterminal cell division (which produces two
daughter cells that remain in the PVE and continue to prolifer-
ate), (2) symmetric terminal cell division (which produces two
daughter cells that both migrate out of the PVE to become young
neurons), and (3) asymmetric cell division (which produces one
daughter cell that continues to proliferate and one that migrates
out of the PVE). Changes in the proportions of these three types
of mitotic divisions have been inferred from changes in the pro-
portion of cells that enter vs leave the cell cycle (Takahashi ef al.,
1996a; Miyama et al., 1997), from time lapse cinematography
(O’Rourke et al., 1992; Adams, 1996), from changes in the
orientation of the mitotic apparatus (Smart, 1973; Chenn and
McConell, 1995; Adams, 1996), and from immunohistochem-
istry (Chenn et al., 1995). How are such changes effected within
single lineages? How might they be distributed among lineages
making various cortical cell types? For example, it has been sug-
gested that there are specific populations “reserved” in the PVE
to produce either specific cell types or cells that occupy specific
laminae (Dehay et al., 1993; Kennedy and Dehay, 1993; Luskin
etal., 1993). Since all of the cells in a given neighborhood of the
PVE are proliferating (Takahashi et al., 1995a, 1996a) with a
similar cell cycle length (Cai et al., 1997a), in the absence of cell
death such a “reserved population” would have a specific pattern
of repeated symmetric nonterminal mitoses and would expand
for several cell cycles to produce relatively large lineages of a
specific and characteristic size (8, 16, 32, 32, etc.) containing
only proliferating cells. Similarly, lineages following other spe-
cific patterns of proliferation, for example, repeated asymmetric
divisions, would produce lineages of other specific characteristic
sizes, for example, a preponderance of even-sized or odd-sized
lineages, etc. The alternative to such repeated patterns of mitosis-
type is the absence of pattern in the sequence of cell divisions
within a lineage, in which case no specific and characteristic
lineage size distribution will be produced. In general, the size
distribution of lineages obtained during defined periods of devel-
opment will reflect the dynamic changes in the proportions of
these three types of cell divisions and will, thus, reveal any extant
repeated patterns of mitosis. Note that the presence of cell death
to any significant extent (cf. Blaschke et al., 1996; Thomaidou
et al., 1997) would modify the specific and characteristic lineage
sizes obtained, but would do so in a predictable way.

To estimate the frequency of occurrence of each of these
distinct behaviors individual retrovirally labeled lineages were
studied; each lineage consisting of proliferating cells in the PVE
in the developing neocortex at known numbers of cell cycles
after infection with a retrovirus. In contrast to most previously
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FIGURE 10. A visualization of the changes shown in the graphs of Fig. 12 and as given by the changes in P and Q per cell cycle (CC) (Nowakowski et al.,
2002). At the onset of the neuronogenetic interval (NI) (CC = 0), a single unit of the PVE is shown. At the next cell cycle (CC = 1) the PVE has an increased
volume; the output from the first cell cycle is shown in the position of the cortical plate. At CC = 2, the PVE has increased in volume again, and now the out-
put from the first two cell cycles is shown in the position of the cortical plate. At CC = 3, the process is repeated. In the right-hand side of the figure, the dia-
gram shows the final Total Output of all of the 11 cell cycles of the NI. Note that the output from the first three cell cycles corresponds to only a small part

of the Total Output, whereas the output of the last three cell cycles comprises about 50% of the Total Output.
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FIGURE 11. The sequence of dynamic changes in the length of the cell cycle (and in P and Q) is initiated in the rostrolateral-most portions of the neopal-
lium and then spreads as a gradient of maturation across the neopallial surface. This wave-like progression of maturation means that at any given time there
are “domains” of the PVE that are in different states. This is, in theory, sufficient to provide a basis for cell cycle length to serve as positional information that

could be involved in the development of cytoarchitectonic subdivisions.



published experiments using this method (Price, 1987; Luskin
et al., 1988; Walsh and Cepko, 1988, 1992; Williams et al., 1991;
Luskin, 1993; Mione et al., 1994, 1997, Lavdas et al., 1996), the
resulting labeled lineages were examined after short survivals,
that is, during the period that cell proliferation continues to
occur, and have focused on the size of the proliferating popula-
tion, that is, the cells that remain in the PVE, rather than on the
cells that migrate to the cortical plate. There are three influences
(Fig. 12) that could act at each cell cycle to reduce the number of
cells per lineage from the maximum number that would be pro-
duced in a pure population of symmetric nonterminally dividing
cells. First, some cells of the lineage could leave the cell cycle to
migrate and become young neurons (Q-cells, Q in Fig. 1).
Second, some PVE cells could die (D in Fig. 12). Cell death
could, in theory, occur at any time during development and has
been well studied in the maturing neocortex during the postnatal
period (Leuba et al., 1977; Finlay and Slattery, 1983; Heumann
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FIGURE 12. A schematic diagram depicting the influences in the ventricu-
lar zone that could affect lineage size in a single cell cycle. For a cluster of
cells present at the beginning of G1 (in this example eight cells are shown)
some cells could continue to proliferate (P), leave the proliferative population
(Q), die (or lose the marker) in either the proliferative (D, VZ cell in gray with
dashed lines) or postproliferative compartment (D, CP cell in gray with
dashed lines), or move tangentially within the proliferative population (7).
Abbreviations: M, marginal zone; CP, cortical plate; IZ, intermediate zone;
VZ, ventricular zone; V, lateral ventricle.
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and Leuba, 1983; Crandall and Caviness, 1984; Finlay and Pallas,
1989; Verney et al., 2000). However, estimates of the magnitude
of cell death occurring within the proliferative population and
during the early period of cortical development vary greatly from
<1.0% at any given time (Thomaidou et al., 1997) to over 70%
of the progenitor cells (Blaschke et al., 1996). Thus, it remains
unclear what role cell death in the proliferative population plays
in the regulation of neuron number (Gilmore et al., 2000). Third,
some PVE cells could move tangentially (7 in Fig. 12), that is,
away from their sisters and cousins (Fishell ez al., 1993; Tan and
Breen, 1993; Walsh, 1993). Such tangential movements would
not affect the actual numbers of cells in the proliferative popula-
tion, but would affect the apparent number of cells identified in
a lineage and would concomitantly increase the putative number
of lineages identified.

The cells in each retrovirally labeled lineage in the develop-
ing VZ reside in clusters (or clades) of varying size (Cai et al.,
1997a). The size of these clusters is dependent on the proliferative
behavior of the cells in the labeled lineage, and depends on the
mixture of symmetric nonterminal, symmetric terminal, and asym-
metric cell divisions. There are three hypothetical mixtures of these
three types of cell divisions that could occur (Fig. 13). The three
Models differ only with respect to their composition of types of
cell division, that is, they each have different ratios of asymmetric,
symmetric nonterminal, and symmetric terminal cell divisions;
however, all three Models are based on the same P/Q values mea-
sured using double S-phase labeling methods (Takahashi, 1996b;
Miyama et al., 1997). Importantly, the distribution of cluster sizes
is best accounted for by the goodness-of-the-fit of the experimen-
tally determined distribution with the distributions obtained from
the model which assumes that all three types of cell divisions coex-
ist during the entire NI, i.e., Model 1 of Fig. 13. Thus, these retro-
viral experiments: (1) provides evidence for the role of changes in
P/Q in regulation of lineage size, (2) indicates that the amount of
cell death and tangential movements in the PVE is low, and
(3) indicate that the numbers of lineages that undergo a series of
cell divisions with a repeated pattern is undetectable. In essence,
these data suggest that the two daughter cells from a single cell
division have their fate determined independently.

THE SUBVENTRICULAR ZONE

The SVZ was first recognized by Schaper and Cohen
(1905) by the presence of mitotic figures in a location distant
from the lateral ventricles. It was first shown definitively to have
proliferating cells using 3H-thymidine label in vitro using slabs
of human brain (Rakic and Sidman, 1968). The proliferating cells
of the SVZ differ in two major ways from those of the VZ (Fig. 4).
First, the nuclei of proliferating cells of the SVZ do not move
during the cell cycle, but reflecting the fact that cells of the SVZ,
in contrast to those of the VZ, are not attached to each other as a
pseudostratified epithelium, this population does not undergo
interkinetic nuclear migration in the course of the cell cycle
(Boulder Committee, 1970; Smart, 1972; Altman and Bayer,
1990). Second, the cell bodies of the SVZ cells do not have long
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FIGURE 13. Schematic diagrams of the proportions of the changes in the proportions of symmetric non-terminal (S/NT), symmetric-terminal (S/T) and asym-
metric cell divisions as a function of changes in P (abscissa) during the neuronogenetic interval. At any given time the sum of the proportions of the 3 types of
cell divisions adds up to 1.0 (ordinate). The changes shown are the changes in the 3 types of cell divisions for the 3 different models developed for this study.
For a detailed explanation of the assumptions of each model, see the text.
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FIGURE 14. Contributions of the SVZ of the medial ganglionic eminence (MGE), lateral ganglionic eminence (LGE), and caudal ganglionic eminence (CGE)
to early brain development. (A) A coronal view of the rodent forebrain germinal zones at E12.5. (B) The LGE and MGE are prominent structures in the E15.5
brain. By contrast, at this age the neocortical SVZ is unremarkable. (C) Directional movements of MGE and LGE cells as they migrate to the striatum, neo-
cortex, and nucleus accumbens (na). Cells from the MGE also may migrate through the LGE en route to the neocortex. (D) Sagittal view of the rodent brain
at E15.5 shows directional movements from the MGE, LGE, and CGE. Cells of the CGE migrate to the hippocampus, thalamus, pallidum, olfactory tract (ot),
and olfactory bulb (ob). Panels (A), (B), (C) were adapted from Lavdas et al. (1999) and panel (D) was adapted from Wichterle et al. (2001). Figure modi-
fied from Brazel et al., 2003.



radially oriented processes, but rather they have shorter processes
that remain confined to the SVZ (Rakic et al., 1974).

Regional Variation in the Subventricular Zone

Not all of the regions of the CNS have a SVZ. This and its
distribution makes it attractive to speculate that the SVZ is a phy-
logenetically recently acquired specialization. For example, the
hippocampus is classified as an archicortical (i.e., “old” cortex)
structure and the neurons of its major subdivisions (areas CAl,
CA2, and CA3) are all derived from the VZ (Nowakowski and
Rakic, 1981). In contrast, in the neocortex (i.e., “new” cortex) the
SVZ is substantial and may not contribute large numbers of neu-
rons to the neocortex (Takahashi ef al., 1995a). A similar contrast
occurs in the developing diencephalon in which the hypothala-
mus lacks a SVZ whereas other diencephalic subdivisions have
both ventricular and SVZs (Rakic, 1977). The spinal cord, much
of the brain stem, and the retinal also lack a SVZ. In the neocor-
tex, at least the time of appearance of the SVZ is approximately
coincident with the time of the production of the first neurons
(Nowakowski and Rakic, 1981).

The regional variation in the SVZ is far more complex than
simply whether or not it is present (Brazel et al., 2003). Brazel
and Levision (Brazel et al., 2003) have recognized a set of
geographically defined subdivisions of the SVZ which all differ
not only in location but also in the types of cells that they
produced. These subdivisions are SVZa, anterior SVZ; SVZd],
dorsolateral SVZ; SVZge, postnatal equivalent of the ganglionic
eminences; SVZn, neocortical SVZ; SVZspt, septal SVZ. By far
the largest of these subdivisions are the lateral and medial gan-
glionic eminences which appear quite early in development in the
position of the future basal forebrain (Fig. 14). These two prolif-
erative areas persist as a fairly large proliferative zone through
the first postnatal week in a rodent (Sturrock and Smart, 1980;
Bhide, 1996). In all of its subdivisions during the early part of its
existence, the SVZ is intermixed with the VZ along their borders
(Boulder Committee, 1970; Altman and Bayer, 1990; Takahashi
et al., 1993). Cells of the SVZ are also intermixed with nonpro-
liferative cells including postmitotic neurons which arise from
the VZ and intermingle with the proliferative cells of the SVZ in
their ascent across the cerebral wall. In some regions of the brain
the intermixed nonproliferating cells also include the somata of
radial glial cells and probably other cells of glial lineage which
have left the cell cycle during the epoch of neuronal migration
but which may re-enter the cycle in the course of subsequent
development of the cerebral wall (Schmechel and Rakic, 1979a;
Schmechel and Rakic, 1979b). The SVZ in the lateral and medial
ganglionic eminences is highly structured and the cells highly
express members of the distal-less family in a pattern that is con-
sistent with a maturation sequence (Fig. 15) (Panganiban and
Rubenstein, 2002).

Output of the Subventricular Zone

The SVZ produces both neurons and glia, but the types of
cells produced differ both regionally and temporally. For example,
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FIGURE 15. Expression domains of DIx1, DIx2, DIx5, and DIx6 during
mouse brain development. (Top) Schema of a transverse section through the
E12.5 mouse telencephalon showing the combined expression of DIx tran-
scripts. Most cells in the subpallial telencephalon express DIx1, DIx2, DIXS5,
or DIx6 at some stage of their differentiation. The arrows indicate the migra-
tion from the subpallium to the pallium (cortex) (Marin and Rubenstein,
2001). The boxed region on the left is used in the middle section to show the
expression of DIx2, DIx1, DIx5, and DIx6. DIx2 is primarily expressed in
undifferentiated cells; it is expressed in scattered cells in the ventricular zone,
in most cells in the subventricular zone and in scattered cells in the mantle
zone. DIx6 is primarily expressed in differentiated cells in the mantle zone.
DIx1 and DIx5 are expressed in intermediate patterns. (Bottom) A hypothe-
sized genetic and biochemical pathway that proposes the sequential role of
DIx2, DIxl, DIx5, and DIx6 at different stages of differentiation.
Telencephalic regions are as follows. Pallium: neocortex (NCX) and pallio-
cortex (PCX). Subpallium: lateral ganglionic eminence (LGE). Medial gan-
glionic eminence (MGE). Stages of differentiation: ventricular zone (VZ);
subventricular zone (SVZ); mantle zone (MZ). LV, lateral ventricle (ventricle
of telencephalon); III, third ventricle (ventricle of the diencephalon). Figure
modified from Panganiban and Rubenstein 2002.

although the neocortical SVZ coexists with the VZ for much
of the time that neurons are produced for the neocortex
(Takahashi et al., 1995b), and, thus, it is possible that the SVZ
may produce a small number of neurons destined for the neocor-
tex (Reynolds and Weiss, 1992; Levinson and Goldman, 1993),
during this time virtually all of the daughter cells of the SVZ
re-enter the cell cycle, and, thus, the proportion of neurons pro-
duced is estimated to comprise only at most 5-10% of the total
(Takahashi et al., 1995b). The anterior part of the SVZ is, how-
ever, a major producer of the neurons of the olfactory bulb both
during the prenatal and postnatal periods and also into adulthood
(Hinds, 1968a, b; Luskin, 1993; Lois and Alvarez-Buylla, 1994;
Luskin and McDermott, 1994). Neurons are also produced by the
lateral and medial ganglionic eminence. Many of these neurons
take up residence locally and comprise the future striatum
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FIGURE 16. The descendants of the perinatal SVZdl. Depicted are the types of cells that are generated from postnatal day 2 SVZdl cells. Progenitors that
leave the SVZdl and differentiate within the subcortical white matter become either myelinating or nonmyelinating oligodendrocytes. Few become astrocytes.
Those progenitors that differentiate within the neocortex become myelinating oligodendrocytes as well as satellite oligodendrocytes and cells that label with
the NG2 proteoglycan. Additionally, those progenitors that make contact with naked cerebral endothelial cells become protoplasmic astrocytes. Figure modi-

fied from Brazel et al., 2003.

(Bhide, 1996). Another group of them have an interesting fate in
that they migrate laterally and populate the neocortex (Marin
and Rubenstein, 2001; Letinic et al., 2002). This laterally
migrating group produces many of the inhibitory interneurons
(i.e., GABAergic) of the neocortex. An additional population of
inhibitory interneurons (GABAergic) is produced in the gan-
glionic eminence of humans (but not in other primates or mice)
that are destined for the dorsal thalamic nuclei in the thalamus
(Rakic and Sidman, 1969; Letinic and Rakic, 2001). The migration
of these telencephalic neurons into the dorsal thalamus forms a
structure that is large enough to warrant a name, “corpus gan-
gliothalamicum” (Rakic and Sidman, 1969). This special output
population suggests that the SVZ proliferative population is
available for recent evolutionary modification.

During perinatal life, the SVZ is a principal spawning
ground for neuroglial cells (Smart, 1961; Smart and Leblond,
1961; Privat, 1975; Mares and Bruckner, 1978; Smart and
McSherry, 1982; LeVine and Goldman, 1988b; Levinson and
Goldman, 1993). The best studied of the gliogenic portions of the
SVZ is the dorsal-lateral portion of the SVZ, that is, the SVZdl
(Fig. 14). Mapping studies using retroviral markers (reviewed by
Brazel and Levison, 2003) show that this zone produces a variety
of glial cell types (Fig. 16). During postnatal life and into adult-
hood, parts of the SVZ persist as a population of stem/progenitor
cells that seem to proliferate for the lifetime of the animal. These
stem/progenitor cells produce both neurons and glia; the largest
portion of these seems to be destined for the olfactory bulb,

which they reach through the rostral migratory stream (Alvarez-
Buylla and Garcia-Verdugo, 2002).

THE DENTATE GYRUS

The subhilar region of the dentate gyrus is a specialized
proliferative population that produces the granule cells of the
dentate gyrus. The presence of a proliferating population of stem
and progenitor cells in the dentate gyrus of mammals was first
described in the mouse (Angevine, 1964, 1965). This proliferat-
ing population initially arises from the VZ of the medial wall of
the lateral ventricle, that is, near the anlage of the dentate gyrus,
and migrates into the future position of the dentate hilus
(Nowakowski and Rakic, 1981). It persists there during the
developmental period and even throughout adulthood in all mam-
mals studied including rodents (Kaplan and Hinds, 1977; Bayer,
1982; Bayer et al., 1982; Stanfield and Trice, 1988), monkeys
(Kornack and Rakic, 1999), and humans (Eriksson ef al., 1998).
Despite the persistence of this proliferative population into
adulthood, the vast majority of the output of this proliferative
population occurs between birth and P20, during which time
approximately 80% of the neurons and glial cells of the murine
dentate gyrus are born (Angevine, 1965; Bayer and Altman,
1975). However, there is also evidence that in the adult this pro-
liferative population continues to give rise to neurons (and glia),



some portion of which survive, migrate into the granule cell
layer, form connections, and become a permanent part of the
dentate gyrus granule cell layer (Bayer, 1982; Bayer ef al., 1982;
Crespo et al., 1986; Stanfield and Trice, 1988) and exhibit impor-
tant functional properties (van Praag et al., 2002). Importantly,
it has been shown that during the adult period the number of
granule cells increases (Bayer, 1982; Bayer et al., 1982), the
newly produced granule cells displace earlier generated granule
cells (Crespo et al., 1986), and they grow an axon into the mole-
cular layer of CA3 (Stanfield and Trice, 1988). In recent years,
this proliferative population has been studied as an example of
postnatal neurogenesis and stem cell proliferations. Proliferation
in the subhilar region of the dentate gyrus has been shown to be
affected by genetic differences (Kempermann et al., 1997;
Hayes and Nowakowski, 2002), species differences (Kornack and
Rakic, 1999), various treatments such as drugs (Eisch et al.,
2000), stress (Tanapat et al., 1998; Gould and Tanapat, 1999),
behavioral experiences (Kempermann et al., 1998a), hormones
(Cameron et al., 1998; Tanapat et al., 1999), aging (Kempermann
et al., 1998b), and exercise (van Praag et al., 1999).

Although proliferation in the dentate gyrus persists through-
out the life span of the animal, there is a significant decline with
age (Kuhn et al., 1996; Kempermann et al., 1998b); in mice at 18
months of age the reported number of BUdAR labeled cells
observed after 12 daily injections is only about 25% of the number
observed after a similar labeling paradigm at 6 months of age
(Kempermann et al., 1998b). This decline could be due to a
decrease in the number of proliferating cells, an increase in the
amount of cell death (in either the proliferating population or the
output population) during the 12-day period during which the
BUAdR injections were given, or both. (However, as yet untested is
the possibility that the difference could be a result of changes in 7,
and/or T, with age, for example, by a lengthening of G1 or a short-
ening of S.) What is significant, however, is that the proliferation
continues even in aged animals and that even though there is a
large decline over a one-year period, the decline is relatively small
when considered with respect to the length of a single cell cycle,
which is about 12—14 hr in mice (Hayes and Nowakowski, 2002)
and about 24 hr in rats (Cameron and McKay, 2001). Using the
longer cell cycle, that is, ~24 hr, the changes due to age would
indicate that the size of the proliferating population declines at a
rate of <0.15% per cell cycle. (Note that the converse also would
hold; that is, if the proliferating population is in fact a constant
size, then an increase in the length of the cell cycle of ~0.15% per
cell cycle could account for the age changes.)

THE RHOMBIC LIP AND THE EXTERNAL
GRANULE CELL LAYER OF THE CEREBELLUM

The external granule cell layer of the cerebellum is unique
among the proliferating populations of the CNS in that it is
adjacent to the pial surface rather than the ventricular surface
(Fig. 17). The external granule cell layer was first recognized as
the source of the granule cells of the cerebellum near the end of
the 19th century (Obersteiner, 1883; Schaper, 1897a, b; Ramon y
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FIGURE 17. The external granule cell layer (EGL) lies beneath the pial
surface of the developing cerebellum. These stem/progenitor cells divide in
the EGL and migrate through the molecular layer (Mol), past the Purkinje
cells into the internal granule cell layer (IG). Drawing from Jacobson (1991),
modified from Ramon y Cajal (1909-1911).

Cajal, 1909-1911). The cells of the external granule cell layer
originate from the rhombic lip and then migrate over the surface
of the cerebellum. The rhombic lip also gives rise to neurons of
the brain stem, chiefly of the inferior olivary nuclei but also of
the cochlear and pontine nuclei (Harkmark, 1954; Taber-Pierce,
1973). In the human the cells migrating from the rhombic lip to
the brain stem form a continuous band which was called the cor-
pus pontobulbare by Essick (1907, 1909, 1912).

The external granule cell layer is present in every verte-
brate that has been examined. It is a single layer of cells that is
about 68 cell diameters thick. Importantly, mitotic figures are
scattered throughout the external part of the layer indicating that
there is no interkinetic nuclear migration. In this regard, the
external granule cell layer is similar to the SVZ. The internal part
of the external granule cell layer is not a proliferative zone, but
instead it consists of cells that are “waiting” to migrate. The
major output of the external granule cell layer is the many cells
that comprise the internal granule cell, which are arguably the
most numerous neurons in the brain. The life span of the external
granule cell is long in comparison with the VZ that produces the
Purkinje cells of the cerebellum. For example, in the mouse, the
Purkinje cells are produced in a three-day period from E10 through
E13 but the internal granule cells are produced over a much more
extended period from late in the postnatal period through the
third week after birth (Miale and Sidman, 1961). The relatively
long period of neuron production in the external granule cell
layer is similar in other species including humans (Zecevic and
Rakic, 1976).
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It is interesting to note that the two major cell classes of the
cerebellum, the Purkinje cells and granule cells, are produced in
two distinct proliferative zones, the VZ of the fourth ventricle
and the external granule cell layer, respectively, at quite different
times during development. Thus, it is clear that the final product,
that is, the normal cerebellar cortex with a proper number of both
types of cells, requires an elaborate regulatory system that would
need to include some sort of feedback system through which the
early developing cell (the Purkinje cell) could influence the
production of the later developing cell (the granule cell). This
interaction is hinted at by the changes in the thickness of the
external granule cell layer in the reeler mutant mouse where it
achieves normal thickness only in places where the Purkinje cell
dendrites are normally oriented toward the pial surface (Caviness
and Rakic, 1978). Recent evidence indicates that this interaction
is mediated by sonic hedgehog which is released from the
Purkinje cells and which then binds to the Patchedl receptor on
the proliferating cells of the external granule cell layer (Corcoran
and Scott, 2001). Mutations in the Patchedl receptor may be
involved in the development of medulloblastoma, one of the most
common brain tumors of childhood (Corcoran and Scott, 2001;
Pomeroy et al., 2002).

OVERVIEW

The four major proliferative populations of the developing
brain each have a specific role during the development of the
brain. They have two important tasks which are to (1) produce
the right number of cells for the particular brain region—either
too many or too few will result in abnormalities—and (2) to pro-
duce the right class of cells (neurons vs glia, and subtypes of
each). The delineation of the regulation of these two tasks is a
major goal of developmental neuroscience. Progress toward
some aspects of this are detailed in other chapters of this
book.
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Anteroposterior and Dorsoventral Patterning

Diana Karol Darnell

PRINCIPLES AND MECHANISMS OF
PATTERNING

If development is the process of reproducibly taking undifferen-
tiated tissue and making it more complex in an organized way,
then pattern formation is the mechanism for producing the orga-
nization in that complexity. This requires initiating differential
gene expression within two or more apparently homogeneous
cells. In some organisms this is initially done by segregating
cytoplasmic determinants into specific daughter cells. These
cytoplasmic determinants (proteins or RNAs) can result in the
transcription of a restricted set of genes and begin the cascade
that sets up tissues as different from one another in a coordinated
pattern (Fig. 1). This is a totally cell autonomous mechanism and
theoretically it could be the only mechanism for patterning the
embryo. However, whereas this mechanism is well supported by
evidence in the initiation of pattern formation in many inverte-
brates (e.g., Drosophila) and is probably invoked in vertebrates
when asymmetrical cell division is the rule (e.g., stem cells), it
does not appear to be the main method for embryonic pattern
formation in vertebrates.

Vertebrate pattern formation, including the patterning of
the nervous system, involves cellular responses to environmental
asymmetries. Whereas embryonic cells initially may be a homo-
geneous population, they are not homogeneous in their relation-
ship to asymmetrical environmental signals; by definition some
are closer and some are further away. Thus, some receive a higher
level of the signal and some a lower level or none at all. This
difference gets translated into differential cellular response,
which results in pattern formation within the field (Fig. 2).

Understanding pattern formation in the vertebrate nervous
system means understanding this cascade of cellular and molecu-
lar interactions. The term cascade is often used to describe the
events in development and pattern formation because one or more
simple asymmetries initiate a pattern, which then becomes the
foundation for the formation of a more complex pattern, which in
turn forms the foundation for even finer patterning. The players in
such a cascade are the cells and molecules of the early embryo.
They include the source of the environmental asymmetry, which
secretes the signal, which binds to the receptors, which initiate the

signal transduction pathway within the responding cells, which
activates the franscription factors, which regulate the set of coor-
dinated downstream genes whose expression is modulated (up or
down) as a result. These downstream genes may code for new sig-
nals, receptors, signal transduction proteins, transcription factors,
or extracellular-, membrane bound-, cytoplasmic-, or nuclear-

facilitators or -antagonists to modulate the system (Fig. 3), adding

the next layer to the cascade.

The asymmetrical environmental cues often come from
neighboring embryonic tissues whose early differentiation has
made them into signaling centers. If these signaling centers can
both induce differentiation and pattern in an undifferentiated
field, they are called organizers, after the first such center to be
identified, the Spemann—Mangold Organizer in amphibians,
which was observed to induce and pattern the neuraxis (Spemann
and Mangold, 1924). The signaling molecules may be peptide
growth factors, vitamin metabolites, or other soluble, trans-
ported, or tethered ligands. When they have different effects
across a homogeneous field of responding cells depending
on their concentration, these signaling molecules are called
morphogens. Because they invest the cells within the field with
information about their relative position, they are also called
positional signals. Models involving differences in binding
affinity have been offered to demonstrate how one signal could
have differing affects at different concentrations (Fig. 4).

Regardless of mechanism, these signals activate or induce
the expression of a specific set of transcription factors that are
unique to responsive cells at a particular distance from the
source, and thus at a particular location in the embryo. These
transcription factors are called positional identity genes, and
they are often used as markers to define a region. Before the
molecular revolution, they were called positional information.
These transcription factors regulate the expression of selected
genes, which may code for a component in this or another
patterning pathway, or for proteins involved in differentiation of
these cells. In the nervous system, this could include proteins
mediating neuronal migration, axon outgrowth and navigation,
precise connections, specific neurotransmitter production, or
receptors that characterize the neurons of this locale. In the event
that these downstream genes are unique to this region, they
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Patterned epithelium with 4 different cell types

FIGURE 1. A patterned layer of cells can be achieved by localizing cytoplasmic determinants (shown here as various textures) within the parent cell. (A) Cell
division segregates these determinants into different daughter cells, and they instruct their descendants (B) to acquire different phenotypes or fates.
Cytoplasmic determinants are often RNAs for- or transcription factors themselves.
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Patterned epithelium with 4 different cell types

FIGURE 2. Asymmetric signaling (arrows) can change the fates of homogenous cells (white blocks) within the signal’s reach. Cell fates can be specified in
a stepwise pattern (as shown here, A > B > C > D) or all at once (A > D), depending on the timing of competence in the responding cells. This figure
represents the formation of four different cell types (D) in response to a developing concentration gradient of a signaling molecule. Initially (A), the signal is
low even near the source, but continued secretion yields a high concentration near the source and the possibility of inducing different cell types at several

thresholds.

can also be used as markers when assessing the patterning or
differentiation of the tissue.

The functions of various genes in these pathways are
assessed through three types of experiments. First, candidate
genes are identified because their expression shows a correla-
tion with the timing and position of an observed patterning event.
Second, the ectopic expression of the gene or presence of the pro-
tein causes a gain of function, showing that this gene product is
sufficient to induce the observed pattern. Finally, failure to
express the gene in the normal area results in a loss of function,
indicating that the product is necessary. Evidence that a gene
product is present, necessary, and sufficient is required to

demonstrate a cause and effect relationship between the gene
expression and the patterning event.

Model Organisms

The current understanding of vertebrate neural pattern
formation is due to research in a variety of model organisms
including frog and other amphibians, chick, mouse, and
zebrafish. Research with amphibians and birds has provided us
with information on tissue interactions associated with patterning
due to their accessibility to microsurgical manipulation, and
more recently with specific localized protein function through
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FIGURE 3. Pattern formation in vertebrates involves a signaling cascade that produces protein products, which can act in this cell or in the extracellular space
to modify some aspect of a future signaling event. In addition, cell-type specific genes can be expressed leading to differentiation. Receptors may be mem-
brane bound (as shown) for peptide ligands, or cytoplasmic as with RA and steroid ligands. Antagonists and facilitators can act in the extracellular space, in
the membrane in conjunction with the receptor, with the signal transduction proteins or with a transcription factor. A transcription factor and its associated
binding proteins can either up- or downregulate transcription of a given downstream gene.
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FIGURE 4. Model of morphogen action. Different concentrations of morphogen activate variable amounts of intracellular transcription factors. Downstream
genes with variable affinity for these transcription factors are therefore activated at different concentrations of the morphogen. For example, at high levels
of BMP (see Dorsal Patterning), high levels of nuclear SMAD activity would activate epidermal genes with low binding affinity (top cell), at intermediate
levels neural crest genes would be activated (medium affinity, middle cell), and at low levels neural genes would be activated (high affinity, bottom cell).
(Adapted from Wilson et al., 1997, with permission from the Company of Biologists Ltd.)

injection (frog) or transfection (chick) with corresponding genes In many cases, the molecular pathways and cellular
or mRNA. Mouse has allowed us to eliminate (or add) specific responses that have been identified appear to be conserved
genes, individually or in combination, to understand their impor-  between all vertebrates. In fact, for some molecular pathways, the
tance in specific pathways. Zebrafish has been useful for its ease  conservation reaches back to our common ancestors with insects;
of mutation, which has helped identify new players and reveal the same pathways are used in Drosophila. In others, there appear
their importance in the signaling pathways. to be differences in pattern regulation that are specific to classes
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of vertebrates. The best described of the general vertebrate cen-
tral nervous system (CNS) patterning cascades include the
anteroposterior (AP) patterning of the midbrain and hindbrain
(reviewed by Lumsden and Krumlauf, 1996), and the dorsoven-
tral (DV) patterning of the spinal cord (reviewed by Tanabe and
Jessell, 1996; Lee and Jessell, 1999; Litingtung and Chiang,
2000). These will be discussed, and what is known about other
regional CNS patterning pathways will be mentioned to highlight
our current understanding of neural pattern formation.

Axes of the Nervous System

The vertebrate nervous system is initially induced as an
apparently homogeneous epithelial sheet of ectoderm adjacent
to its organizer (see Chapter 1). This neural plate has contact
ventrally with the underlying dorsal mesoderm, and laterally with
the epidermal ectoderm, and these two neighboring tissues assist
the neural plate to form a neural tube in a generally rostral to
caudal sequence. Subsequently, a number of broad, discrete
regions will form, both anteroposteriorly and dorsoventrally,
beginning the cascade of specialization that will ultimately give
rise to the complex vertebrate CNS (Fig. 5). Traditionally we
identify the prominent AP regions as forebrain, midbrain, hind-
brain, and spinal cord, whereas in the DV plane (at least in the
trunk) we recognize the dorsal sensory neurons and ventral motor
neurons. In addition, from the lateral margins of the early neu-
roectoderm, the sensory placodes and neural crest form and
generate the cranial nerves and the peripheral nervous system
(PNS; Fig. 5, see also Chapter 4). At later stages, left vs right also
becomes an important feature of the differentiated nervous
system; however, virtually nothing is known at this time about the
control of this patterning. The cellular and molecular mecha-
nisms associated with the AP and DV cascades of patterning
that give rise to distinctive regional development in the early
vertebrate neuroectoderm is the focus of this chapter.

AP PATTERN

Early Decisions

At its inception, the neural plate has three axes, AP, medi-
olateral, and left-right. As it forms the neural tube, the AP axis
comes to extend virtually the entire length of the dorsal embryo.
Patterning in the AP plane proceeds from coarse to fine subdivi-
sions and involves morphogens, receptors, internal and external
regulators, signal transducers, transcription factors, and tissue
specific target genes. The embryo matures in a head to tail
direction, so more anterior structures are further along in their
developmental cascade than are caudal structures. Thus, it is
often not entirely meaningful to state the subdivisions as though
they have formed concurrently. The AP cascade is much more
complex than that. However, for simplicity’s sake we say that the
early neural plate begins its life in an anterior state (defined here
as “head”), and the first step in patterning is to establish from

this a separate “trunk™ region. Soon thereafter, beginning at the
anterior end of the embryo, the neural plate forms a neural
tube, which swells, extends, and further subdivides to form the
prosencephalon or forebrain, the mesencephalon or midbrain,
the rhombencephalon or hindbrain, and the narrow spinal cord
(Fig. 6). Conventional embryology and anatomy include the fore-
brain, midbrain, and hindbrain with the head, and begin the trunk
at the anterior spinal cord (either just caudal to the last rhomben-
cephalic swelling at r7 and the first somite, or at the level of the
fifth somite and first cervical vertebrae). However, evolutionar-
ily, it appears that the hindbrain level of the AP axis may have
come first in prevertebrate chordates, with structures anterior
(new head) and posterior (trunk and tail) being added as verte-
brates evolved. Within the realm of neural pattern formation,
this “new head” including the forebrain and midbrain express
Otx2 and other non-Hox transcription factors as positional
information, and are dependent for their formation on several
signaling factors called “head inducers” (see below), making this
region of the head distinctly different from the hindbrain. In con-
trast, the spinal cord is clearly patterned as an extension of the
hindbrain using Hox genes as positional information, and is
dependent for its formation on several caudalizing factors, which
are antagonistic to those involved in “new head” formation. Thus,
for the purposes of discussing pattern formation, “head” will be
defined as the neuroectoderm rostral to the midbrain/hindbrain
boundary (site of the isthmic organizer), and “trunk” as the area
caudal to it (including the future hindbrain and spinal cord). This
“head-trunk” division represents a didactic effort to segregate
major patterning differences.

Within the head and trunk further subdivisions are estab-
lished in response to asymmetric signals through the expression
of positional information genes (region specific transcription
factors), and these regions in turn are also subdivided until the
finely patterned detail of the fetal CNS is achieved. Details of our
understanding of the pathways leading to these major and minor
subdivisions appear below.

First Division

The longstanding models for AP patterning are founded on
landmark experiments from the early part of the last century
(Spemann and H. Mangold, 1924; Spemann, 1931; O. Mangold,
1933) and reconsidered in the 1950s by Nieuwkoop (Nieuwkoop
et al., 1952) and Saxen and Toivonen (reviewed by Saxen, 1989).
Working with amphibian embryos, Spemann and H. Mangold
discovered that the upper (dorsal) blastopore lip could induce a
well-patterned ectopic neural axis. They called this region the
organizer. Subsequently, Spemann (1931) determined that the
organizer of younger embryos could induce a whole axis includ-
ing head while older organizers could only induce the trunk
neuraxis. Similarly, O. Mangold determined that the underlying
mesendoderm having ingressed from the organizer at early stages
induced the head, whereas the later mesoderm induced the
trunk. Thus the concept of head and trunk as the first coarse AP
division of the neuroectoderm was established.
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FIGURE 5. Chart showing developmental progression of ectodermal differentiation. CN, cranial nerves are: I Olfactory (special sensory), II Optic
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(CNS, PNS, Non-neural).

Head Neural Induction and Maintenance

The major similarity between the early models of AP pat-
terning is the understanding that the initial neuroectoderm
induced is rostral in character, either by default or due to primary
rostralizing signals that are present as the neural ectoderm forms.
This understanding has been supported at the molecular level
by observations that the neural inducers chordin, noggin, and

follistatin (all Bone Morphogenic Protein or BMP inhibitors) are
able to induce forebrain but not neuroectoderm of more posterior
character in amphibian animal caps (see Chapter 1), whereas
in mouse double mutants for chordin and noggin, the forebrain
does not form (Bachiller et al., 2000). These experiments
indicate these factors are both sufficient and necessary to form
the head.
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FIGURE 6. Drawings of avian embryos at various early stages. (A) At late stage 3, the neural plate (NP) (bold line) forms around the organizer (gray). (B)
At stage 8, the neural plate rolls into a neural tube (NT) beginning at the future midbrain level. (C) At stage 11, the neural tube has formed its rostral vesicles,
the prosencephalon (Pros) or forebrain, mesencephalon (Mes) or midbrain, and thombencephalon (Rh) or hindbrain as well as the spinal cord (SC). Arrow
shows the location of the isthmus, which forms an organizer between the mesencephalon and rostral rhombencephalon.

However, this one-step model of head formation appears to
be an oversimplification because other proteins or tissues have
been identified that are also sufficient and necessary for head
formation. In mammals, there is a second signaling center,
the anterior visceral endoderm (AVE) that secretes a TGFR
superfamily member (Nodal) and TGFB and Wnt antagonist,
Cerberus-like (cerl), that are involved in head formation. In
many vertebrates cerberus and several other Wnt antagonists
(Dickkopf-1 [Dkk1], Frzbl, and Crescent) are expressed in the
rostral endoderm or cells in the early organizer, tissues which
share head-forming qualities with the mammalian AVE. Ectopic
expression of cerberus (in Xenopus; Cer, Bouwmeester et al.,
1996) and Dkk1 (in Xenopus and zebrafish; Kazanskaya et al.,
2000, Hashimoto et al., 2000) show these proteins are sufficient
to produce anterior neural ectoderm from ectodermal precursors.
In addition, Xenopus embryos posteriorized experimentally
(with bFGF, BMP4, or Smads: See below) are rescued by Dkk1
(Hashimoto et al., 2000; Kazanskaya et al., 2000). Conversely,
overexpression of head inducers in caudal neuroectoderm results
in the loss of caudal markers and the expansion of more rostral
fates. All of these experiments indicate that these “head induc-
ers” are sufficient to support rostral neural formation. These
proteins are probably also necessary, because injections of
anti-Dkk1 antibody resulted in loss of the telencephalon and
diencephalon, and null mutation of Dkk in mouse leads to loss
of all head structures anterior to the hindbrain (Mukhopadhyay
et al., 2001).

From these data we infer that these additional signaling
factors induce head formation and this could be used to argue
that anterior neuroectoderm is not the default state. On the other
hand, rostral neural ectoderm could still be the default but unde-
termined state, and these factors could merely be required to
protect it from transformation to more caudal fates in the pres-
ence of caudalizing signals. Because their function is the antago-
nism of Wnt action, and Wnts are caudalizing factors, it seems
reasonable that anterior is the default and that “head inducers”

like Cer and Dkk are required to override caudalizing factors to
maintain (determine) the head in its original state (see below).

Trunk Neural Induction

Whereas the early modelers of AP pattern agreed that head
neuroectoderm was primary, they differed in their ideas of how
more caudal neuroectoderm was formed (Fig. 7). The Spemann/
Mangold model proposes that the cells in the early organizer
induce and pattern the head, whereas at a later stage these
cells are replaced with a population that induces the trunk neuro-
ectoderm. Thus the organizer shifts from inducing the head to
inducing the trunk over time (temporal separation) through the
movement of cells (spatial separation). Nieuwkoop and cowork-
ers proposed that signals (called transformers) from some other
source could convert some of the rostral neuroectoderm into
caudal neuroectoderm. Saxen and Toivonen proposed opposing
gradients of morphogens whose relative levels would establish
appropriate AP patterning separate from neural induction.
One major difference between the models is whether a neural
inducing and caudalizing signal is relayed through the organizer
and coupled to induction or whether a caudalizing signal from
a nonorganizer source transforms already-induced neuroecto-
derm directly by acting in a competitive or antagonistic manner.
In the end, there is no reason that all of these pathways could not
be used during AP patterning of the nervous system, and indeed,
evidence indicates that they are (Kiecker and Niehrs, 2003).

Evidence in support of the Spemann/Mangold head- and
trunk-organizer (Fig. 7A) model comes from several sources.
First, classic amphibian and avian grafting experiments show that
young organizers can induce a complete axis, whereas older
organizers have lost the ability to induce the head. Second,
“Keller sandwich” experiments, in which the amphibian neural
ectoderm extends without underlying mesoderm, show that AP
neural patterning can result from planar signals from the orga-
nizer (reviewed by Doniach, 1993; Ruiz i Altaba, 1993, 1994).
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FIGURE 7. Three models of initial neural pattern formation. Arrows indicate patterning signals. (A) The Spemann/Mangold model wherein early signals from
the organizer pattern the head and later signals from the organizer pattern the trunk. (B) The Nieuwkoop model wherein early signals from the organizer pattern
the head and then later signals from other sources transform more caudal neuroectoderm into trunk. (C) The Saxen & Toivonen model wherein a rostral
gradient of anteriorizing signals patterns the head and a caudal gradient of posteriorizing signals patterns the trunk.

Third, if the trunk organizer is going to exist with separate func-
tion from the head organizer, then one needs evidence that the
organizer changes its secretory molecules over time and that the
later ones can cause caudalization of the neuroectoderm. This has
been demonstrated in mouse where retinoic acid (RA), a caudal-
izing agent, is produced by the older node but not the younger
(Hogan et al., 1992) and in Xenopus, where derivatives from the
young node secrete chordin, which induces the head, whereas
derivatives of older nodes secrete fibroblast growth factor (FGF),
which induces the trunk (Tiara et al., 1997). In addition, older
chick nodes can induce Xenopus animal caps to express Pax3, a
caudal marker, whereas younger nodes cannot (Bang et al.,
1997). Fourth, if the trunk organizer is going to be both inducing
and patterning the trunk neuroectoderm in a single step, then a
molecule that can both induce and caudalize must be identified.
FGF is able to do both (Lamb and Harland, 1995). Fifth, there is
evidence that trunk neuroectoderm is created de novo from later
node and this generation requires FGF (Mathis et al., 2001).
Finally, recent experiments have implicated BMP-4 as a signal
that acts directly on the Xenopus organizer to convert it
from a head inducer to a trunk inducer (Sedohara ez al., 2002).

Thus tissue interactions appropriate for the Spemann/Mangold
model of AP pattern play a role in AP neural patterning.
Significant evidence also exists in support of the
Nieuwkoop model (Fig. 7B). This model is usually called
activation/transformation for the initial activation (induction
and patterning) of the head neuroectoderm by the organizer, fol-
lowed by the subsequent transformation of the caudal cells in this
head field into trunk neuroectoderm. Classic amphibian experi-
ments demonstrate that vertical signaling from the mesoderm can
directly pattern the neuroectoderm induced by the organizer
(reviewed by Doniach, 1993; Ruiz i Altaba, 1993). Several
secreted factors capable of caudalization have been identified
including FGFs, RA, and vertebrate homologs of the Drosophila
wingless protein (Wnts). FGFs (in Xenopus) are expressed in the
posterior dorsal mesoderm during gastrulation. When anterior-
ized animal caps (which form anterior neural ectoderm express-
ing Otx-2 (forebrain and midbrain) and En2 midbrain—hindbrain
boundary) were treated with bFGF both anterior and posterior
markers (Krox-20/hindbrain and Hoxb-9/spinal cord) were
expressed. When a later stage of the neural ectoderm was treated
with bFGF it induced forebrain to express a hindbrain marker
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and hindbrain to express the spinal cord marker (Cox and
Hemmati-Brivanlou, 1995). In another lab, Kengaku and Okamoto
(1995) determined that progressively more posterior markers were
induced when increasing concentrations of FGF were provided to
neural ectoderm. Finally, recent work in zebrafish indicates that
FGF3, through chordin (a BMP inhibitor), mediates expansion
of the posterior- and suppression of the anterior neuroecto-
derm (Koshida et al., 2002). Thus, FGFs would fit the role of
Nieuwkoop’s transforming signal. But they are not alone.

Retinoids can also serve this function. Retinoids are
expressed at high levels in the posterior neuroectoderm and
are involved in establishing the positional information for the
hindbrain. RA and other retinoid derivatives of vitamin A act as
signaling molecules much as steroid hormones do. They are able
to pass through the plasma membrane of cells and bind to
retinoic acid receptors called RARs and RXRs (retinoid X recep-
tor peptides) in the cytoplasm. These translocate to the nucleus
and act as transcription factors by binding to retinoic acid
response elements (RAREs) within the promoters of certain
genes. Hox genes contain RAREs and their expression is modi-
fied by levels of retinoids acting as morphogens. That is, Hox
genes with rostral expression patterns (e.g., in the rostral hind-
brain) are expressed at low levels of retinoids, while more caudal
Hox genes are expressed only where the levels of retinoids
are higher. Blocking RA signaling results in the loss of caudal
rhombencephalic pattern and the transformation of this region
into more rostral rhombencephalon (Dupe and Lumsden, 2001;
see Hindbrain Patterning below). Artificially raising the concen-
tration of RA in the environment results in changes in the expres-
sion patterns of some regionally expressed transcription factors
including Hox genes, demonstrating the relationship between this
morphogen and these positional information transcription
factors. Phenotypically, increased RA results in a loss of anterior
structures and markers (Fig. 8A). Distinct phenotypes are gener-
ated depending on the timing of exposure to RA (in mouse)
indicating that RA can influence differentiation at several steps
in the AP axis cascade (Fig. 8B; Simeone et al., 1995).

Finally, a strong case can be made for Wnts as transform-
ers in the caudalizing of the neuroectoderm. Overexpression of
various Wnts, or of the elements in their canonical signal trans-
duction pathway, or of lithium chloride, the artificial activator of
this pathway, leads to loss of head structures and induction of
posterior neural markers. Blocking Wnt activity leads to head
gene expression, while mutations in various genes in this path-
way lead to caudal truncations. Recently, Kiecker and Niehrs
(2001) have shown that neuroectoderm associated with increas-
ing concentrations of Wnt8 expresses genes associated with
increasingly caudal levels of the neuraxis, demonstrating that
Wht, too, is a caudalizing morphogen. Thus, these three caudal-
izing morphogens, FGFs, RA, and Wnts, support the Nieuwkoop
model of Activation and Transformation. By regulating the
expression of positional identity genes within the already-formed
anterior neuroectoderm, transforming signals can mediate
posterior neural patterning.

Finally, the Saxen and Toivonen model (see Fig. 7C)
seems to best express how the head is maintained in light of these

transforming/caudalizing factors. But rather than a competition
between two positive signaling gradients as originally proposed,
we find the mechanism of head and trunk formation ultimately
depends on antagonism gradients of inhibitors, comparable to the
amphibian model for the induction of the neuroectoderm
(Chapter 1; Fig. 9). In both cases, the default state is singular.
In “neural induction” the default state of the ectoderm is neural
(expressing transcription factors Sox1, 2, and 3). In “head induc-
tion” the default state is anterior ectoderm or head (expressing
transcription factors Lim1, Otx2, and Anf). To increase complex-
ity during development, secreted signals appear with the ability
to transform this uniform tissue into another. For neural induc-
tion they are BMPs, and the secondary state is epidermal ecto-
derm. For AP neural pattern, these signals include RA, FGFs,
Whnts, and BMPs (Glinka et al., 1997; Piccolo et al., 1999) and
the secondary state is more caudal neuroectoderm. In order to
protect the first state from this modification, antagonists of these
signal(s) are generated. In neural induction, these are noggin, fol-
listatin, and chordin expressed in the organizer and its derivatives.
For AP patterning, these could be proteins such as cerberus, dick-
kopf, nodal, and lefty (reviewed by Perea-Gomez et al., 2001),
frzb, noggin, and crescent, which are secreted from the rostral
mesendoderm and which are antagonists of Wnts, BMPs, and
other signaling molecules involved in caudal specification.
Successful protection of a subset of the original ectodermal region
results in the formation of two separate potentials in each case
(neural vs epidermal and “head” vs “trunk”). In addition, because
the BMPs and caudalizers are morphogens, additional intermedi-
ate states can also be induced at the interface between these two
states resulting in additional complexity. For neural induction, this
begins the DV patterning cascade by inducing the neural crest,
whereas for AP patterning the midbrain—hindbrain boundary or
isthmus, appears to be the intermediate state. Thus, a three-step
model of early AP pattern formation is supported: Neural induc-
tion (with anterior character), caudalization (new neural induction
and transformation to generate trunk character), and anterior
maintenance to protect two separate states, “head” and “trunk.”

Although this three-step model is presented as a synthesis
of the historical models that fits the current data, there are other
ways of interpreting these data. One alternate interpretation still
holds head induction to be the direct result of BMP and Wnt
antagonism (an unmodified Saxen—Toivonen double-inhibitor
model). This is supported by ectopic head induction using appro-
priate antagonists in Xenopus embryos (e.g., see Niehrs et al.,
2001). These antagonists are sufficient for head induction, but
because they are also required for head maintenance and the
neural state may be the default, it is difficult to demonstrate
whether they are or are not actually required for induction of
the head.

In addition, there may be some important differences
between model animals in the caudalizer-antagonism step of this
AP patterning. Specifically, the required source of the secreted
caudalizing-factor antagonists (“head inducers”) in mammals
is the AVE (reviewed by Beddington and Robertson, 1998),
although grafts to other species indicate the mouse node/
organizer also produces the appropriate signals to induce and
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FIGURE 8. Effects of RA addition to developing CNS. (A) Diagrammatic representation of chick embryos treated with RA at stage 3 and cultured for 24 hr.
Control embryos develop normal features and express En2 at the isthmus (solid black). Embryos treated with 6 um RA express En2 in a smaller area and at
lower levels. Embryos treated with 10 wm RA failed to express En2 or expressed it at levels undetectable with whole mount immunocytochemistry.
Development of tissues rostral to the mesencephalon was not observed (Darnell, 1992). (B) 250-400 mouse embryos were analyzed for each time point and
the percentage of each phenotype is shown on the graph. The wild-type phenotype dominates for RA treatment at both ends of the trial period, delineating the
critical period for RA effect overall. The shifts in distribution between the other phenotypes indicates RA has different functions at different times during devel-
opment. Phenotype A (mild: reduction in the olfactory pit and midbrain DV compression) reveals the structures most sensitive at 6.8 and 7 dpc. Phenotype B
(severe, atelencephalic microcephaly: growth retardation; reduction or lack of anterior sense organs and neural vesicles back to the isthmus; branchial arches
reduced or abolished and hindbrain disordered). Sensitive period 7.6—8.0 dpc. Phenotype C (moderate, anencephaly: hypertrophic obliteration of the ventri-
cles, open neural roof for diencephalon through hindbrain, all anterior genes expressed but domains altered, for example, Hoxb1 expression expanded from
normal r4, into presumptive r2-r3 territory). Sensitive period 7.2-7.6 dpc. (Redrawn after Simeone ef al., 1995, Fig. 1.)

maintain head (e.g., see Knoetgen et al., 2000). Traditionally, in
birds, fish, and amphibians the source of “head” inducers has
been attributed solely to the early organizer/node and its derived
prechordal plate mesendoderm, although this has been recently
contested. In chick, the hypoblast, a tissue similar to the AVE,
can transiently induce early head neural markers (Foley ef al.,
2000) and the foregut endoderm is involved in forebrain pattern-
ing (Withington et al., 2001). In fish, rostral endodermal cells are
involved in anterior neural patterning through Wnt antagonism

(Houart et al., 1998, 2002). And in Xenopus, endodermal expres-
sion of Hex (an AVE associated gene in mouse) is also involved
in anterior patterning of the neuroectoderm (Jones et al., 1999).
Thus, it now seems less likely that the two-source localization
of early head maintainers in mammals is due to mutations that
occurred in the signals localizing the expression of these genes
after mammals diverged from other vertebrates. Instead, it may
be a more primitive pattern that has been maintained more
robustly or localized differently in small embryos where the
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FIGURE 9. A comparison of the models for neuroectoderm “induction” and patterning. (A) The first phenotype of ectoderm is neuroectoderm. The first
division of this tissue into two types occurs when inhibitory signals from the periphery (BMP) inhibit the neural signaling pathway and turn the outer area
into epidermal ectoderm. The neural ectoderm is protected from these inhibitors by inhibitors from the organizer. (B) The first phenotype in patterning is head
neuroectoderm. The first division of this tissue into two types occurs when signals from the caudal embryo transform closer neuroectoderm into trunk neu-
roectoderm. (These signals may either activate and/or inhibit certain gene expression.) The head is protected from these transforming signals by inhibitors

expressed rostrally.

caudalizing signals would otherwise swamp out the rostral region.
Experiments in diverse vertebrates with embryos of various sizes
will be required to test this hypothesis.

Regional Patterning
Forebrain

The “head” is thus defined for pattern formation purposes
as a region of anterior neuroectoderm that initially expresses the
transcription factor Otx2 and extends from the anterior neural
ridge at the rostral end of the embryo to the isthmus at the poste-
rior margin of the future midbrain. Mouse mutants lacking Otx2
fail to form head structures (Acampora et al., 2001), whereas in
Xenopus, Otx2 is sufficient to induce anterior neural genes
(Gammill and Sive, 2001). Thus, this transcription factor pro-
vides positional information for the head.

This Otx2 field subsequently subdivides within in the AP
plane to generate the more complex pattern associated with the
later forebrain and midbrain. These subdivisions result from
responses to patterning signals from the underlying mesendo-
derm or prechordal plate and from new sources of environmental
asymmetry, the anterior neural ridge in the anterior head and the
isthmus in the posterior head. These signals could induce the
appearance of active, region-specific transcription factors
that could subdivide and further pattern the head. For example,
Otx2 spans the head at the neural plate stage. Later, Otx1 is
upregulated in all but the rostral region of Otx2-expression, then
Emx2 is upregulated in the middle of the Otx2 region and Emx1
in the middle of this. The Otx2 pattern is followed by neural tube
closure and the formation of anatomically identifiable pattern
within the neural tube (36 hr in chick, 8-9.5 days in mouse,
4 weeks in human) correlated with the expression of these later
genes (Fig. 10; Boncinelli ef al., 1993; Bell et al., 2001).

Anatomically the prosencephalon (forebrain) forms
the telencephalon (rostral forebrain) and diencephalon (caudal
forebrain). The telencephalon, which ultimately forms the
cerebral isocortex, olfactory cortex and bulbs, hippocampus, and
basal ganglia (striatum and pallidum) expresses all of the head
transcription factors mentioned previously, plus BF1. BF1 is
upregulated in the telencephalon and retina by FGF8 (Shimamura
and Rubenstein, 1997), a signaling molecule that is expressed in
the anterior neural ridge and at the isthmus. Because the mesen-
cephalic neuroectoderm does not upregulate BF1 in response to
FGEF8 (rather it upregulates the isthmic gene En2), it is clear that
differential competence is established regionally within the head
prior to the expression of these later marker genes.

The patterning of the diencephalon (in chick) has been
described (Larsen et al., 2001) but the signaling events required
for this pattern formation have not been determined. The early
diencephalon is subdivided into two functionally distinct regions:
the anterior parencephalon and the posterior synencephalon.
There is no cellular boundary (lineage or cell-mixing restriction)
between the parencephalon and the telencephalon anterior to it;
however, such a boundary does exist between the parencephalon
and synencephalon (lineage restriction), and between the synen-
cephalon and mesencephalon (lineage and cell-mixing restric-
tion). Subsequently, the parencephalon is subdivided into ventral
and dorsal thalamus by an anatomical feature called the zona lim-
itans intrathalamica (zli), which is correlated with cells on either
side becoming restricted to their compartment and with Gbx2
expression dorsally and DIx2 and Pax6 expression ventrally.

Specific regulation of a number of other transcription
factors has been correlated with the development of specific
regions within the rostral head. For example, four POU-III
transcription factor genes, Brn-1, Brn-2, Brn-4, and Tst-1, are
expressed in the rat forebrain beginning on embryonic day 10 in
a spatially and temporally complex pattern. The most restricted
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FIGURE 10. A diagram of the strong expression domains of four “head” genes in the mouse (E10). Internal lines correspond to locations where expression
patterns change, indicating a possible functional boundary in AP patterning. Various anatomical subdivisions or precursor regions are labeled, including DT,
dorsal thalamus; MES, mesencephalon; noto, notochord; OR, optic region; PO, post-optic; PT, pretectum; RM, retro-mammilary area; SL, sulcus limitans;

and VT, ventral thalamus. (Redrawn after Boncinelli et al., 1993.)

of these is Brn-4, which is expressed in the striatum of the telen-
cephalon and parts of the thalamus and hypothalamus within the
diencephalon (Alvarez-Bolado et al., 1995). Dix- and Nkx2 gene
families are regionally expressed in the diencephalon and other
regions of the forebrain and their expression boundaries correlate
with certain morphological boundaries (e.g., between isocortex
and striatum within the telencephalon; Price, 1993). No clear
boundaries of gene expression or cell-mixing restriction have
been detected to subdivide the diencephalon into more restricted
neuromeres, although the boundary between the diencephalon
and mesencephalon is so defined (Larsen ef al., 2001).

Midbrain and Isthmus

Just caudal to the diencephalon, there is a bulge in the
neural tube called the mesencephalon or midbrain. It is limited
at its posterior margin by a constriction called the isthmus
(see Fig. 6). The dorsal mesencephalon contributes to the supe-
rior and inferior colliculi (in mammals; equivalent to the optic
tectum and torus semicircularis of birds), whereas the ventral
mesencephalon (also known as tegmentum) generates structures
such as the substantia nigra and the oculomotor nucleus. Otx2 is
expressed broadly anterior to the isthmus, while the signaling
molecule Wntl is expressed in a narrow band at the constriction.
On the other side of the constriction, the transcription factors
Pax2 and Gbx2 and signaling-molecule FGF8 are upregulated at
the right time to be involved with the patterning of this region.
Otx2 and Gbx2 appear to act as transcriptional repressors,
each repressing the transcription of the other to generate a tight

boundary of gene expression at the isthmus, which is required for
the appropriate expression of Fgf8, Pax2, and En2 (Glavic et al.,
2002). This boundary is not, however, a compartment boundary
that limits cell movement across it (Jungbluth et al., 2001).
Another transcription factor, Xirol, is expressed in a domain that
overlaps the expression of Otx2, Gbx2, and FGF8 and is required
for their correct spatial regulation (Glavic et al., 2002).

Mouse mutants demonstrate that the signaling molecule
Wntl and transcription factors Enl/En2 expressed around this
region are necessary for its development. Simultaneous knock-
outs of Enl and En2 result in failure of midbrain and cerebellar
development. Knockouts of Wntl/ show early expression of
Enl and En2 but their increased expression is not maintained
(McMahon et al., 1992) and the mesencephalon and rostral
rhombencephalon regions (cerebellar anlagen) subsequently fail
to develop (McMahon and Bradley, 1990). Thus it appears that
the transcription factors Enl and En2 are positional information
genes required for the development of the midbrain and cerebel-
lum and that they are initially expressed at the boundary between
“head” and “trunk” neuroectoderm and maintained by Wntl.
So what turns on Wntl or Enl and En2?

Evidence showing that FGF8 secreted by the isthmus
serves this function comes from bead implantation studies in the
chick and mutation in zebrafish. Implanting FGFS8 soaked beads
in more rostral regions of the neuroectoderm induces several
genes of the midbrain—thombomerel region in adjacent tissue
including Wntl, En2, and FGFS8. FGF8 does this by binding to its
receptor and initiating a signal transduction pathway that acti-
vates Pou2/Oct3/4 transcription factors (Reim and Brand, 2002).
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Is FGF8 a morphogen? En2 is expressed in a gradient in the mid-
brain, an area that forms the optic tectum anterior to the isthmus
(at low En2 levels) and the cerebellum posterior to the isthmus
(at high En2 levels). This could be due to limited competence of
these areas to respond, in which case they are prepatterned, or it
could be a graded response to FGF concentration. To test this, the
isthmus was grafted to either forebrain or hindbrain regions.
When a part of the isthmus itself is grafted to the forebrain,
areversed gradient of En2 is induced nearby, with the higher con-
centrations near the graft (rostrally) and the lower concentration
at a distance (caudally, Fig. 11). In these embryos, an ectopic
cerebellar vesicle develops rostral to the ectopic optic tectum,
supporting the conclusion that the concentration of the transcrip-
tion factor En2 is differentially instructive within the develop-
ment of the midbrain and hindbrain and thus that its inducer,
FGFS, can act as a morphogen. However, in the hindbrain
location, only cerebellum was induced, indicating that this tissue
has received previous patterning information that limits its
response to these inductive signals.

Thus the isthmus forms at a boundary between the mid-
brain (expressing Otx2) and the hindbrain (expressing Gbx2),
which for patterning purposes we could say is between the
“head” and the “trunk.” This interface provides an asymmetrical
source of signaling molecules that are involved in AP pattern of

En2 20hr
after graft
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Mature
phenotype

Chick host

Quail donor

FIGURE 11. Gain-of-Function experiment in chick showing the isthmus is
sufficient to reestablish the mesencephalon and rostral rhombencephalon
when grafted to an ectopic site. Shading indicates the gradient of En2 expres-
sion surrounding the isthmus. Neuroepithelium was taken from the isthmus
region of a donor quail embryo (empty framed area) and grafted into the pros-
encephalon (stippled framed area) of a chick host. At 20 hr after grafting, the
graft maintained En2 expression (small arrow) and induced En2 expression
in the adjacent chick tissue. As with the normal expression, a gradient of En2
expression forms as the distance from the isthmus tissue increases. At later
stages, the quail graft contributed directly to an ectopic cerebellum (thin
arrow), and chick tissue just caudal to the graft formed an ectopic mesen-
cephalon (open arrow) instead of dorsal thalamus (its normal fate). The
ectopic mesencephalon/cerebellum is inverted in the AP plain relative to
the host mesencephalon/cerebellum, indicating that their patterning is not
influenced by a prepattern within the head neuroectoderm. (Redrawn after
Alvarado-Mallart, 1993, Fig. 1.)

the cells both rostral and caudal to it. It is therefore referred to as
the isthmic organizer.

Hindbrain

Just caudal to the isthmus, the neural swelling called the
hindbrain or rhombencephalon develops (see Fig. 6). The rostral-
most section of this vesicle (rl) expresses En2 in a gradient
peaking at the rostral margin (the isthmus) and forms the cere-
bellum under the influence of FGF8 and Wntl (see above). The
rhombencephalon is characterized early during development by
its subdivision into anatomically identifiable rhombomeres.
Rhombomeres 1-7 (r1-r7) form as identifiable bulges in the
rhombencephalon proper, and the eighth metameric unit, r8,
forms at the caudal end of the visible hindbrain, alongside the
first five somites, and is similar in construction to the spinal
cord. All eight rhombomeres constitute the rhombencephalon. At
their dorsal margin, rhombomeres give rise to neural crest that
forms the sensory component of the cranial nerves (along with
contribution from ectodermal placodes, see Neural Crest and
Placode). Laterally, interneurons form connecting sensory-motor
reflex arcs and other inter-CNS connections. Ventrally, they
produce motor neurons that contribute to the motor component
of the IVth to XIIth cranial nerves. Specific cranial nerves
arise from specific rhombomeres (Fig. 12) and cells within the

Cranial Nerves
| Olfactory (ss)

Il Optic (ss)

IIl Oculomotor (MA)

IV Trochlear (M)

V Trigeminal (MS)

VIl Facial (AMS) and

VIII Vestibulo-acoustic (ss)
VI Abducens (M)

IX Glossopharyngeal (AMS)
X Vegas (AMS)

XI Accessory (MA)

X1l Hypoglossal (M)

Autonomic (A), Motor (M), Sensory (S)
and Special Sensory (ss)

FIGURE 12. Cranial nerves: Diagram illustrating the AP origin of each
cranial nerve in a d3 avian embryo. Motor and special sensory components
come from the neural tube, whereas autonomic and sensory compo-
nents come from the neural crest and placodes (see also Fig. 17). The motor
branch of the trigeminal forms from axons of cell bodies in r2 and 13, and the
glossopharyngeal from axons of cell bodies in 6 and r7. Axons contributing
to the facial and auditory (vestibulo-acoustic) both exit at the same location
in r4 (Lumsden and Krumlauf, 1996).



rhombomeres do not mix between rhombomeres beyond a
certain stage. This demonstrates a new feature of patterning not
yet addressed here: segmentation.

Most of what is known about segmentation and pattern for-
mation was learned from the fruit fly, Drosophila. Fruit-fly body
segmentation arises by a cascade of gene expression that sub-
divides a larger field. Large regions are specified by gap genes,
and these are further subdivided into two-segment wide regions
by the expression of pair-rule genes. Both gap and pair-rule
genes are regulated by a morphogen gradient (bicoid) from one
end of the embryo. These regions subdivide further under the
influence of segment-polarity genes, which establish firm bound-
aries between the cells of each segment through negative-
feedback circuits. As these boundaries are being established,
the gap and pair-rule genes turn on specific sets of positional
information transcription factors that will determine the later
phenotype of each segment. In the fly, many of these positional
information genes contain a conserved region called the home-
obox. Homeobox-containing genes (Hom genes in flies) produce
homeodomain proteins that are expressed in overlapping
domains and establish positional information based on their ros-
tral boundaries. The order of rostral expression of the Hom genes
matches their 3’ to 5" order within the Hom gene clusters on the
chromosome, a feature called colinearity. Hom genes are assisted
in their function of generating positional information by two
other transcription factors, Extradenticle (Exd) and Homothorax
(Hth). Segmentation of the vertebrate hindbrain shares some of
these features.

No gap genes have been identified to define primordial
subdivisions in the hindbrain as Otx2 and Gbx define the
mesencephalic/rhombencephalic boundary and adjacent regions.
So in vertebrates this first subdivision of the hindbrain may
represent direct responsiveness to combinations of morphogen
gradients. This has recently been shown for the normal develop-
ment of rl, which is patterned by isthmic FGF8 and RA (Irving
and Mason, 2000), and for r5 and r6, which depend on a differ-
ent gradient of RA (Niederreither et al., 2000) acting through
RARa or RARy (Wendling et al., 2001). Within the posterior
hindbrain many transcription factors are upregulated by the
morphogen RA; however, the sources and directions of the RA
gradients are a point of contention (Grapin-Botton et al., 1998;
Begemann and Meyer, 2001).

Although not necessarily involved in a primordial subdivi-
sion of the rhombencephalon, some “gaps” or shared qualities
are observed between cells in the rostral rhombencephalon and
are contrasted with other qualities shared by cells in the caudal
rhombencephalon. For example, in humans, the rhomben-
cephalon divides anatomically into metencephalon (which forms
the cerebellum and pons and corresponds to the most rostral
rhombomeres) and the myelencephalon (which forms the
medulla and gives rise to cranial nerves VI-XII). However, this
anatomical subdivision is not observed in other model animals.
Instead there may be molecular differences between the rostral
and caudal rhombencephalon. For example, the cells of rl-r3
differ in their cell division patterns from those in r4-17/8 (Kulesa
and Fraser, 1998) and r1-r4 have a different responsiveness to
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RA than r5-r8 do (Niederreither et al., 2000). Loss of RA
signaling results in loss of r5-r8 character and their transforma-
tion to r4 identity (Dupe and Lumsden, 2001), whereas increases
in RA result in expansion of r4—8 at the expense of more
rostral rhombomeres (e.g., Morriss-Kay ef al., 1991; Conlon and
Rossant, 1992; Niederreither et al., 2000). So, although gap
genes have not been found in vertebrate hindbrain formation, the
concept of larger pattern persists in this region.

In an approximation of the Drosophila pair-rule function,
the hindbrain is initially subdivided into approximately two-
segment units expressing transcription factors later associated
with odd-numbered rhombomeres (e.g., Krox20, r3, and r5) and
even-numbered rhombomeres (e.g., Hoxa2, r2; Hoxbl, r4;
although Kreisler [kr] is expressed in both r5 and r6). At the
interfaces between these two-segment regions, asymmetries pro-
vide positional information for full segmentation. For example,
an analysis of Krox2(0 mutant embryos indicates that Krox20
expression between even segments 2/4/6 and odd segments
3/5 is required for appropriate segment formation, cell segrega-
tion, and specification of regional identity. (Fig. 13; Voiculescu
etal., 2001).

The normal formation of boundaries between rhom-
bomeres also depends on the expression of transcription factors
Pou2/Oct4 (Burgess et al., 2002), and bidirectional signaling
mediated by Eph receptors (3, r5) and their ligands (12, r4, 16;
Klein, 1999). In some ways this is similar to the action of the
Drosophila segment polarity genes, although the Ephs/ephrins
are realizators (revealing the cell’s fate through their expression)
whereas the crucial segment polarity genes are selectors
(regulating the cell’s fate through their expression). In any case,
the juxtaposition of these alternating proteins restricts cell
mixing in vitro, and likely generates the compartment boundaries
observed in vivo (Lumsden, 1991). Ultimately, each rhombomere
is well defined.

As with Drosophila segments, each rhombomere also
expresses a different set of transcription factors that serve as its
positional information (Fig. 14). In vertebrates, as in Drosophila,
these genes frequently contain a homeobox (Hox genes in verte-
brates). The order of the rostral boundaries of Hox gene expres-
sion in the nervous system shows colinearity with their position
on the chromosomes. They are regulated by gradients of a mor-
phogen (RA) or morphogens and their function depends on two
other transcription factors, Pbx (the homolog of Drosophila Exd)
and Meis (the homolog of Drosophila Hth; Waskiewicz et al.,
2001). As for being positional identity factors, ectopic expression
or repression of these genes causes a shift in rhombomere
identity to match the new code.

Thus the segmentation and segment identity cascade
first determined in Drosophila is mirrored in the vertebrate
hindbrain both at the mechanical and molecular level. It is
generated through a cascade of signaling within the hindbrain
and is autonomous from its surrounding mesoderm. This con-
trasts with the patterning of the hindbrain neural crest and the
spinal cord, which are dependent on signals from the surround-
ing segmented mesoderm or branchial arches to determine their
position.
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FIGURE 13. Model of hindbrain segmentation in mouse using wild-type and Krox20 mutants. For wild-type embryos, at 1-5 somites, Krox20 is expressed
in a few cells at two bands corresponding to prospective 13 and r5. The enhancers for Hoxa?2, -b1, and Kreisler (Kr) are activated. Additional cells are recruited
to express Krox20. At the 8-10 somite stage, prospective 13 and r5 express Krox20 homogeneously and recruit cells from adjacent regions (arrows). In addi-
tion, Krox20 regulates its own expression (circular arrows) and inhibits the expression of positional information genes from even numbered rhombomeres. By
the 12 somite stage, r3 and r5 have acquired their identity. By the 25 somite stage, the rhombomere boundaries are well defined. In Krox20 mutants, the early
stages look similar to wild-type embryos. However, the Krox20 regions do not expand or coalesce. Eventually these cells acquire an even numbered
rhombomere identity and get incorporated into r2/4/6. By the 25 somite stage, significant cell death has reduced the size of the even-numbered rhombomeres
leading to a reduction in the size of the hindbrain. (Adapted from Voiculescu et al., 2001, with permission from the Company of Biologists Ltd.)
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FIGURE 14. Diagram of localized gene expression in the developing “trunk.” Rhombomere boundaries are specified by specific combinations of
transcription factors. In the spinal cord, the rostral limit of Hox gene expression delineates positional information.



Spinal Cord

Colinear Hox gene expression is continuous from the hind-
brain throughout the spinal cord, with genes located in more 3’
regions of the chromosomes being expressed more rostrally, and
those at more 5’ regions in the clusters being expressed more
caudally (Fig. 14). These transcription factors provide positional
information within the neural tube and adjacent mesodermal
somites that controls the development of cervical, thoracic, lum-
bar, and sacral development in the spine. Evidence in support of
this comes from a comparison of the vertebrae of chick and
mouse. These two species express similar Hox genes in their
trunk, and the boundaries of expression of gene pairs match
reproducibly with the division between cervical and thoracic
(Hoxc5 and c6) and between lumbar and sacral (Hoxd9 and d10)
even though these two points occur in different locations in
mouse and chick (Fig. 15). In addition, grafting experiments that
moved either neural tissue or paraxial mesoderm (somite) to
another AP position in the embryo have demonstrated that neural
positional information, as measured by AP-level specific motor
neuron differentiation, tracks with the level of the adjacent
paraxial mesoderm.

At a molecular level, it was anticipated that the mesoderm,
which expresses Hox positional-information genes and directly

Chick Mouse
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FIGURE 15. Specific anatomical boundaries in the mesoderm, for example,
between the cervical and thoracic vertebrae, correlate with Hox gene expres-
sion in the mesoderm. Even though these anatomical transitions do not occur
at the same level (somite number). In the chick there are many more cervical
vertebrae than in the mouse, but HoxC6 expression begins in the somite at
the level of the first thoracic vertebrae in both species. Numbers down the
middle of the figure represent somites.
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underlies the trunk neuroectoderm, would pattern the overlying
neuroectoderm directly. Unfortunately, the patterns of expression
of the mesoderm and neuroectoderm do not line up. Three
mechanisms have been suggested in chick and mouse to account
for the observation that positional information genes in the spinal
cord do not show the same rostral boundaries in ectoderm and
mesoderm. The first possibility is that CNS position is regulated
by adjacent paraxial mesoderm to express the same Hox genes,
followed by differential growth or morphogenesis that would
displace the rostral boundaries between these two tissues (e.g.,
Frohman et al., 1990). Alternately, one Hox gene in the meso-
derm could promote the secretion of signals that would induce
another Hox gene in the CNS (e.g., Sundin and Eichele, 1992).
Finally evidence also exists for the possibility that caudal sources
secrete morphogens that form gradients that induce positional
genes in the CNS and mesoderm independently, without the
requirement for local signaling sources (e.g., Gaunt and
Strachan, 1994). Again, it is possible that all of these mecha-
nisms are functioning to regulate different parts of this complex
cascade.

The point of establishing a specific Hox code within the
neural tube is to regulate downstream genes appropriate to
particular AP levels of the spinal cord. For example, although
generally similar in function, the spinal cord sensory and motor
neurons have specific targets depending of their AP level.
For example, sensory and motor neurons from the brachial
and lumbar regions target the arms and legs, whereas those of
the cervical, thoracic, and sacral levels do not. Specific tran-
scription factors, such as the LIM genes in motor neurons are
expressed in a distinct pattern within the spinal cord in accor-
dance with their projected targets and due to their Hox expression
induced by patterning signals from the adjacent mesoderm
(Ensini et al., 1998).

Neural Crest

The neural crest cells (see Dorsal Patterning below) are
induced at all AP levels of the neural tube except the rostral dien-
cephalon and telencephalon. The regulation of their presence or
absence in the AP plane is a function of the same caudalizing and
caudal-antagonist signals that promote AP patterning in the CNS.
Although no neural crest cells are formed at the boundary
between the rostral-most CNS and epidermal ectoderm, treat-
ment of rostral neural ectoderm in Xenopus with intermediate
levels of BMP and either bFGF, Wnt8, or RA transforms this
tissue into neural crest. This transformation can be blocked by
expression of dominant negative forms of the appropriate recep-
tor or dominant negative versions of the signal. Similar rostral
crest induction can be achieved in vivo with the expression of a
constitutively active RA receptor (Villanueva et al., 2002). These
data demonstrate elements of the patterning cascade regulating
the no-crest/crest anterior boundary.

Within the crest-forming region, patterning also occurs
(Fig. 16). Cells from the anterior crest (of the posterior dien-
cephalon, mesencephalon, and rhombencephalon, down to the
level of the fifth somite) form mesectoderm (non-neural
cells forming the connective tissues of the cranial muscles and
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FIGURE 16. Placodal and neural crest contributions to the PNS (in part adapted from Le Douarin et al., 1993, with permission from Academic Press,

Orlando, FL).

the cartilage and membrane bone of the facial skeleton and skull
vault), parasympathetic ganglia (cholinergic/Ach-secreting
neurons from midbrain and rostral hindbrain levels [r1]), and
sensory ganglia (also cholinergic). At spinal cord levels,
parasympathetic ganglion cells give way to sympathetic ganglia
cells (noradrenergic/noradrenaline-secreting neurons, T1-L2),
whereas at the most caudal levels, parasympathetic ganglia reap-
pear (second to fourth sacral segments). Sensory ganglia are
formed at nearly all levels of the posterior cranial and spinal
neural tube. Grafting studies using chick—quail chimeras, which
allow tracking of heterotopically grafted cells to their new fates,
demonstrate that all levels of the neural tube have the potential to
produce sensory, sympathetic, and parasympathetic neurons
from the crest. Therefore, limitations to the pattern must depend
on signals independent of CNS patterning.

The understanding of the molecular mechanisms underly-
ing neural crest positional identity is still limited. Many of these
mechanisms, such as the involvement of cascades of certain
types of transcription factors and lateral inhibition via the Notch-
Delta system, have been conserved from our common ancestor
with Drosophila (Ghysen et al., 1993; Jan and Jan, 1993). For
neural crest, the extracellular signaling tissues and molecules that
control these cascades are still being elucidated. Within the hind-
brain region, where crest forms specific cranial nerves associated
both with particular rhombomeres and specific branchial arches
(and pharyngeal pouches), one can ask if rhombomere positional
identity or branchial arch positional identity determines the pat-
tern of these crest cells. Zebrafish mutations that affect the
mesendodermal patterning of the branchial arches through which
these neural crest cells migrate without affecting the patterning
of the rhombomeres indicate that the mesendoderm patterns

the crest and not vice versa as had previously been proposed
(Piotrowski and Nusslein-Volhard, 2000). In a similar finding
based on chick—quail grafting experiments (Couly et al., 2002),
Hox nonexpressing crest found rostral to the hindbrain were pat-
terned by regional differences in the anterior endoderm (skeletal
not neural structures were assessed). Crest from Hox-expressing
regions failed to respond to similar signals, again indicating that a
prepattern separates cells in the “head” from those in the “trunk.”
Emerging evidence indicates that the neural crest choice
between sensory and autonomic differentiation hinges on expo-
sure to BMP2 expression in the peripheral tissues, perhaps from
the dorsal aorta. In vitro, high concentrations of BMP2 initiates
expression of the transcription factor MASH1 associated with
autonomic differentiation. BMP2 acts instructively rather than
selectively. Additional signals from specific AP locations that
have not yet been identified could induce the expression of other
transcription factors, which act in conjunction with MASH1 to
specify the final phenotypes of the different autonomic neuron
subtypes (sympathetic, parasympathetic, and enteric). In con-
trast, in the absence of BMP2, sensory neurons form and express
several transcription factors including neurogenin 1 and 2,
NeuroD, and NSCL1 and 2 (reviewed by Anderson, 1997).
Although many trunk crest cells are multipotent at the
time their migration is initiated and can form either sensory or
autonomic (sympathetic) neurons depending on their environ-
ment, others may be limited in their potential prior to migration.
Trunk neural crest migrating from young neural tubes, which
would normally form ventral structures, can differentiate into sev-
eral cell types including catecholamine-positive (sympathetic)
neuroblasts, whereas crest migrating from older neural tubes end
up in the dorsal region (presynaptic-sympathetic or sensory



ganglia) and never produce catecholamines. While young and
older crest cells can be tricked into migrating to the dorsal or ven-
tral locale that is inappropriate for them, old crest still cannot
produce catacholamines (Artinger and Bronner-Fraser, 1992).
This demonstrates that some DV pattern is not induced by the
migratory environment but involves a cascade that includes
changes to the crest that remain in the neuroectoderm layer longer.
Perhaps neural crest cell differentiation has a dependence on birth
order from a stem cell population as do the cells of the forebrain,
where birth order determines the layering of the cerebral cortex.

Placodes

Placodes are neuroectodermal thickenings that form out-
side of the boundaries of the CNS and contribute to the paired
specialized sense organs (olfactory/nose, optic/lens, otic or audi-
tory/ear, and lateral line system) or to the anterior pituitary gland
and cranial sensory ganglia (Fig. 16). Many early marker genes
have been identified that are expressed in specific placodes such
as Pax6, Otx2, and Sox3 in the lens placodes, Pax6 in the olfac-
tory placodes; Nkx5.1 Pax8, and Pax2 in the otic placodes; Msx2
and DIx3 in the lateral line placodes; Pax3, FREK, and neuro-
geninl in the trigeminal placodes; and Pax2 and neurogenin2 in
the epibranchial placodes that form the principal ganglia of the
VIIth, IXth, and Xth cranial nerves (see Baker et al., 1999 and
references therein). However, how these regional specifications
are patterned is still a work in progress (reviewed extensively by
Baker and Bronner-Fraser, 2001).

In brief, a region of ectoderm competent to form the cra-
nial placodes, the preplacodal domain, forms in the cranial neural
plate border region. The expression of several Pax (paired-box
transcription factor) genes in this ectoderm such that each placo-
dal region expresses a different combination of Pax expression
(see above). In Drosophila, Pax homologs (Ey and Toy) function
synergistically with other transcription factors (so) and transcrip-
tion factor facilitators (eya and dac). Various members of the ver-
tebrate homologs of these transcription regulators, (Six, Eya, and
Dach) are expressed with the various Pax genes in the placodes,
suggesting that a conserved network of genetic regulation may be
responsible for establishing specific placodal identity/pattern.

These transcription factors are regulated by signals from
various sources. For olfactory placodes the anterior endoderm,
prechordal mesoderm, and the anterior neural ridge all have been
suggested as sources of inducing signal responsible for activating
the appropriate set of transcription factors, although no signal has
yet been identified that is either sufficient or necessary for olfac-
tory placode induction. The hypophyseal placode is originally
specified by BMP4 from the diencephalon. For lens placode
induction, exposure to neural plate and anterior mesendoderm
are sufficient, whereas exposure to the optic cup is both neces-
sary and sufficient (via BMP4 and 7). For the trigeminal
placodes, an interaction between the neural tube and the surface
ectoderm is required to induce the placode but the signal and the
method of restricting the placode to a certain location have not
been determined. For the lateral line placode, neural plate, axial,
and nonaxial mesoderm are each sufficient for induction, and no
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signaling molecule has been identified. For otic placode formation,
evidence points to mesendoderm as the source for an early sig-
nal, and to hindbrain as the source for a later signal in a two-step
model of early ear patterning. For the epibranchial placodes, pha-
ryngeal pouch endoderm expressing BMP7 is both necessary and
sufficient. In summary, placodes are dependent on local environ-
mental signals from various sources to initiate specific sets of
highly conserved transcription regulators, which define their fate
in the AP plane.

DV PATTERN

Ventral Patterning

As mentioned, the formation of the nervous system begins
with the induction of a two-dimensional neural plate, which
forms in an AP and mediolateral plane across the dorsal surface
of the early embryo (Fig. 17). Along its mediolateral axis,
polarity is established through asymmetrical signaling from
neighboring tissues. At its midline, the neural plate contacts the
dorsal mesoderm: the head process and notochord. These tissues
formed as ingressed cellular derivatives of the Spemann—
Mangold Organizer or node, which is responsible for neural

A n Neural plate n
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FIGURE 17. (A) Neural plate (white) has contact ventrally with the
notochord (checkered) and somatic mesoderm (dark stipple), and laterally
with the surface ectoderm (stipple). Black arrows indicate the morphogens,
BMP-4 and -7 secreted from the surface ectoderm and altering the adjacent
cells to form neural crest (black) at intermediate concentration and neuroec-
toderm (white) at low concentrations. (B) The neural tube is still under the
influence of its adjacent tissues. Continued signaling has resulted in the
migration of the neural crest (dorsally). Sonic hedgehog signaling (gray
arrows) from the notochord induces the formation of a floor plate ventrally
(checkered). (C) The induced roof plate (heavy stipple) becomes the new
organizing center dorsally, and both the floor plate and notochord continue to
secrete the morphogen Shh, which influences ventral patterning.
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induction (see Chapter 1). This region becomes the ventral neural
tube, but it starts out as the most dorsal (medial), and therefore
most neuralized of all the neural ectoderm.

As one of the earliest parts of the neural patterning cascade
following neural induction, these medial mesodermal tissues act
as an asymmetrical signaling center to pattern the neural plate,
and shortly thereafter the neural tube, by secreting a morphogen,
Sonic hedgehog (Shh), which was induced in organizer cells and
dorsal mesoderm by two transcription factors, goosecoid and
HNF-38 (Fig. 18A). Shh sets up the ventral patterning center for
the neuroectoderm (Fig. 18B) and orchestrates the specific
development of three prospective cell types within the ventral
neural tube: the floor plate, the motor neurons, and the ventral
interneurons (Fig. 18C). Evidence supporting the cause and effect
relationship between notochord, Shh, and ventral cell differentia-
tion within the neural tube comes from several sources. For exam-
ple, in the normal embryo, immediately adjacent to the floor
plate, ventral interneurons (V3) and then motor neurons (MN)
develop in response to decreasing levels of Shh signaling, and
more lateral still, another type of ventral interneurons (V2) dif-
ferentiate in response to the lowest levels of Shh (Fig. 18C). In
chick, cutting the neural plate to segregate the ventral region
from the floor plate or removing the notochord eliminates
the formation of MN on the excised side. In addition, loss of the
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FIGURE 18. (A) In the spinal cord, cells of the Spemann—Mangold
Organizer and its derivatives express the secreted protein Shh in response to
transcription factors HNF-3B and Goosecoid (Gsc). (B) Shh secreted from
the notochord and dorsal mesoderm (checkered) establishes a gradient along
the ventral to dorsal axis of the neural tube. (C) This signal induces the dif-
ferential differentiation of MN and four interneuron subtypes (V0-V3) in the
ventral neural tube. Genes originally expressed throughout the neural tube,
Pax3 and Pax7, are now expressed only in the dorsal region. (D) In mice
mutant for Shh (—/—), dorsal genes Pax3 and Pax7 expand into the ventral
region, and ventral cell types are lost, with the exception of two lateral
interneuron groups. (E) When a second notochord is grafted lateral to the
forming neural tube, an ectopic floor plate and MN are induced nearby.
Markers for interneuron were not assessed and the control side is presumed
normal with regard to their expression.

Shh gradient in Shh—/—mutant mice results in an expansion of
the dorsal phenotypes and a loss of ventral (Fig. 18D). These
experiments show notochord and Shh signaling are necessary to
induce the ventral pattern of cell phenotypes. In contrast, graft-
ing of an additional notochord at a more dorsal position on the
neural tube induces ectopic MN in more dorsal regions (Fig. 18E),
showing that notochord is sufficient.

A controversy over the induction of floor plate by noto-
chord has been raised (Le Douarin and Halpern, 2000) due to the
observation that some notochordless or Shh deficient mutants
nonetheless have a floor plate (e.g., see Halpern et al., 1993,
1995; Schauerte et al., 1998). Studies in zebrafish suggest that
the floor plate may be two populations of cells (medial and lat-
eral), the medial being independent of Shh signaling and derived
directly from the organizer and lateral being Shh dependent and
induced (Odenthal et al., 2000). It is unclear if this represents a
difference between teleosts and amniotes or is a constant feature
of vertebrates. The later is a possibility, since floor plate cells in
amniotes can derive directly from the node (Selleck and Stern,
1991; Schoenwolf et al., 1992) or be induced in the neuroecto-
derm by Shh and thus may also represent two populations.
Regardless, the floor plate cells express Shh, either through
induction or as a direct derivative of the organizer.

The expression of Shh by the floor plate contributes to the
morphogen gradient of Shh in the ventral neural tube and main-
tains it once the notochord has moved away from the ventral
neural tube. But what is the molecular mechanism for ventral
neural patterning? Studies of the hedgehog signal transduction
pathway in Drosophila indicate hedgehog ligands work through
a twelve-pass transmembrane receptor called Patched (Ptc) when
it is bound to Smoothened (Smo), a G-protein-coupled trans-
membrane protein. Ptc constitutively inhibits signal transduction
by Smo, and hedgehog binding lifts that inhibition. Smo uses
a signal transduction pathway involving Protein Kinase A (PKA)
and activates a Gli-family transcription factor (reviewed in
Litingtung and Chiang, 2000). In vertebrates, two Ptc and three
Gli homologs have been identified with appropriate expression
localization. The Ptc homologs have high Shh binding affinity
and the ability to form a complex with vertebrate Smo.
Constituitively active vertebrate Smo mimics high Shh activity in
the neural tube, and vertebrate Glis can be responsive to PKA.
When activated, Gli proteins bind to Shh responsive promoters
linked to a reporter gene and they ectopically induce ventral cell
fates (reviewed in Litingtung and Chiang, 2000). This and other
evidence indicates that this model pathway (Fig. 19) is probably
conserved between flies and vertebrates.

What are the results of this signaling pathway to the pat-
terning of the ventral neural tube? Shh signaling initially upreg-
ulates Pax6 and downregulates Pax3 and 7 in the ventral neural
tube. Within this ventral Pax6 territory, Shh patterns the neural
tube in two steps: first by inhibiting the transcription of certain
transcription factors (Dbx1, Dbx2, Irx3, and Pax6; known as
Class I transcription factors) in the ventral neuroectoderm in a
concentration-dependent fashion, and second by inducing appro-
priate ventral transcription factors (Nks2.2 and Nkx6.1; known
as Class II transcription factors) in these cells (Briscoe et al.,
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FIGURE 19. Signal transduction by Shh. Shh binds to receptor Patched (Ptc), which is associated with the membrane bound signal transduction facilitator
Smo. Smo activates cytoplasmic Gli, which in conjunction with the cytoplasmic facilitator fu (if not antagonized by Su(fu)) can relocate to the nucleus. There
Gli can cooperate with the nuclear facilitator CBP to activate ventral target genes including Ptc, Gli and Shh. A different pathway involving PKA allows Gli
to act as a repressor (GliR) on dorsal genes such as Pax3 and Pax7. Smo and Ptc activation by Shh can also block Gli repressor (GliR) formation, possibly by
inhibiting the formation of phosphorylated forms of Gli (Gli-P). The efficient processing of Gli may require phosphoryletion and be proteosome dependent.
The vertebrate homolog of Cos2 has not been identified; however, in Drosophila, Cos2 binds to antagonizes Shh signaling. (Adapted from Litingtung and
Chiang, 2000, Dev. Dynam. Reprinted by permission of Wiley-Liss, Inc., a subsidiary of John Wiley & Sons, Inc.)

2000; Fig. 20). Class I and II transcription factors negatively
regulate one another’s gene expression to create clear boundaries
between the progenitor domains. The specific combination of
transcription factors in a given region then provides the DV posi-
tional information required to differentiate as the appropriate cell
type for that region. For example, prospective MN neurons
express Nkx6.1, while prospective V2 neurons express both
Nkx6.1 and Irx3. Ectopic expression of Irx3 in prospective MN
neurons changes their differentiation to V2 fate (Briscoe et al.,
2000). Similar gain and loss of function experiments indicate that
the other cell types are also regulated by the specific combinato-
rial expression of these genes.

However, the Shh-neural story is more complicated than
this. For example, through a pathway independent of the
Ptc—Smo—Gli pathway, Shh may mediate adhesion of the neural
tube and allow migration of neural crest from the dorsal neural
tube where Shh concentration is minimal (Testaz et al., 2001).
Second, Shh has also been implicated as a mitogen in the neural
tube (e.g., see Britto er al., 2000), and differential growth is
another aspect of pattern formation not considered here. Third,
other intracellular and extracellular factors are known to facilitate
or limit Shh activity or diffusion (reviewed by Capdevila and
Belmonte, 1999; Robertson et al., 2001), further regulating the
activity of this morphogen. For example, Ptc the Shh receptor, in
the absence of Smo acts as a Shh sink and limits its diffusion.
Fourth, some ventral phenotypes do develop in the absence of Shh
(V0, V1), and these can be induced in neural explant culture by
RA; (Pierani et al., 1999), a morphogen secreted by the paraxial
mesoderm. Thus, other morphogens and signaling sources may
also participate in the patterning of the ventral neural tube. Finally,
the double S%4:Gli3 mutant mouse has MN; thus there has to be
some other induction path for MN that is normally inhibited by
Gli3 in the absence of Shh (Litingtung and Chiang, 2000).
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FIGURE 20. Shh induction of specific ventral cell fates. Shh, a morphogen,
acts through receptor Ptc and its binding partner Smo to activate signal trans-
ducers Gli2 and Gli3. Gli activity gradients may result from differential
transport of this protein into the nucleus. Gli may regulate both Class I (Pax6,
Irx3, Dbx2, Dbx1) and Class II (Nkx2.2, Nkx6) genes. Class I genes are posi-
tion identity genes expressed in a gradient with their highest level dorsally,
whereas Class II gene gradients have their highest concentration ventrally.
Thus Gli2 and 3, with their ventral gradient, could inhibit Class I genes
and activate Class II genes. By combinatorial effect, the expression of these
transcription factors establishes progenitor domains and results in the expres-
sion of specific downstream marker genes. In this case, these are also tran-
scription factors that help determine the fate of these cells. (Adapted from
Litingtung and Chiang, 2000, Dev. Dynam., 2000. Reprinted by permission
of Wiley-Liss, Inc. a subsidiary of John Wiley & Sons, Inc.)
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Dorsal Patterning

Whereas Shh is a positive morphogen for the medial
neural plate and ventral neural tube, several members of the
TGFp family of growth factors (including BMPs and GDFs) are
positive morphogens for the lateral, and later dorsal, neural ecto-
derm, which includes neural crest, roof plate glia, and three dor-
sal interneuron types (D1A, D1B, and D2; Fig. 21; Lee et al.,
1998). BMPs (4 and 7) are expressed in the epidermal layer and
initially act as morphogens such that the highest levels induce
epidermal ectoderm, intermediate levels induce neural crest, and
lower levels induce neural plate. BMPs are sufficient to upregu-
late the same genes (Pax3, Pax7) in the lateral neural plate and
dorsal neural tube that Shh represses in the medial/ventral region.
Thus it appears that these two morphogens are working as oppos-
ing gradients to pattern in this plane (like the Saxen—Toivonen
model in AP pattern, see Fig. 7C). As these dorsalized Pax genes
originally were expressed throughout the neural plate, their
expression is not sufficient to initiate the cascade that will result
in the patterning of the dorsal neuroectoderm. However, their
expression is required for appropriate differentiation of the most
dorsal cells, the neural crest.

Neural crest cells are the migratory founding cells of much
of the PNS (see Fig. 5). They form at the margin of the epider-
mal ectoderm and neural plate (the neural fold) in response to
required signals from both these tissues. However, they are not
committed at the neural plate stage, as individual cells can con-
tribute to crest, epidermis, or dorsal CNS. Induction of neural
crest appears to be a multistep venture involving early Wnt sig-
naling and later BMP signaling (Bronner-Fraser, 2002). Other
positive factors involved include FGF (Lee and Jessell, 1999);
Zic2, a zinc-finger transcription factor that promotes crest and
inhibits neural differentiation (Brewster ef al., 1998); FoxD3, a
winged-helix transcription factor that works with Zic2 in deter-
mining crest (Sasai et al., 2001); and Noelin-1, a secreted factor

BMP4, 7

Roof plate (BMP4)

& D1A (LH2A)
D1B (LH2B)
Pax3, D2 (Isl1)
@0
©
5| GDF7
2 7
= BVP7
E Pax6

B Dorsalin,
b Activin
L

FIGURE 21. Dorsal neural patterning. Signals from the overlying surface
ectoderm (BMPs) induce the roof plate (stipple), which also expresses BMPs.
Pax3 and -7 shift from a pattern of expression throughout the neural tube to
a concentration in the dorsal neural tube, whereas Pax6 gets upregulated in
the ventral neural tube. Several signaling molecules are secreted from the
roof plate, and these induce the fates of several dorsal interneurons (DI1A,
DIB, and D2), which subsequently upregulate the expression of cell-type
specific genes (LH2A4, LH2B, and Isl1).
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that is induced in a gradient in the dorsal neural tube and
provides a competence factor to the dorsal cells, allowing them
to differentiate as crest (Bronner-Fraser, 2002).

Just as Shh induces Shh secretion from the floor plate to
assist in ventral patterning, exposure to secreted BMPs from the
surface ectoderm also induces the expression of BMPs and other
secreted factors in the adjacent ectoderm. This homeogenetic
induction maybe necessary to maintain an accurate gradient
within the neural tube as it grows and becomes separated from its
neighboring tissues. The difference between the ventral and dor-
sal patterning is, rather than acting as morphogens, many of the
dorsal signaling molecules (Noelin-1, several Wnts, Dsll,
BMP4, and BMP7) seem to regulate the differentiation of
specific targets, and thus are secondarily involved in dorsal
patterning (Fig. 21). For example, Noelin-1 is specifically
involved in neural crest formation, whereas Wnt-1 and Wnt3a
(Muroyama et al., 2002) or TGF-family (BMP4, 5, 7, GDF6/7,
and DSL1; Liem et al., 1997; Lee et al., 1998) expression in the
roof plate provides the signal to induce the dorsal-most interneu-
rons, D1A, and D1B. The more ventral D2 is induced by activin
(Liem et al., 1997).

Signal Transduction of BMPs in Dorsal Patterning

BMPs are the initial signaling molecules of dorsalization,
and they require receptors and signal transduction pathways to
initiate the expression of the other signaling molecules they
induce. BMP 4 and 7 act as dimers and bind to serine/threonine
kinase receptors (BMPRI, BMPRII, AIkS, tolloid, BMP2b/swirl,
snailhouse, somitabun). These activate SMAD proteins intracel-
lularly, which migrate to the nucleus and act as transcription
factors for BMP-activated genes (Fig. 22). These are commonly
used signaling pathways and a large number of signal transduc-
tion modifiers have been identified including other Smads (6 and
7), transcriptional activators (p300), and transcriptional repres-
sors (Ski, Tob). These apparently allow this signal transduction
pathway to regulate specific sets of target genes in a given tissue.
In the zebrafish model system, reduction in BMP function
through mutation of SMAD 5 (somitabun) causes an expansion
of dorsal neural phenotypes into the epidermal ectoderm, while
loss of one BMP directly from mutation results in loss of
both epidermal ectoderm and dorsal neural phenotypes (Fig. 23),
showing this pathway is both necessary and sufficient for
dorsalization.

DV Pattern at Other AP Levels

Obviously, not all levels of the neural tube form the same
types of neurons as the spinal cord, thus one must consider what
mechanisms account for these differences in DV pattern at other
AP levels. One could imagine that other responses in the DV
plane might stem from intrinsic differences in the AP character
of the neural plate. Alternately, one might imagine the differ-
ences stemming from differences in the localization of tissues
that provide the morphogens and thus from morphogen availabil-
ity. As usual, evidence exists for both.
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FIGURE 22. The main BMP—Smad signal transduction pathway. BMP2, 4, or 7 dimers bind to a receptor complex of type I and type II receptors (RI and
RII). This leads RI to phosphorylate RII, which then phosphorylates Smadl, -5, or -8, depending on the cell. This allows this Smad to form a complex with
the facilitator Smad4 and this complex enters the nucleus to bind to the MH1 domain and activate or repress target genes depending on which other facilita-
tors or antagonist factors are present in the nucleus. Several nuclear factors also regulate this pathway by acting as transcription facilitators or antagonists.
General facilitator p300 can bind to the MH2 domain of Smadl and -4 and activate transcription through its histone acetylase activity. Ski and Tob act as antag-
onists to this pathway by binding to various Smads. Smads activate transcription by binding to other transcription factors. Transcription factors that can bind
to Smads include OAZ, SIP1, AML, and Gli (C-terminally truncated). Although they are shown as heterodimers, the stoichiometry between Smadl, -5, -8,
and Smad 4 is unknown. Smado6, -7, and -8B inhibit this transduction pathway cytoplasmically or in the nucleus, whereas BAMBI is a membrane bound antag-
onist. Smad6, -7, BAMBI, and Tob are all products of this pathway, leading to negative feedback loops. (Redrawn and adapted from von Bubnoff and Cho,

2001, with permission from Academic Press, Orlando Florida.)

SMAD5- BMP2b- Shh- nkx2.2-
° Fate
pidermis

eural Crest

Dorsal Interneurons
& V0, V1

Wild type Mutation

FIGURE 23. A summary of DV patterning in the vertebrate neural tube
showing a schematic of the neural tube and the specific cell types that differ-
entiate at various DV levels to the left, and the primary fate of various DV lev-
els to the right. To the far right, the results of various mutations are shown.
The SMADS5-mutation results in low BMP signaling, and the epidermis,
which requires high BMP signaling, is replaced with neural crest cells.
BMP2b-mutants (very low BMP signaling) replace both dorsal tissues with a
dorsal interneuron phenotype. Sonic hedgehog mutations, in contrast, cause a
shift in ventral cell types similar to the loss of nks2.2, which is required for
MN-differentiation and some ventral interneurons. (Adapted from Cornell
and Von Ohlen, 2000, with permission from Elsevier Science.)

Around the isthmus, Engrailed-2 (En2), a transcription
factor required for normal cerebellar development, is expressed
in the neural tube at all DV levels except the floor plate
(Fig. 24A). When the notochord, which expresses Shh, is surgi-
cally removed, En2 expression expands into the ventral midline
(Fig. 24B). When an ectopic Shh secreting notochord or floor
plate is grafted adjacent to the neural tube at more dorsal levels,
En2 expression is suppressed (Figs 24C, D). Also at the midbrain

level and immediately adjacent to the floor plate, dopaminergic
rather than MN form. Dopaminergic neurons are not found at
hindbrain or spinal cord levels. Why? Transplantation studies
indicate that AP pattern limits the differential competence of
ventral neuroepithelial precursors. The same is true for ventral
genes in the forebrain. Shh upregulates Nkx2.1, which is needed
in the diencephalon to form the hypothalamus, but only in the
regions where AP patterning gene Six3 is expressed (Kobayashi
et al., 2002). Shh also regulates Pax genes in the ventral brain,
although their expression patterns differ somewhat from those in
the spinal cord. In the head Pax3 and Pax7 are pushed far dor-
sally and are segregated from Pax6, which is also excluded from
the most ventral region of the tube, restricting it to the area
between the sulcus diencephalicus medius and ventralis. These
examples all support the idea that Shh is a common ventral mor-
phogen, but the response depends on previous changes wrought
by the patterning cascade at each AP level of the neural tube.
The model in which the DV morphogens differ at various
AP levels is also supported in some cases. For example, within
the head a new dorsal signaling factor has recently been identi-
fied (in Xenopus), Tiarin, which dorsalizes the anterior neural
plate, causing expansion of dorsal and suppression of ventral
neural markers (Tsuda et al., 2002). In addition, at the level of the
rostral diencephalon an old morphogen, BMP7, is expressed in a
new location: the ventral midline mesendoderm. At this AP level
no floor plate forms and a different set of ventral marker genes
including Nkx2.1 is upregulated due to the inductive signals of
both Shh and BMP7. Likewise, whereas an intermediate concen-
tration of BMP induces neural crest as far rostrally as the mid
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FIGURE 24. Engrailed-2 expression in the chick (stage 12). (A) Expression (arrows) in the normal embryo is high at all DV levels of the mesencephalon and
rostral metencephalon, with the exception of the floor plate (asterisk). (B) In embryos in which the precursors of the notochord have been removed, no noto-
chord and subsequently no floor plate form, and En2 is expressed uniformly at all DV levels of the neural tube. (C) Grafting of a notochord (n) to a position
lateral to the neural tube results in a loss of En2 expression adjacent to the graft (asterisk), showing that notochord is sufficient to inhibit En2 expression.
(D) Similar grafting of a fragment of the neural plate containing a floor plate (fp) results in similar suppression (asterisk). (Darnell and Schoenwolf,
1995; Darnell et al., 1992) (Developmental Dynamics, and Journal of Neurobiology. Reprinted by permission of Wiley-Liss, Inc., a subsidiary of John Wiley &

Sons, Inc.)

diencephalon, rostral to this, no neural crest is formed even
though BMP is present in the epidermal ectoderm. A number of
experiments have implicated caudalizing FGFs and Wnts as the
requisite additional morphogens required to induce neural crest
at appropriate levels, and a recent study has supported these and
added RA to the list (Villanueva et al., 2002). Thus, both AP dif-
ferences in signal availability and AP differences in responding
cell competence can shape the intersection between AP and DV
pattern.

LEFT-RIGHT ASYMMETRY

Although significant recent progress has been made on the
signaling cascade that confers left-right asymmetry on the early
embryo, controlling heart looping and gut rotation (reviewed in
Mercola and Levin, 2001), no connections have been made with
the left-right asymmetries of the adult brain. These asymmetries
do not correlate with known left-right (LR) patterning in the
early embryo. For example, people with situs inversus, a condi-
tion in which the body LR axes are reversed such that their hearts
are angled toward the right and their livers are on the left, still
process language on the left side of their brains, as do 95% of

people with normal LR patterning. Studies of mirror-image
identical twins (and conjoined twins) have lead to speculation
that the mechanism for LR patterning in the head is separate
from the patterning of the trunk just as many other aspect of head
and trunk patterning are independent.

CONCLUSIONS

The predominant method of achieving a patterned verte-
brate nervous system involves responses to signaling from an
asymmetrical source. This instigates the activation of new tran-
scription factors in the responding tissue, which leads to a cas-
cade of cellular changes that generate additional asymmetry and
cell differentiation. Several of the signaling sources have been
identified, including the neural organizer/node, the anterior
neural ridge, the isthmus, and the caudal mesoderm along the AP
axis, and the notochord and epidermal ectoderm in the DV axis.
Signals induce changes in target cells depending on concentra-
tion, and antagonists or distance protect other cells from respond-
ing, generating diverse cell types. These general concepts and in
many cases the specific genetic networks for patterning have
been conserved for hundreds of millions of years.
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Neural Crest and Cranial Ectodermal Placodes

Clare Baker

GENERAL OVERVIEW AND CHAPTER LAYOUT

The entire peripheral nervous system (PNS) of vertebrates is
derived from two transient embryonic cell populations: the neural
crest (Hall, 1999; Le Douarin and Kalcheim, 1999) and cranial
ectodermal placodes (Webb and Noden, 1993; Baker and
Bronner-Fraser, 2001; Begbie and Graham, 2001a). Both origi-
nate from ectoderm at the border between the prospective neural
plate and epidermis. Neural crest cells delaminate in a rostrocau-
dal wave and migrate through the embryo along specific migra-
tion pathways. They give rise to all peripheral glia, all peripheral
autonomic neurons (postganglionic sympathetic and parasympa-
thetic neurons; enteric neurons), all sensory neurons in the trunk,
and some cranial sensory neurons, together with many non-
neural derivatives such as pigment cells, endocrine cells, facial
cartilage and bone, teeth, and smooth muscle. Cranial ectodermal
placodes are paired, discrete regions of thickened cranial ecto-
derm that give rise to the paired peripheral sense organs (olfac-
tory epithelium, inner ear, anamniote lateral line system plus the
lens of the eye), most cranial sensory neurons, and the adenohy-
pophysis (anterior pituitary gland). Neural crest, cranial ectoder-
mal placodes, and their derivatives comprise many of the key
defining characteristics of the craniates (vertebrates plus hag-
fish) within the chordate phylum (Gans and Northcutt, 1983;
Northcutt and Gans, 1983; Maisey, 1986; Baker and Bronner-
Fraser, 1997).

The neural crest and cranial ectodermal placodes share
many similarities. Both arise from ectoderm at the neural plate
border. Both give rise to multiple neuronal and non-neuronal cell
types, including some overlapping derivatives, such as cutaneous
sensory neurons in the trigeminal ganglion. Like cells in the cen-
tral nervous system (CNS) (see Chapter 9), both placode-derived
and neural crest cells have considerable migratory ability,
although unlike CNS cells, they migrate in the periphery. There
are also important differences between the neural crest and cra-
nial ectodermal placodes. Neural crest cells form along the entire
length of the neuraxis, except the rostral forebrain, while placode
formation is restricted to the head. Neural crest cells give rise to
various derivatives not formed by placodes, such as autonomic
neurons, melanocytes, cartilage, and smooth muscle. Conversely,
unlike neural crest cells, placodes form sensory ciliary receptor

cells (sensory cells with a single modified cilium, e.g., olfactory
receptor neurons, inner ear hair cells).

The neural crest and cranial ectodermal placodes were dis-
covered independently toward the end of the 19th century; neural
crest cells in chick embryos (His, 1868) and placodes in shark
embryos (van Wijhe, 1883). They have been studied continuously
ever since. What mechanisms and molecules control their forma-
tion in the embryo, their adoption of specific migration path-
ways, and their diversification into so many different cell types?
This chapter summarizes our current understanding of these
processes in both the neural crest and placodes.

After a brief description of the derivatives of the neural
crest (section Neural Crest Derivatives), the chapter follows the
order of neural crest cell development in vivo. The embryonic
origin of neural crest cells at the border between the neural plate
and epidermis is described, together with our current knowledge
of the molecular nature of neural crest induction (sections
Embryonic Origin of the Neural Crest; Neural Crest Induction).
Neural crest cell migration pathways through the embryo are
then outlined, including developments in our understanding
of the molecular cues that guide migrating neural crest cells
(section Neural Crest Migration). Finally, an overview is given
of current hypotheses on how the diversity of neural crest cell
derivatives is achieved (section Neural Crest Lineage Diversi-
fication), with particular emphasis on the formation of different
cell types in the PNS (section Control of Neural Crest Cell
Differentiation in the PNS).

The chapter then introduces the cranial ectodermal pla-
codes (section Overview of Cranial Ectodermal Placodes). The
evidence for a common “preplacodal field” at the anterior neural
plate border is described (section A Preplacodal Field at the
Anterior Neural Plate Border). Our current knowledge of the
mechanisms of induction and neurogenesis within each individ-
ual placode is then discussed (sections Sense Organ Placodes;
Trigeminal and Epibranchial Placodes). For the purposes of this
part of the chapter, the placodes are divided into two groups:
those that contribute to the paired sense organs (olfactory, lateral
line, otic and lens placodes) (section Sense Organ Placodes), and
those that only (or mainly) form sensory neurons (trigeminal and
epibranchial placodes) (section Trigeminal and Epibranchial
Placodes). The hypophyseal placode, which forms the endocrine
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cells of the adenohypophysis, falls outside the scope of this chap-
ter and is not discussed.

NEURAL CREST DERIVATIVES

Neural crest cells form a startling array of different cell
types, including cartilage and bone in the head, teeth, endocrine
cells, peripheral sensory neurons, all peripheral autonomic neu-
rons (enteric, postganglionic sympathetic, and parasympathetic
neurons), all peripheral glia, and all epidermal pigment cells
(Fig. 1). The neural crest origin of these cells has been deter-
mined by a variety of ablation and cell-labeling experiments,
some of which are described in detail in the section on
Experimental Approaches. Neural crest cells emigrating at dif-
ferent rostrocaudal levels along the neuraxis give rise to different
but overlapping sets of derivatives (see Table 1). There are tradi-
tionally four rostrocaudal divisions of the neural crest along the
neuraxis based on these differences: cranial (posterior dien-
cephalon to rhombomere 6); vagal (axial level of somites 1-7);
trunk (axial level of somites 8-28); and lumbosacral (axial level
posterior to somite 28).

Cranial neural crest cells form a large amount of “mesec-
toderm,” that is, ectodermal derivatives that are mesodermal in
character, such as cartilage, bone, teeth, smooth muscle, and
other connective tissues. Most of the vertebrate skull is derived
from cranial neural crest cells (Fig. 1B). Cranial neural crest cells
also form melanocytes (Fig. 1A), Schwann cells, all the satellite
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aorta

B neural crest-derived
B mesoderm-derived

notochord

glia of the cranial ganglia, parasympathetic neurons, sensory
neurons in some cranial sensory ganglia (see Fig. 11), and
endocrine cells. Vagal and lumbosacral neural crest cells together
provide all the neurons and glia of the enteric nervous system,
plus sensory ganglia, parasympathetic ganglia, melanocytes, and
endocrine cells (see Table 1). Trunk neural crest cells form the
neurons and satellite glia of the sympathetic and dorsal root gan-
glia, together with Schwann cells, melanocytes, and endocrine
cells in the adrenal medulla (Table 1; Figs. 1C and 5).

Most of the vagal neural crest is technically a subdivision
of the cranial neural crest, since the boundary between the hind-
brain and spinal cord falls at the level of somite 5 (Lumsden,
1990; Cambronero and Puelles, 2000). Vagal neural crest clearly
also forms mesectoderm, including musculoconnective elements
of the major arteries (Le Lievre and Le Douarin, 1975; Etchevers
et al.,2001) and the aorticopulmonary septum of the heart (Kirby
et al., 1983). Although in birds, mesectoderm is only formed
down to the level of the fifth somite (Le Li¢vre and Le Douarin,
1975), corresponding precisely to the caudal boundary of the
hindbrain, mesectoderm production cannot be used as a dividing
line between cranial and trunk neural crest cells in all vertebrates.
Trunk neural crest cells give rise to dorsal fin mesenchyme in
fish and amphibians (Raven, 1931; DuShane, 1935; Collazo
et al., 1993; Smith et al., 1994). They may contribute dermal
bone to the fin rays of bony fish during normal development,
although fish neural crest cells have not yet been followed late
enough in development to prove this (Smith et al., 1994). When
experimentally challenged with inducing tissues in culture, trunk
neural crest cells from the level of the thoracic somites can form
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FIGURE 1. Diversity of neural crest derivatives. (A) Melanocytes, seen here as darkly pigmented feathers on the head of a quail-chick chimera. This
11 day-old chick embryo received a unilateral isotopic graft of migrating quail mesencephalic neural crest cells at the 10-somite stage. (B) Schematic to show
that most of the vertebrate cranium derives from the neural crest. Redrawn from Couly ez al. (1993). (C) Transverse section through the trunk of a 4 day-old
chick embryo, stained with an anti-neurofilament antibody (dark staining), to show the location of trunk neural crest derivatives (boxes). These include all
neurons and satellite cells of the dorsal root ganglia (DRG) and sympathetic ganglia (SG), Schwann cells along the ventral root (VR), and melanocytes in the

epidermis (epid).
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TABLE 1. Derivatives of the Neural Crest at Different Axial Levels

Axial level Cell type Tissues
Cranial Mesectoderm Most bones and cartilages of the neurocranium (brain capsule) and splanchnocranium
(caudal (facial and pharyngeal)
diencephalon to Tooth papilla; odontoblasts; dentine matrix
rhombomere 6) Meninges of the brain
Corneal “endothelium”
Dermis of head and neck
Tendons
Non-endothelial components (pericytes, connective, and smooth muscle) of aortic arch-derived arteries
Smooth muscle (feather arrector muscles in birds; in head blood vessels and aortic arch arteries)
Connective component of striated muscles (facial and ocular)
Subcutaneous adipose tissue
Mesenchymal component of pituitary, salivary, thyroid and parathyroid glands, and the thymus
Melanocytes Epidermal pigment cells
Neurons
Sensory Proximal region of trigeminal (V) ganglion
Proximal ganglia of cranial nerves VII, IX, and X
Mesencephalic nucleus of the trigeminal nerve (inside brain)
Parasympathetic Postganglionic neurons in ciliary, ethmoidal (dorsal pterygopalatine), sphenopalatine
(ventral pterygopalatine), submandibular, otic ganglia
Glia Schwann cells
Satellite cells in cranial ganglia
Endocrine Calcitonin-producing cells of the ultimobranchial body (in mammals, parafollicular cells in the
thyroid gland)
Carotid body
Vagal Mesectoderm Aorticopulmonary septum of the heart
(post-otic hindbrain: Non-endothelial components (pericytes, connective, and smooth muscle) of aortic arch-derived arteries
somite levels 1-7) Melanocytes Epidermal pigment cells
Neurons
Sensory Proximal ganglia of cranial nerves IX and X
Dorsal root ganglia (somite levels 6—7 only)
Parasympathetic Postganglionic neurons of parasympathetic nerves innervating thoracic and abdominal
visceral organs, including cardiac ganglia
Sympathetic Postganglionic neurons in superior cervical ganglion (somite levels 1-4 in the mouse)
Enteric (sensory, Enteric ganglia
motor, and
interneurons)
Glia Schwann cells
Satellite cells in peripheral ganglia (including enteric)
Endocrine Calcitonin-producing cells of the ultimobranchial body (in mammals, parafollicular cells in
the thyroid gland)
Carotid body and groups of carotid cells in walls of large arteries arising from heart
Trunk Mesectoderm Fin mesenchyme in fish and amphibians
(somite levels 8-28) Melanocytes Epidermal pigment cells
Neurons
Sensory Dorsal root ganglia
Sympathetic Postganglionic neurons in sympathetic ganglia
Glia Schwann cells
Satellite cells in peripheral ganglia
Endocrine Adrenal chromaffin cells (somite levels 18-24)
Melanocytes Epidermal pigment cells
(caudal to somite 28) Neurons
Sensory Dorsal root ganglia
Parasympathetic Remak’s ganglion (birds); postganglionic neurons of pelvic splanchnic nerves
Sympathetic Postganglionic neurons in sympathetic ganglia
Enteric (sensory, Enteric ganglic in post-umbilical gut
motor, and

interneurons)
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TABLE 1. (Continued)

Axial level Cell type Tissues

Lumbosacral Glia Schwann cells

(cont’d) Satellite cells in peripheral ganglia (including post-umbilical enteric ganglia)
Pygostyle Melanocytes Epidermal pigment cells

(birds only: somite Glia Schwann cells

levels 47-53)

Source: Le Douarin and Kalcheim (1999); Etchevers et al. (2001); Durbec et al. (2001); Durbec et al. (1996); Smith et al. (1994); Collazo et al. (1993);

Lim et al. (1987); Catala et al. (2000).

teeth and bone (Lumsden, 1988; Graveson et al., 1997). Trunk
neural crest cells can also form smooth muscle in vitro (e.g.,
Shah et al., 1996). Results from both amphibian and chick
embryos suggest that under the right circumstances, trunk neural
crest cells can even form cartilage (Epperlein et al., 2000;
McGonnell and Graham, 2002; Abzhanov et al., 2003). These
experiments are examples of many such showing that restrictions
in the fate of neural crest cell populations, at a given axial level
(i.e., what they form during normal development), do not seem to
result from restrictions in potential (the range of possible deriva-
tives), at least at the population level. This will be discussed more
fully in the section on Axial Fate-Restriction.

One proposed derivative of the neural crest has aroused
controversy: The large sensory neurons that make up the mesen-
cephalic nucleus of the trigeminal nerve (mesV) within the
midbrain. These neurons were fate-mapped in the chick to mes-
encephalic neural crest cells that reenter into the brain immedi-
ately after delamination (Narayanan and Narayanan, 1978).
Certainly, mesV precursors are not present in the migrating mes-
encephalic neural crest cell population that has moved away from
the brain beneath the adjacent surface ectoderm (Baker et al.,
1997). The neural crest origin of mesV neurons has been chal-
lenged by a study of molecular marker expression (Hunter et al.,
2001), but the question will only be settled by combining a fate-
mapping study with molecular markers. Similar large sensory
neurons (Rohon-Beard neurons) in the dorsal neural tube in the
trunk of fish and amphibian embryos were originally proposed to
be a neural crest derivative (Du Shane, 1938; Chibon, 1966).
Studies of different zebrafish mutants have shown that Rohon-
Beard neurons share a lineage with neural crest cells (Artinger
et al., 1999; Cornell and Eisen, 2000, 2002). However, if neural
crest cells are defined as cells that have delaminated from the
neuroepithelium (section Neural Crest Induction), then Rohon-
Beard neurons cannot be described as derivatives of the neural
crest.

EMBRYONIC ORIGIN OF THE NEURAL CREST

Neural crest cells were first recognized in the neurula-
stage chick embryo as a strip of cells lying between the pre-
sumptive epidermis and the neural tube (His, 1868). This area is
already distinct at the open neural plate stage in amphibians
(Brachet, 1907; Raven, 1931; Knouff, 1935; Baker and Graves,

1939) (see Fig. 13A). The prospective neural crest of urodele
amphibians was fate-mapped in early gastrula stages, using
vital dyes, to a narrow band of ectoderm between the presump-
tive neural plate and epidermis (Vogt, 1929). The prospective
neural crest was also fate-mapped in the chick gastrula to a
region between the prospective neural plate and epidermis, using
isotopic grafts of tritiated-thymidine labeled epiblast tissue
(Rosenquist, 1981). During neurulation, the neural plate border
region forms the neural folds, which rise up and move together
until they fuse to form the neural tube (Fig. 2). The prospective
neural crest is thus brought from the lateral edges of the open
neural plate to the dorsal midline, that is, the “crest” of the neural
tube (although cranial neural crest cells are not always incorpo-
rated into the neural tube; see section Epithelial-Mesenchymal
Transition). In fish, and in the tail region of tetrapods, the neural
tube forms by secondary neurulation, in which the ectoderm
thickens ventrally and the lumen of the neural tube forms by cav-
itation. However, the morphogenetic movements of secondary
neurulation also involve infolding of the neural plate (Schmitz
et al., 1993; Papan and Campos-Ortega, 1994; Catala et al.,
1996). In the zebrafish, two bilaterally symmetrical thickenings
form on either side of a medial thickening: These fuse to form the
neural keel (Schmitz et al., 1993). Prospective neural crest cells
(as well as prospective neural and epidermal cells) are contained
within the lateral thickenings; they subsequently converge toward
the dorsal midline (Schmitz et al., 1993; Thisse et al., 1995).
Neural crest cells, therefore, originate from the border between
the neural plate and epidermis in all vertebrates.

Presumptive neural crest cells do not form a segregated
population in the neural plate border region. When single cells in
this region of open neural plate stage chick embryos were labeled
and their progeny examined, it was found that individual cells
within this field could form epidermis, neural crest and neural
tube derivatives in the trunk (Selleck and Bronner-Fraser, 1995).
Similarly, when small groups of cells were labeled at the cranial
neural plate border, neural crest precursors were found to be
intermingled with epidermal, placodal, and neural tube precur-
sors (Streit, 2002). The epidermal lineage only segregates from
the CNS and neural crest cell lineages when the neural tube
closes (Selleck and Bronner-Fraser, 1995). Neural crest and CNS
cell lineages do not seem to segregate at any stage within the
neural tube: Single cells within the dorsal neural tube can form
both neural tube and neural crest cell derivatives (Bronner-Fraser
and Fraser, 1989). Dorsal root ganglion neurons and glia, and
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FIGURE 2. Schematic of neurulation in the trunk region of the vertebrate
embryo, showing the location of prospective neural crest cells at the lateral bor-
ders of the neural plate. As the neural folds rise up and approximate to form the
neural tube, prospective neural crest cells are brought dorsally to the “crest” of
the neural tube. Cranial neural crest cells, however, are not always incorporated
into the neural tube (section Embryonic Origin of the Neural Crest).

melanocytes, are generated by the dorsal neural tube as late as
embryonic day 5 (ES) in the chick, several days after “classical”
neural crest cell emigration has ceased (Sharma et al., 1995).
Furthermore, ventral neural tube cells grafted into neural crest
cell migration pathways are able to form neural crest cell deriva-
tives, although they eventually lose the potential to form neurons
(Korade and Frank, 1996). Hence, neural crest cells do not con-
stitute a separate population from the CNS until they delaminate
from the neuroepithelium. Delamination, therefore, is a crucial
defining characteristic of neural crest cells (section Neural Crest
Induction).

As will be seen in the section on Evidence for Non-Neural
Ecoderm Involvement, neural crest cells can be generated exper-
imentally not only from the neural plate, but also from non-
neural ectoderm (prospective epidermis), when these tissues are
exposed to appropriate signals. Therefore, all ectodermal cells
have the potential to form neural crest cells, at least during early
stages of development. However, during normal development,
neural crest cells only arise at the border between neural plate
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and epidermis, which is underlain by nonaxial mesoderm. What
mechanisms and molecules underlie the induction of neural crest
cells in this region?

NEURAL CREST INDUCTION

Neural crest cells form at the border between prospective
neural plate and prospective epidermis, above nonaxial (paraxial
and lateral plate) mesoderm. The neural plate border itself is a
recognizable domain, characterized by expression of various
genes, including those encoding transcription factors such as
Pax3, Zic, and Snail family members. Many of these genes are
maintained in neural crest cells (see Table 1; LaBonne and
Bronner-Fraser, 1999; Gammill and Bronner-Fraser, 2003).
However, induction of the neural plate border is not equivalent to
induction of the neural crest. The most rostral part of the neural
plate border (prospective rostral forebrain) fails to produce
neural crest (Adelmann, 1925; Knouff, 1935; Jacobson, 1959;
Chibon, 1967a; Couly and Le Douarin, 1985; Sadaghiani and
Thiébaud, 1987), except possibly for a few in the mouse
(Nichols, 1981; Osumi-Yamashita et al., 1994). In the head, the
neural plate border also gives rise to cranial ectodermal placodes
(section A Preplacodal Field at the Anterior Neural Plate Border).
Furthermore, neural plate border markers and morphology can
be induced experimentally without inducing neural crest cells
(McLarren et al., 2003).

The available evidence (reviewed in Kalcheim, 2000;
Mayor and Aybar, 2001; Knecht and Bronner-Fraser, 2002;
Gammill and Bronner-Fraser, 2003) suggests that neural crest
induction can be divided into three main steps: (1) establishment
of the neural plate border, which is initially anterior in character,
via intermediate levels of bone morphogenetic protein (BMP)
activity and DIx transcription factor activity; (2) posteriorization
of the neural plate border, and induction of neural crest cell pre-
cursors within it, by Wnt and/or FGF signaling; (3) epithelial—
mesenchymal transition. Until a cell delaminates from the
neuroepithelium into the periphery, it is not a bona fide neural
crest cell. Indeed, failure to emigrate can lead to neural differen-
tiation of neural crest precursors within the neuroepithelium
(Borchers et al., 2001). Hence, induction of delamination can be
considered as the final step in neural crest induction.

Selected molecular markers of neural crest cells, many of
which are used in assays for neural crest cell induction, are listed
in Table 2 (also see Gammill and Bronner-Fraser, 2003). In
Xenopus, induction of the genes encoding the zinc finger tran-
scription factors, Slug and Twist (section Snail/Slug and FoxD3
Are Required for Neural Crest Precursor Formation), is com-
monly used as a proxy for neural crest cell induction. The HNK-
1 epitope, a carbohydrate expressed on migrating neural crest
cells, among other cell types, is frequently used in the chick to
identify neural crest cells (see Table 2). The winged-helix tran-
scription factor FoxD3 (sections Snail/Slug and FoxD3 Are
Required for Neural Crest Precursor Formation; FoxD3 Promotes
Neural Crest Cell Delimitation at All Axial Levels) and the
HMG-box transcription factors Sox9 and Sox10 (section Sox10
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TABLE 2. Some Genes Expressed in Premigratory and Migrating Neural Crest Cells

Molecule Type NC precursors Migrating NC cells Role in: Selected references
Frizzled3 Wnat receptor + - NC cell induction Deardorff et al.
(2001)
Pax3 Paired-domain + + (early); Postmigratory Mansouri ef al.
transcr. factor reexpressed later (2001)
Zic family Zinc finger transcr. + + NC cell induction Nakata et al. (2000)
factors
AP-2a Transcr. factor + + NC precursor cell Luo et al. (2003)
formation
Sox9 HMG-domain + + NC precursor cell Spokony et al.
transcr. factor formation and (2002); Cheung and
postmigratory Briscoe (2003)
Sox10 HMG-domain + + NC precursor cell Britsch et al.
transcr. factor formation and (2001); Dutton et al.
postmigratory (2001); Honor¢ et al. (2003)
FoxD3 Winged helix transcr. + + NC cell induction Dottori et al. (2001);
(=forkhead6) factor Sasai et al. (2001)
Slug/Snail Zinc finger transcr. + + NC cell induction, LaBonne and
family factors (early) migration Bronner-Fraser
(2000); del Barrio
and Nieto (2002)
Twist bHLH transcr. factor + (cranial) + (cranial) Unknown Gitelman (1997)
Endothelin Endothelin-3 receptor + + Postmigratory Nataf et al. (1996)
receptor B
RhoB GTP-binding protein + + Emigration Liu and Jessell
(early) (1998)
ADAMI13 Metallo-protease - + Emigration/ Alfandari et al.
migration (2001)
Cadherin7 Cell—cell adhesion - + Migration Nakagawa and
Takeichi (1998)
p75NTR Low-affinity - + Unknown Stemple and
neurotrophin receptor Anderson (1992)
HNK1 Glucuronic acid- - + Unknown Le Douarin and
epitope containing Kalcheim (1999)
carbohydrate

Note: References are selected to enable further reading: they are not comprehensive. bHLH, basic helix-loop-helix; HMG, high mobility group; NC, neural

crest; transcr., transcription.

Is Essential for Formation of the Glial Lineage), which are
expressed in neural crest precursors and migrating neural crest
cells, are more recently identified neural crest cell markers.

Step 1: Establishment of the Neural Plate Border

Molecular signals involved in neural plate induction are
discussed at length in Chapter 1 and will not be reviewed here.
The classical “default” model for neural plate induction, whereby
high levels of bone morphogenetic proteins (BMPs) specify
epidermis, and low levels specify neural plate (see Chapter 1),
led to the suggestion that intermediate levels of BMP activity
specify the border between the two tissues (reviewed in Mayor
and Aybar, 2001). Indeed, intermediate BMP activity levels are
sufficient to induce some anterior neural plate border genes
in Xenopus ectoderm in vitro (Wilson and Hemmati-Brivanlou,
1995; Knecht and Harland, 1997; Villanueva et al., 2002).
Importantly, however, no concentration of BMP antagonist is suf-

ficient to induce neural crest cells alone, that is, in the absence of
neural and epidermal markers (Wilson et al., 1997; LaBonne and
Bronner-Fraser, 1998). This is consistent with the fact that the
anterior neural plate border does not produce neural crest cells,
and with the hypothesis that additional signals are required to
induce neural crest cell precursors within the neural plate border
region (see next section).

In Xenopus, overexpression of BMP antagonists in vivo
leads to lateral expansion of neural crest markers, contiguous
with their normal domain, at the expense of epidermal ecto-
derm (Mayor et al., 1995; LaBonne and Bronner-Fraser, 1998).
Conversely, overexpression of BMP4 has little effect on neural
crest markers, but shifts the border medially at the expense of the
neural plate (LaBonne and Bronner-Fraser, 1998). Zebrafish
embryos carrying mutations in the BMP signaling pathway also
show reduced or expanded domains of neural crest cell precur-
sors, depending on the effect of the mutation on BMP activity
levels (Nguyen et al., 1998). In the chick, the balance between



BMP4 and its antagonists is important for establishing and/or
maintaining the prospective neural plate border: This region,
which itself expresses BMP4, is the only region responsive to
changes in the level of BMP signaling at neural plate stages
(Streit and Stern, 1999).

These results suggest that BMP signaling is required for
neural plate border formation and maintenance, and that changes
in BMP activity levels can affect neural crest cell formation,
although they are not sufficient to induce neural crest cells.

Members of the DIx family of transcription factors play an
important role in positioning the neural plate border during
gastrulation (McLarren et al., 2003; Woda et al., 2003). In the
chick, gain-of-function experiments have shown that DIx5, itself a
marker of the neural plate border, represses neural fates without
inducing epidermis (McLarren et al., 2003). Furthermore, DIx5
acts non-cell autonomously (presumably by activating downstream
signaling pathways) to promote the expression of other neural
plate border markers in adjacent cells, such as the transcription
factor Msx1, and BMP4 itself (McLarren ef al., 2003). However,
DIx5 activity is not sufficient to induce either neural crest cells or
placodes (McLarren et al., 2003). In Xenopus, gain-of-function
and loss-of-function experiments have shown that DIx3 and DIx5
activity positions the neural plate border, and that DIx protein
function in non-neural ectoderm is required for the subsequent
induction of both neural crest and placodes (Woda et al., 2003).

In summary, the activity of BMP signaling molecules and
DIx transcription factors appears to specify the neural plate bor-
der region. However, the activity of these molecules is insuffi-
cient to specify neural crest cells (or placode cells). Intermediate
BMP activity levels induce neural plate border that is anterior in
character. Hence, additional signals are required to posteriorize
the neural plate border and induce neural crest precursor cells
within it.

Step 2: Induction of Neural Crest Precursors

It is becoming increasingly evident that Wnt and/or FGF
family members are involved both in posteriorizing the neural
plate border and inducing neural crest precursor cells within
it. These do seem to be separable processes, however, as neural
crest induction can be experimentally uncoupled from the
anterior—posterior patterning of the neural plate (e.g., Chang and
Hemmati-Brivanlou, 1998; Monsoro-Burq et al., 2003).

Posteriorizing Signals (Wnts and FGFs)

A posteriorizing signal derived from the paraxial meso-
derm enables rostral neural plate tissue to form neural crest cells
in the chick (Muhr ef al., 1997) and establishes Pax3 expression
at the neural plate border in both chick and Xenopus embryos
(Bang et al., 1997, 1999). In the chick, this posteriorizing
activity is mediated by Wnt family members, in particular Wnt8c
and Wntll, in conjunction with permissive FGF signaling
(Nordstrom et al., 2002). Paraxial mesoderm produces several
other factors, including FGFs and retinoic acid, that are able to
posteriorize the neural plate to induce posterior cell fates. In the
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chick, though, FGFs and retinoic acid are insufficient to induce
caudal character in neural cells in vitro: This requires Wnt activity
from the caudal paraxial mesoderm (Muhr et al., 1997, 1999;
Nordstrom et al., 2002).

Induction of Neural Crest Precursors
(Wnts and FGFs)

In both Xenopus and chick embryos, Wnt family members
are both sufficient to induce neural crest cells from neuralized
ectoderm in vitro, and necessary for neural crest induction in vivo
(reviewed in Wu et al., 2003). Wnts can induce neural crest mark-
ers in conjunction with BMP inhibitors in ectodermal explants
in vitro (Saint-Jeannet et al., 1997; Chang and Hemmati-
Brivanlou, 1998; LaBonne and Bronner-Fraser, 1998).
Conversely, inhibiting Wnt function in vivo by overexpressing a
dominant negative Wnt ligand prevents early neural crest cell
marker expression (LaBonne and Bronner-Fraser, 1998).
Morpholino oligonucleotide-mediated blockage of the transla-
tion of the Wnt receptor Frizzled3, or its proposed adaptor pro-
tein Kermit, both reduce Slug expression in Xenopus (Deardorff
et al., 2001; Tan et al., 2001), again showing a requirement for
Whnt signaling in neural crest cell formation. Furthermore, the
Xenopus Slug promoter contains a functional binding site for a
downstream effector of Wnt signaling (LEF/B-catenin) that is
required to drive its expression in neural crest precursors, show-
ing that the requirement for Wnt is direct (Vallin et al., 2001).

Wnt activity is also necessary and sufficient for neural
crest cell induction in the chick (Garcia-Castro et al., 2002).
Overexpression of a dominant negative Wnt ligand inhibits Slug
expression in vivo: This can be rescued by application of exoge-
nous Wnt (Garcia-Castro et al., 2002). Conversely, Drosophila
Wingless (a Wntl homologue that triggers the Wnt signaling
pathway in vertebrates) can induce neural crest cells from neural
plate in a chemically defined medium that lacks any other growth
factors and hormones (Garcia-Castro et al., 2002). Importantly,
BMP4, which was previously shown to induce neural crest cells
from neural plate in vitro, in the presence of various additives
(Liem et al., 1995), is unable to induce neural crest cells from
the neural plate in their absence (Garcia-Castro et al., 2002).
Synergism with other factors present in the medium may also
underlie the induction of neural crest cells by BMP2/4 from dis-
sociated rat neural tube cells (Lo ef al., 2002) or neuroepithelial
stem cells (Mujtaba et al., 1998).

Whnt signaling seems to control the domain of expression
of Irol and Iro7, homeodomain transcription factors homologous
to the Iroquois family of factors that, in Drosophila, regulate the
expression of proneural genes (section Proneural Genes: An
Introduction) (Itoh et al., 2002). Functional knockdown of both
Irol and Iro7 using morpholino antisense oligonucleotides leads
to loss of FoxD3 expression (Itoh et al., 2002). This not only
suggests that these transcription factors are upstream of FoxD3,
but also provides indirect evidence that Wnt signaling regulates
neural crest induction (Itoh et al., 2002). Furthermore, Wnt
signaling is required for the induction of c-Myc, a basic helix-
loop-helix zipper transcription factor whose expression is
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required for Slug and FoxD3 expression and neural crest cell for-
mation in Xenopus (Bellmeyer et al., 2003).

The above results clearly show that Wnts are both neces-
sary and sufficient to mediate neural crest cell induction from
neuralized ectoderm. Several different models of neural crest
induction have been proposed over the years, variously stressing
the importance of nonaxial mesoderm and neural plate—
epidermal interactions. (Some of the data supporting a role for
both paraxial mesoderm and neural plate—epidermal interactions
in neural crest induction are described in the following sections.)
However, since both paraxial mesoderm and epidermis express
Wnt family members, it is likely that both tissues are involved
in vivo. Wnt8 is expressed in the paraxial mesoderm, and Wnt6
and Wnt7b are expressed in non-neural ectoderm (Chang and
Hemmati-Brivanlou, 1998; Garcia-Castro et al., 2002).

Nonetheless, Wnts may not be the whole story. Work in
Xenopus has suggested that not only Wnt8, but also retinoic acid
and FGFs, are able to induce Slug expression, both in the anterior
neural plate border, and in tissue transformed into anterior neural
plate border by intermediate levels of BMP activity (Villanueva
et al., 2002; Monsoro-Burq et al., 2003). Furthermore, FGF
signaling is required for induction of neural crest markers by
paraxial mesoderm in Xenopus (Monsoro-Burq et al., 2003).
Hence, although most of the evidence so far favors Wnts as the
primary signals that induce neural crest cell precursors within the
neural plate border (see Wu et al., 2003), FGF involvement
cannot be ruled out.

Evidence for Paraxial Mesoderm Involvement in
Neural Crest Induction

Several lines of evidence have suggested a role for non-
axial mesoderm in neural crest cell induction. In 1945, Raven
and Kloos showed in an amphibian model that fragments of
lateral archenteron roof (prospective paraxial and lateral plate
mesoderm) can induce neural crest cells from overlying ecto-
derm, in the absence of neural tissue, when grafted into the
blastocoel (Raven and Kloos, 1945). Over fifty years later,
prospective paraxial mesoderm was shown to induce neural crest
marker expression and melanocytes from competent ectoderm in
Xenopus explant cocultures (Bonstein et al., 1998; Marchant
et al., 1998; Monsoro-Burq et al., 2003). In the chick, paraxial
mesoderm can induce neural plate explants to form melanocytes
(though not neurons) (Selleck and Bronner-Fraser, 1995). Hence,
paraxial mesoderm is sufficient to induce at least some neural
crest cell markers and derivatives in vitro, both from non-neural
ectoderm and neural plate. Importantly, removing prospective
paraxial mesoderm at the start of gastrulation in Xenopus leads
to a reduction in Slug expression and melanocyte formation
in vivo (Bonstein et al., 1998; Marchant et al., 1998). This sug-
gests that paraxial mesoderm is not only sufficient to induce
neural crest cells in vitro, but also necessary for neural crest cell
induction in vivo.

The molecular model of neural crest induction described
thus far (i.e., intermediate BMP activity plus Wnt/FGF signaling)
can explain the induction of neural crest cells by paraxial

mesoderm. Paraxial mesoderm expresses both BMP inhibitors,
such as Noggin and Follistatin (e.g., Hirsinger et al., 1997,
Marcelle et al., 1997; Liem ef al., 2000), and Wnt and FGF fam-
ily members (see previous section). The BMP inhibitors may
induce intermediate levels of BMP activity in non-neural ecto-
derm, while the Wnt/FGF signals may subsequently induce
neural crest cells from this neuralized ectoderm. However, this
model has not been tested directly.

Evidence for Non-Neural Ectoderm Involvement
in Neural Crest Induction

A role for non-neural ectoderm in neural crest cell
induction was first proposed in the late 1970s and early 1980s.
Rollhduser-ter Horst used interspecific grafts between different
species of urodele amphibians to follow the fate of gastrula
ectoderm juxtaposed to different tissues (Rollhduser-ter Horst,
1979, 1980). The ectoderm failed to form neural crest cells
in vitro either when cultured alone, or when cocultured with
neural-inducing tissue, but did form neural crest cells when both
tissues were grafted to the belly of host embryos (Rollhduser-ter
Horst, 1979). This suggested a requirement for the host epider-
mis as well as neural-inducing tissue. When the gastrula ecto-
derm was grafted in place of the host neural folds, it also formed
neural crest cells (Rollhduser-ter Horst, 1980), again suggesting
arole for interactions between neural and non-neural ectoderm in
neural crest induction.

Moury and Jacobson similarly used pigmented and albino
axolotl embryos as donors and hosts, respectively, to show that
both neural folds and neural crest cells form at any newly created
boundary between neural plate and epidermis (Moury and
Jacobson, 1989, 1990). Under these circumstances, both epider-
mis and neural plate form neural crest cells. Interestingly, the
neural plate forms melanocytes while the epidermis forms sen-
sory neurons (Moury and Jacobson, 1990). In Xenopus, labeled
neural plate grafted into epidermis in vivo leads to Slug upregu-
lation in both donor and host tissues, at the interface between
them (Mancilla and Mayor, 1996). Likewise, when quail neural
plate is grafted into chick epidermis in vivo, both quail and chick
tissue generate migratory HNK-1-positive cells (Selleck and
Bronner-Fraser, 1995). Slug is also induced after similar experi-
ments using unlabeled chick tissue (although in which tissues is
unclear) (Dickinson ez al., 1995).

Although these in vivo experiments suggested a role for
interactions between neural plate and epidermis in neural crest
cell induction, all the grafted tissues were also exposed to signals
from the underlying mesoderm. However, in vitro cocultures of
neural plate and epidermis, in the absence of mesoderm, are suf-
ficient to induce Slug expression in Xenopus (Mancilla and
Mayor, 1996) and neural crest cells in the chick (S7ug expression;
formation of melanocytes and catecholaminergic neurons)
(Dickinson et al., 1995; Selleck and Bronner-Fraser, 1995).
Hence, a local interaction between neural and non-neural ecto-
derm is sufficient to induce neural crest cells in vitro. This
finding has been exploited in a subtractive hybridization screen
of a macroarrayed chick cDNA library, in order to provide the



first gene expression profile of newly induced neural crest cells
(Gammill and Bronner-Fraser, 2002).

The interaction between neural and non-neural ectoderm
seems to recapitulate all of the steps of neural crest induction
seen in vivo, including induction of the neural plate border, since
neural folds form at all experimentally generated neural/epider-
mal interfaces (Moury and Jacobson, 1989). Both epidermal and
neural plate cells may contribute to the new neural plate border
region, perhaps explaining why both tissues form neural crest
cells after such interactions.

In summary, there is substantial evidence to implicate both
paraxial mesoderm and non-neural epidermis in neural crest cell
induction in vivo. Their involvement is probably due to their expres-
sion of Wnt (and/or FGF) family members, which can induce
neural crest cell precursors within the neural plate border region.

AP2a and SoxE Transcription Factors Are
Involved in the Earliest Steps of Neural
Crest Precursor Formation

The transcription factor AP2« is expressed during early
stages of neural crest development in all vertebrates, as well as in
other tissues, such as the epidermis (see Luo et al., 2003). In
Xenopus, AP2a expression, which covers a broader territory than
other early neural crest precursor markers such as Sox9 (see next
paragraph) and Slug, is upregulated by BMP and Wnt signaling
(Luo et al., 2003). Morpholino-mediated functional knockdown
of AP2a results in failure of neural fold formation and the loss of
Sox9 and Slug expression (Luo et al., 2003). These results
suggest an important role for AP2a in the earliest stages of
neural crest precursor formation. However, the broad expression
pattern of AP2a, in particular in epidermis, implies that other
factors must be involved in restricting neural crest precursor
formation to the correct region.

Sox9 and Sox10 are members of the E subgroup of high-
mobility-group (HMG) domain Sox transcription factors. Sox9 is
one of the earliest markers of premigratory neural crest cell pre-
cursors within the neural plate border; its expression is main-
tained during early stages of neural crest migration (Spokony
et al., 2002; Cheung and Briscoe, 2003). Morpholino-mediated
functional knockdown of either Sox9 or Sox10 in Xenopus
blocks neural fold formation, as well as blocking expression of
neural plate border markers and neural crest precursor markers,
including Slug (Spokony et al., 2002; Honoré et al., 2003).
Unlike DIx activity (see section Establishment of the Neural
Plate Border), Sox9 activity is sufficient to induce neural crest
precursor markers, including Slug and FoxD3, in both dorsal and
ventral regions of the chick neural tube (Cheung and Briscoe,
2003). However, Sox9-induced ectopic neural crest precursors
rarely delaminate except in the most dorsal regions of the neural
tube (Cheung and Briscoe, 2003). This suggests that additional
signals are required for neural crest cell delamination, and that
these signals are only present dorsally (see section Epithelial—
Mesenchymal Transition).

Importantly, Sox9-mediated induction of neural crest pre-
cursor markers in the chick does not induce BMP or Wnt family
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members, nor require BMP activity, suggesting that, like AP2a,
Sox9 lies downstream of these signaling pathways (Cheung and
Briscoe, 2003). Blocking either FGF signaling or Wnt signaling
in Xenopus also blocks Sox10 expression at the neural plate
border (Honoré et al., 2003), again suggesting that the SoxE tran-
scription factors lie downstream of identifed neural crest precur-
sor inducing signals.

Although morpholino-mediated functional knockdown of
Sox9a in zebrafish does not affect neural crest precursors, it is
possible that Sox9bh may instead play this role in zebrafish (Yan
et al., 2002). Neural crest-specific knockout of Sox9 in mice does
not cause neural crest precursor defects (Mori-Akayama et al.,
2003), but it is possible that overlapping expression of the other
SoxE subgroup members, Sox8 and Sox10, may compensate for
the loss of Sox9.

In summary, it seems likely that AP2a, Sox9, and Sox10
may be crucial downstream target of BMP and Wnt/FGF signals
in the formation of neural crest precursors. AP2a seems to lie
upstream of Sox9, whose activity in turn induces the expression
of multiple other markers of neural crest cell precursors, includ-
ing Slug and FoxD3 (see next section). However, delamination
from the neuroepithelium (i.e., neural crest cell formation)
requires additional signals that, at least in the chick, may only be
present in the dorsal neural tube.

Snail/Slug and FoxD3 Are Required for
Neural Crest Precursor Formation

The Snail superfamily of zinc finger transcriptional repres-
sors contains two major families: Snail and Scratch (Nieto,
2002). In vertebrates, the Snail family is further subdivided into
Snail and Slug subfamilies, both of which are essential during
two stages of neural crest formation: (1) The formation of
neural crest cell precursors within the neuroepithelium, and
(2) delamination of cranial neural crest cells (section Snail Family
Members Promote Cranial Neural Crest Cell Delamination). In
Xenopus, Slug is first expressed at late gastrula stages, long
before neural crest delamination occurs (Mayor et al., 1995).
Slug acts as a transcriptional repressor (LaBonne and Bronner-
Fraser, 2000; Mayor et al., 2000). Slug overexpression in
Xenopus leads to an expansion of the neural crest domain at the
expense of epidermis, and to overproduction of at least some
neural crest derivatives (LaBonne and Bronner-Fraser, 1998).
Conversely, other early neural crest precursor markers are lost
after expression of a dominant negative Slug construct or anti-
sense Slug RNA, showing that Slug function is necessary for the
formation of neural crest precursors (Carl et al., 1999; LaBonne
and Bronner-Fraser, 2000). However, not all Slug-expressing
cells delaminate to form neural crest cells (Linker ef al., 2000).

The winged-helix transcription factor FoxD3 (Forkhead6)
is also important in early stages of neural crest cell formation
(Dottori et al., 2001; Kos et al., 2001; Pohl and Knéchel, 2001;
Sasai et al., 2001). Like Slug, FoxD3 is a transcriptional repres-
sor (Pohl and Kndochel, 2001; Sasai et al., 2001) and is expressed
both in premigratory neural crest cell precursors and migrating
neural crest cells. In Xenopus, inhibiting FoxD3 function in vivo
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using a dominant negative FoxD3 construct represses the
expression of early neural crest precursor markers, including
Slug, and leads to a corresponding expansion of the neural plate
(Sasai et al., 2001). Hence, like Slug, FoxD3 function is required
for the formation of neural crest precursors. However, overex-
pression of FoxD3 in the chick neural tube does not upregulate
Slug, suggesting that Slug is not an obligate downstream target of
FoxD3 (Dottori et al., 2001). Instead, the two genes seem to act
in concert, in partially overlapping pathways, to promote neural
crest cell formation (Sasai et al., 2001).

In addition to their importance for the formation of neural
crest cell precursors, both FoxD3 and Slug can promote
neural crest cell delamination (sections FoxD3 Promotes Neural
Crest Cell Delamination at All Axial Levels; Snail Family
Members Promote Cranial Neural Crest Cell Delamination).

Step 3: Epithelial-Mesenchymal Transition

The final step in neural crest induction is the activation of
the epithelial-mesenchymal transition that leads to delamination
from the neuroepithelium into the periphery. As described at the
beginning of the section on Neural Crest Induction, a cell cannot
be described as a bona fide neural crest cell until it emigrates
from the neuroepithelium. Hence, induction of delamination is
the final step in the induction of the neural crest.

In all vertebrates, neural crest cell precursors delaminate in
a rostrocaudal wave along the neuraxis. Whether or not neural
crest cell precursors are initially incorporated into the neural tube
depends on the timing of neural crest cell delamination relative
to the timing of fusion of the neural folds. This varies from
species to species and on the axial level within the embryo.
Cranial neural crest cells, in particular, which are the first to
delaminate, may not be incorporated into the neural tube. In the
mouse, cranial neural crest delamination begins in the midbrain/
rostral hindbrain well before neural tube closure, when the
neural folds are approaching one another in the cervical region
(Nichols, 1981). In frogs, cranial neural crest cells form large
masses that segregate from the neural tube prior to its closure;
these masses do not take part in the morphogenetic movements of
neurulation (Schroeder, 1970; Olsson and Hanken, 1996). In the
chick, however, cranial neural crest cells delaminate as the neural
folds meet or during early apposition, beginning at midbrain levels
(Tosney, 1982). Trunk neural crest cells in the chick only emigrate
after the epidermis and neural tube have separated (Tosney, 1978).

In the chick, the first sign of imminent neural crest cell
delamination at cranial levels is that the neural crest cell precur-
sor cell population becomes less tightly packed, and the cells
extend long cellular processes into the intercellular spaces within
the population (Tosney, 1982). As emigration starts, the basal
lamina over the neural crest cells becomes fragmented, and the
cells extend long processes into the adjacent cell-free space
(Tosney, 1982). Clearly, major changes in cytoskeletal architec-
ture, cell-cell and cell-matrix interactions occur during this
epithelial-mesenchymal transition. Recent molecular evidence
has given us a more detailed insight into the genes and signaling
pathways controlling these processes.

The Basal Lamina Must Be Degraded before
Delamination Can Occur

Neural crest cells do not seem to be able to penetrate an
intact basal lamina (Erickson, 1987). The basal lamina clearly
breaks down over neural crest cell precursors before they delam-
inate from the neuroepithelium (e.g., Tosney, 1982; Raible et al.,
1992) and this may be due to neural crest secretion of proteases,
although it remains to be demonstrated. Neural crest cell precur-
sors produce various proteolytic enzymes, including the serine
protease plasminogen activator (Valinsky and Le Douarin, 1985;
Agrawal and Brauer, 1996), BMP1/Tolloid metalloproteases
(Marti, 2000), and members of the metalloprotease/disintegrin
family (Alfandari et al., 1997; Cai et al., 1998). Some of these
proteases are only found in cranial neural crest cell precursors
and migrating cranial neural crest cells, for example, the metal-
loprotease/disintegrin ADAMI13 in Xenopus (Alfandari et al.,
1997, 2001). However, a role for these proteases in neural crest
cell delamination has not yet been shown.

Inhibiting Protein Kinase C Signaling
Promotes Delamination

If avian neural tube explants are treated with protein kinase
C inhibitors, cells immediately, and precociously, delaminate and
migrate away from the neural tube (Newgreen and Minichiello,
1995, 1996). This occurs on both dorsal and ventral sides of the
neural tube (although ventral cells are less sensitive than dorsal
cells) (Newgreen and Minichiello, 1995, 1996). This stimulatory
effect of protein kinase C inhibitors does not require protein syn-
thesis (Newgreen and Minichiello, 1995). Similarly, protein
kinase C inhibition triggers delamination, migration, and expres-
sion of the neural crest marker Sox/0, in neuroectoderm cells
produced from mouse embryonic stem cells in culture (Rathjen
et al., 2002). These results suggest that delamination can be
induced by signals that modulate protein kinase C activity.

Delamination is Associated with Downregulation
of Cadherin6B

Calcium-dependent cell-cell adhesions are required to
prevent precocious emigration of neural crest cells (Newgreen
and Gooday, 1985). In the chick, most neural tube cells express
the calcium-dependent cell—cell adhesion molecule N-cadherin,
while epidermal cells express E-cadherin; however, the dorsal
neural tube, which contains neural crest cell precursors,
expresses neither N-cadherin nor E-cadherin (Akitaya and
Bronner-Fraser, 1992). In accordance with this, N-cadherin itself
does not seem to be required for neural crest cell formation or
migration, as pigmentation and cranial cartilages are normal
in N-cadherin mutant zebrafish (Lele et al., 2002). Instead,
neural crest cell precursors within the neuroepithelium express
cadherin6B; this expression is lost in emigrating neural crest
cells (Nakagawa and Takeichi, 1995, 1998). Type II (atypical)
cadherins are then upregulated in subpopulations of migrating
neural crest cells, for example cadherin7 and cadherin 11; these



may be involved in controlling the rate of neural crest cell migra-
tion and/or in some aspects of fate specification (Nakagawa and
Takeichi, 1995; Borchers et al., 2001).

FoxD3 Promotes Neural Crest Cell Delamination
at All Axial Levels

FoxD3 is essential for the formation of neural crest cell pre-
cursors (section Snail/Slug and FoxD3 Are Required for Neural
Crest Precursor Formation), and it may also play a role in neural
crest cell delamination. Ectopic expression of FoxD3 in the chick
neural tube promotes neural crest cell delamination at all axial
levels (Dottori et al., 2001). This is achieved without upregulating
Slug or, apparently, RhoB (section BMP4 Induces RhoB, Which Is
Essential for Neutral Crest Cell Delamination), suggesting that
FoxD3 and Slug function independently in regulating neural crest
cell delamination (Dottori et al., 2001). The precise mechanism of
action of FoxD3 in promoting delamination remains unclear.

Snail Family Members Promote Cranial Neural
Crest Cell Delamination

Snail family transcription factors are required for the
formation of neural crest cell precursors (section Snail/Slug and
FoxD3 Are Required for Neural Crest Precursor Formation).
Several different lines of evidence also support a role for Snail
family genes in epithelial-mesenchymal transitions. Over-
expression of mouse Slug in bladder carcinoma cells leads to
desmosome dissociation at sites of cell-cell contact, a necessary
prerequisite for epithelial-mesenchymal transition (Savagner et al.,
1997). Overexpression of mouse Snail in epithelial cells represses
transcription of the cell—cell adhesion molecule E-cadherin, and
leads to epithelial-mesenchymal transition and migratory
and invasive cell behaviors (Batlle et al., 2000; Cano et al.,
2000). Since Snail and/or Slug genes are expressed in premigra-
tory neural crest cell precursors in all vertebrates, a role in neural
crest cell delamination from the neuroepithelium seems likely.

Early antisense experiments in chick embryos suggested a
role for Slug in cranial neural crest cell migration (Nieto et al.,
1994). Cranial neural crest cell migration is inhibited in Xenopus
in the presence of antisense Slug RNA or a dominant negative
Slug construct (Carl et al., 1999; LaBonne and Bronner-Fraser,
2000). Overexpression of Slug in the chick neural tube leads to an
increase in the number of migrating cranial neural crest cells,
although not of trunk neural crest cells (del Barrio and Nieto,
2002). Other experiments have also shown that, unlike FoxD3,
increased Slug activity alone does not cause trunk neural crest cell
delamination in the trunk (Sela-Donenfeld and Kalcheim, 1999).
The basis of this difference between head and trunk is unknown.

BMP Signaling is Required for Delamination

In the trunk of the chick embryo, neural crest cells only
begin to delaminate in areas adjacent to the epithelial somites:
They do not emigrate at the level of the segmental plate
mesoderm (Teillet ez al., 1987). The timing of neural crest cell
emigration in the trunk can be correlated with expression of the
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BMP2/4 antagonist Noggin (Sela-Donenfeld and Kalcheim,
1999). Noggin is strongly expressed in the dorsal neural tube
opposite the segmental plate mesoderm, more weakly expressed
opposite newly epithelial somites, and absent opposite fully disso-
ciated somites, while BMP4 is expressed in the dorsal neural tube
at all levels (Sela-Donenfeld and Kalcheim, 1999). Noggin over-
expression (i.e., inhibition of BMP activity) inhibits neural crest
cell delamination both in vivo and in vitro, and this can be rescued
in vitro by BMP4 (Sela-Donenfeld and Kalcheim, 1999). This
suggests that a balance between BMP4 and its antagonists plays a
role in the onset of neural crest cell delamination in the trunk
(Sela-Donenfeld and Kalcheim, 1999). This balance is now known
to be controlled by the paraxial mesoderm itself: The dorsomedial
region of developing somites produces a signal that downregulates
noggin transcription in the dorsal neural tube (Sela-Donenfeld
and Kalcheim, 2000). This enables the coordination of neural
crest cell emigration with the formation of a suitable mesodermal
substrate for migration (section Migration Pathways of Trunk
Neural Crest Cells) (Sela-Donenfeld and Kalcheim, 2000).

BMP signaling is also essential for cranial neural crest cell
migration in the mouse (Kanzler et al., 2000). When noggin is
expressed in transgenic embryos under the control of a Hox2a
enhancer, leading to noggin overexpression in the hindbrain,
hindbrain-level neural crest cells fail to emigrate (Kanzler et al.,
2000). Although Bmp4 is not expressed in the dorsal hindbrain in
the mouse, Bmp?2 is expressed there, and hindbrain neural crest
cells fail to migrate in Bmp2 mutant embryos. Hence, it seems
that BMP2 activity is necessary for cranial neural crest cell
emigration in the mouse (Kanzler et al., 2000).

These results show that BMP signaling is essential not just
to establish the neural plate border, but also at a later stage, to
promote neural crest cell delamination.

BMP4 Induces RhoB, Which Is Essential for
Neural Crest Cell Delamination

The small GTP-binding protein RhoB is expressed in
neural crest precursors within the neuroepithelium and is down-
regulated shortly after delamination (Liu and Jessell, 1998). Rho
proteins have been implicated in the assembly of the actin
cytoskeleton required for motility (see Frame and Brunton,
2002). Treatment of chick neural tube explants with a Rho-
specific inhibitor has shown that Rho function is essential for
neural crest cell delamination, and that the actin cytoskeleton in
neural crest cell precursors is perturbed (Liu and Jessell, 1998).
RhoB also seems to be a downstream target of Slug activity,
though whether direct or indirect is unknown (del Barrio and
Nieto, 2002). It is not, however, detectably induced by FoxD3
(Dottori et al., 2001). Nor, interestingly, is RhoB detectably
induced by Sox9, which induces neural crest precursor formation
but is not sufficient to promote efficient delamination, except
at the dorsalmost region of the neural tube (Cheung and Briscoe,
2003; section AP2a and SoxE Transcription Factors Are Involved
in the Earliest Steps of Neural Crest Precursor Formation).
However, RhoB is induced by BMP4: Indeed, it was originally
identified in a PCR-based screen for genes induced by BMP4 in
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neural plate cells (Liu and Jessell, 1998). Since BMP4 is essen-
tial for delamination of neural crest cell precursors and induces
RhoB, it seems that BMP4 activity is the most likely candidate
for the dorsally located signal that induces neural crest cell for-
mation from premigratory neural crest cell precursors. It will be
important to establish whether all RhoB-expressing neural crest
cell precursor cells do, in fact, emigrate from the neural tube.

Transition from G1 to S Phase of the Cell Cycle Is
Required for Neural Crest Cell Delamination

In the chick, most trunk neural crest cells emigrate from
the neural tube in the S phase of the cell cycle, when their nuclei
are located at or near the basal margin of the neuroepithelium
(Burstyn-Cohen and Kalcheim, 2002). Blocking the cell cycle
transition from G1 to S phase blocks neural crest delamination,
both in vivo and in explants (Burstyn-Cohen and Kalcheim,
2002). Thus, the cell cycle status of neural crest cell precursors is
an essential prerequisite for the epithelial-mesenchymal transi-
tion that forms neural crest cells. It is possible that BMP signal-
ing in the dorsal neural tube induces a cascade of signals that
influence G1/S transition, perhaps by upregulating cyclin D1.
Alternatively, independent pathways downstream of BMP signal-
ing and the cell cycle may converge on common downstream
targets to initiate delamination.

Summary of Neural Crest Induction

Neural crest induction is a multistep, multisignal process
that can be divided into three distinct phases. Firstly, the neural
plate border is induced during gastrulation, probably by interme-
diate levels of BMP activity, and with the involvement of DIx
transcription factors. Secondly, Wnt and/or FGF signals from
surrounding tissues (paraxial mesoderm and non-neural ecto-
derm) posteriorize the neural plate border and induce neural crest
cell precursors within it. Finally, BMP activity in the dorsal
neural tube induces RhoB in a subset of neural crest cell precur-
sors. After G1/S transition, these cells undergo an epithelial—
mesenchymal transition, delaminate from the neuroepithelium as
neural crest cells, and migrate into the periphery.

As neural crest cells delaminate from the neuroepithelium,
they are faced with very different mesodermal environments
depending on their axial level. In the head, they encounter the
apparently disorganized cranial paraxial mesenchyme, while in the
trunk, the paraxial mesoderm is segmented into repeating blocks,
the somites. In both head and trunk, however, neural crest cells fol-
low ordered pathways to their target sites, where they differentiate
into an impressive array of different derivatives. The mechanisms
underlying this migration are discussed in the following section.

NEURAL CREST MIGRATION

Experimental Approaches

Two main experimental approaches have been used to map
the migration pathways and, concurrently, define the derivatives

of the neural crest. First, ablation studies have been performed, to
determine what cell types and tissues are lacking as a result.
Although such experiments yielded a wealth of information,
particularly from fish and amphibians, drawbacks included the
possibility of regulation to restore the missing cells, and indirect
effects on other tissues. The second approach has been to label
the neural folds, including premigratory neural crest cell precur-
sors: Labeled neural crest cells delaminating into the periphery
can be distinguished from surrounding unlabeled cells. Early
studies in amphibian embryos employed vital dyes to label donor
embryos, from which neural folds were explanted and grafted
into unlabeled host embryos (e.g., Detwiler, 1937). Hetero-
specific grafts were also used extensively in amphibians as dif-
ferences in pigmentation and/or cell size enabled donor and host
tissues to be distinguished. Such grafts have also been combined
with staining techniques that reveal differences in nuclear
morphology (e.g., Sadaghiani and Thiébaud, 1987; Krotoski
et al., 1988).

Tritiated thymidine labeling of the nuclei of donor
embryos, followed by grafting of labeled neural folds into unla-
beled hosts, was introduced in the 1960s for the chick (Weston,
1963) and immediately applied in amphibians (Chibon, 1964).
This method was used in avian embryos for about 12 years
(e.g., Johnston, 1966; Noden, 1975). It was superseded, however,
by Le Douarin’s discovery that the quail nucleolus is associated
with a large mass of heterochromatin, enabling it to be distin-
guished clearly from chick nuclei after appropriate staining
(Le Douarin, 1969, 1973). Hence, quail neural folds could be
grafted into chick hosts, and the fate of the donor quail cells
followed throughout development, up to and including hatching
(although graft rejection occurs eventually). This technique was
used in a series of elegant fate-mapping studies to define all the
derivatives of the neural crest in the avian embryo along the
length of the neuraxis (e.g., Le Douarin and Teillet, 1973, 1974;
Teillet, 1978; Noden, 1978a, b) (reviewed in Le Douarin and
Kalcheim, 1999). Today, a quail-specific antibody enables easier
identification of grafted quail cells within the chick host, and the
quail—chick chimera technique is still commonly used to study
neural crest cell fate, migration, and potential (e.g., Baker et al.,
1997; Catala et al., 2000; Etchevers et al., 2001).

Migrating neural crest cells have also been followed using
monoclonal antibodies, such as the HNK1 antibody in chick and
rat embryos (e.g., Rickmann et al., 1985; Bronner-Fraser, 1986;
Erickson et al., 1989). Modern, nontoxic vital dyes have been
extensively used to map neural crest cell migration pathways and
derivatives in situ, avoiding any risk of artifacts introduced by
invasive surgery or differences in behavior between donor
and host cells. The lipophilic dye Dil can be injected into the
lumen of the neural tube to label all neural tube cells, including
premigratory neural crest cells, which can subsequently be fol-
lowed as they migrate through the periphery (e.g., Serbedzija
et al., 1989, 1990; Collazo et al., 1993). Time-lapse in ovo con-
focal microscopy, combined with Dil labeling, has also enabled
migrating hindbrain neural crest cells to be followed in vivo at
high resolution (e.g., Kulesa and Fraser, 2000). Membrane-
impermeant dyes, such as lysinated rhodamine dextran, can be



injected into individual neural crest cell precursors and migrating
neural crest cells in vivo, allowing the progeny of single cells to
be followed during development (Bronner-Fraser and Fraser,
1988, 1989; Fraser and Bronner-Fraser, 1991). Retroviral-
mediated gene transfer has also enabled the clonal analysis of the
progeny of single neural crest cells in vivo (Frank and Sanes,
1991). In mice, the fate of migrating cranial neural crest cells has
been followed by using Cre—Lox transgenic technology to acti-
vate constitutive 3-galactosidase expression under the control of
the Wntl promoter (Chai et al., 2000).
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Together, these different cell-labeling approaches have
enabled a detailed picture to be drawn of the migration pathways
followed by neural crest cells through the periphery.

Migration Pathways of Cranial Neural
Crest Cells

Cranial neural crest cells migrate beneath the surface
ectoderm, above the paraxial cephalic mesoderm (see Figs. 3 and
4B), although a few cells penetrate the paraxial mesoderm.
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FIGURE 3. Schematic lateral views of a generalized 20-30 somite-stage amniote embryo with the surface ectoderm removed (except to show the positions
of the cranial ectodermal placodes). Each tissue type from the embryo at the top is shown separately below, illustrating the relative positions of the migrating
neural crest, placodes (filled black circles), axial structures, paraxial mesoderm, arteries, and pharyngeal endoderm. The olfactory placodes cannot be seen in
this view. The vertical lines indicate which regions are in register with each pharyngeal arch. Redrawn from Noden (1991). art., artery; fb, forebrain; gen,
geniculate; In, lens; mb, midbrain; mmYV, maxillomandibular trigeminal; nod, nodose; opV, ophthalmic trigeminal; pet, petrosal.
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FIGURE 4. Cranial neural crest migration streams in the axolotl visualized by in situ hybridization for the AP-2 gene. (A) Stage 29 (16-somite stage) axolotl
embryo showing six AP-2" neural crest migration streams in the head (mandibular, hyoid, and four branchial streams). Premigratory trunk neural crest cell
precursors can be seen as a dark line at the dorsal midline of the embryo. (B) Transverse section through a stage 26 (10—11 somite stage) axolotl embryo show-
ing AP-2" neural crest cells (NC) moving out from the neural tube (nt) and down to surround the mesodermal core of the mandibular arch. (C) Horizontal
section through the pharynx of a stage 34 (24-25 somite stage) axolotl embryo showing AP-2" neural crest cells (NC) around the mesodermal cores of each
pharyngeal arch. e, eye; mb, midbrain; mes., mesodermal; NC, neural crest; nt, neural tube; ov, otic vesicle; ph, pharynx. Staging follows Bordzilovskaya et al.
(1989). All photographs courtesy of Daniel Meulemans, California Institute of Technology, United States of America.

They migrate as coherent populations; indeed, at the hindbrain
level, migrating neural crest cells are connected in chains by
filopodia (Kulesa and Fraser, 1998, 2000). They populate the
entire embryonic head and form much of the neurocranium
(brain capsule) and all of the splanchnocranium (viscerocranium
or visceral skeleton), that is, the skeleton of the face and pharyn-
geal arches. They also form neurons and satellite glia in cranial
sensory and parasympathetic ganglia, Schwann cells, endocrine
cells, and epidermal pigment cells (see Table 1).

Pharyngeal Arches and Neural Crest Streams

The patterning of cranial neural crest cell migration is inti-
mately bound up with the segmental nature of both the hindbrain
(thombomeres; see Chapter 3) and the periphery (pharyngeal
arches). Pharyngeal arches are also known as branchial arches,
from the Latin branchia (“gill”), because in aquatic
vertebrates the more caudal arches are associated with gills.
However, “pharyngeal” is the more appropriate term, because all
arches form in the pharynx, but not all arches support gills.
Pharyngeal arches form between the pharyngeal pouches, which
are outpocketings of the pharyngeal (fore-gut) endoderm that
fuse with the overlying ectoderm to form slits in the embryo (see
Fig. 3). The pharyngeal slits form the gill slits in aquatic verte-
brates; the first pharyngeal slit in tetrapods forms the middle ear
cavity. Paraxial mesoderm in the core of the pharyngeal arches
(Figs. 4B, C) gives rise to striated muscles. Cranial neural crest
cells migrate subectodermally to populate the space around the
mesodermal core (Figs. 4B, C), where they give rise to all skele-
tal elements of the arches, and the connective component of the
striated muscles.

The first pharyngeal arch is the mandibular, which forms
the mandible (lower jaw). The second arch is the hyoid, which
forms jaw suspension elements in fish but middle ear bones in
tetrapods, together with parts of the hyoid apparatus/bone (sup-
porting elements for the tongue and roof of the mouth). Varying
numbers of arches follow more caudally. The third and fourth

arches also contribute to the hyoid apparatus and to laryngeal car-
tilages in tetrapods; in mammals, the fourth arch forms thyroid
cartilages. More caudal arches in fish and aquatic amphibians
support gills and form laryngeal cartilages in tetrapods.
Importantly, pharyngeal arch formation per se, and the regional-
ization of gene expression patterns within them (excluding those
of neural crest-derived structures) are both independent of neural
crest cell migration (Veitch et al., 1999; Gavalas et al., 2001).

Cranial neural crest cells migrate in characteristic streams
associated with the pharyngeal arches (Figs. 3 and 4A). There are
three or more major migration streams in all vertebrates. The
first stream, from the midbrain and rhombomeres 1 and 2 (r1,2),
populates the first (mandibular) arch; the second stream, from
r3-5, populates the second (hyoid) arch, and the third, from r5-7,
populates the third arch (Fig. 4). In fish and amphibians, addi-
tional caudal streams populate the remaining arches: The axolotl,
for example, has four branchial (gill) arches caudal to the
mandibular and hyoid arches (Fig. 4A). How is the migrating
neural crest cell population sculpted to achieve these different
streams?

Separation of the First, Second, and Third Neural
Crest Streams (Amniotes)

In chick and mouse embryos, there are neural crest cell-
free zones adjacent to r3 and r5 (Fig. 3). It was suggested that
neural crest cells at 13 and r5 die by apoptosis to generate adja-
cent neural crest-free zones (Graham et al., 1993). However, both
r3 and r5 give rise to neural crest cells during normal develop-
ment in both chick and mouse, though r3 generates fewer neural
crest cells than other rhombomeres (Sechrist et al., 1993;
Kontges and Lumsden, 1996; Kulesa and Fraser, 1998; Trainor
et al., 2002b). Neural crest cells from r3 and r5 migrate rostrally
and caudally along the neural tube to join the adjacent neural
crest streams; that is, r3-derived neural crest joins the r1,2 (first
arch) and r4 (second arch) streams, while r5-derived neural crest
joins the r4 (second arch) and 16,7 (third arch) streams (Sechrist



et al., 1993; Kontges and Lumsden, 1996; Kulesa and Fraser,
1998; Trainor et al., 2002b). This deviation of the r3 and r5
neural crest generates the neural crest-free zones adjacent to r3
and 15, forming the three characteristic streams in birds and mice
(Fig. 3). Hence, the first arch is populated by neural crest cells
from the midbrain and r1-3, the second arch by neural crest cells
from r3-5, and the third arch by neural crest cells from r5-7.

Neural crest cells leaving r5 are confronted by the otic
vesicle (Fig. 3), which provides an obvious mechanical obstacle
to migration. No such obstacle exists at r3; instead, paraxial
mesoderm at the r3 level is inhibitory for neural crest cell migra-
tion, at least in amniotes (Farlie et al., 1999). This inhibition is
lost in mice lacking ErbB4, a high-affinity receptor for the
growth factor Neuregulinl (NRG1) (Golding et al., 1999, 2000).
ErbB4 is expressed in the r3 neuroepithelium, while NRGI is
expressed in 12; ErbB4 activation by NRG1 may somehow signal
the production of inhibitory molecules in r3-level paraxial meso-
derm (Golding et al., 2000). A few hours after removing either 13
itself, or the surface ectoderm at the r3 level, r4 neural crest cells
move aberrantly into the mesenchyme adjacent to r3, suggesting
that both r3 itself and r3-level surface ectoderm are necessary to
inhibit neural crest cell migration (Trainor et al., 2002b).

Separation of the Third and Fourth Streams
(Anamniotes)

Fish and amphibians also have additional cranial neural
crest streams that populate the more caudal pharyngeal arches. In
amphibians, at least, neural crest cells destined for different
arches do not separate into different streams adjacent to the
neural tube; instead, separation occurs at or just before entry into
the arches (Robinson et al., 1997). Another difference in
Xenopus, in which the otic vesicle is adjacent to r4 rather than r5,
is that all r5-derived neural crest cells seem to migrate into the
third arch (Robinson et al., 1997).

In Xenopus, migrating neural crest cells in the third and
fourth cranial neural crest streams are separated by repulsive
migration cues. These are mediated by the ephrin family of
ligands, acting on their cognate Eph-receptor tyrosine kinases
(Smith et al., 1997; Helbling et al., 1998; reviewed in Robinson
et al., 1997; for a general review of ephrins and Eph family mem-
bers, see Kullander and Klein, 2002). The transmembrane ligand
ephrinB2 is expressed in second arch neural crest cells and meso-
derm. One ephrinB2 receptor, EphA4, is expressed in third arch
neural crest cells and mesoderm, while a second ephrinB2
receptor, EphBI1, is expressed in both third and fourth arch neural
crest cells and mesoderm (Smith et al, 1997). Inhibition of
EphA4/EphB1 function using truncated receptors results in the
aberrant migration of third arch neural crest cells into the second
and fourth arches. Conversely, ectopic activation of EphA4/EphB1
(by overexpressing ephrinB2) results in the scattering of third arch
neural crest cells into adjacent territories (Smith et al., 1997).
Hence, the complementary expression of ephrinB2 and its recep-
tors in the second and third arches, respectively, is required to pre-
vent mingling of second and third arch neural crest cells before
they enter the arches. Since ephrinB2 is also expressed in second
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arch mesoderm, it is also required to target third arch neural crest
cells correctly away from the second arch and into the third arch.
EphrinB2-null mice also show defects in cranial neural crest cell
migration, particularly of second arch neural crest cells, which
scatter and do not invade the second arch (Adams et al., 2001).

Migrating Xenopus cranial neural crest cells also express
EphA2; overexpression of a dominant negative (kinase-deficient)
EphA2 receptor similarly leads to the failure of the third and
fourth neural crest streams to separate, as neural crest cells from
the third stream migrate posteriorly (Helbling et al., 1998).

Neural Crest Streams and Cranial
Skeleto-Muscular Patterning

Cranial neural crest cells form not only many of the skeletal
elements of the head, but also the connective component of the
striatal muscles that are attached to them (see Table 1). When the
long-term fate of neural crest cells arising from the midbrain and
each rhombomere was mapped using quail-chick chimeras, it
was found that each rhombomeric population forms the connec-
tive components of specific muscles, together with their respec-
tive attachment sites on the neurocranium and splanchnocranium
(Kontges and Lumsden, 1996). Cranial muscle connective tissues
arising from a given rhombomere attach to skeletal elements aris-
ing from the same initial neural crest population, explaining how
evolutionary changes in craniofacial skeletal morphology can be
accommodated by the attached muscles (Kontges and Lumsden,
1996). Similar results have also been obtained in frog embryos,
where connective tissue components of individual muscles of
either of the first two arches originate from the neural crest
migratory stream associated with that arch (Olsson et al., 2001).
Hence, the streaming of cranial neural crest cells into the different
pharyngeal arches is important for patterning not only skeletal
elements, but also their associated musculature.

Migration Pathways of Trunk Neural Crest Cells

The migration pathways of trunk neural crest cells have
been most extensively studied in avian embryos (e.g., Weston,
1963; Rickmann et al., 1985; Bronner-Fraser, 1986; Teillet et al.,
1987). As described in this section, neural crest cells only leave
the neural tube opposite newly epithelial somites (Fig. SA) (for
reviews of somite formation and maturation, see Stockdale et al.,
2000; Pourquié, 2001). Here, they enter a cell-free space that is
rich in extracellular matrix. They only migrate into the somites
at a level approximately 5-9 somites rostral to the last-formed
somite, where the somites first become subdivided into different
dorsoventral compartments, the sclerotome and dermomyotome
(Fig. 5B) (Guillory and Bronner-Fraser, 1986). The sclerotome
is formed when the ventral portion of the epithelial somite
undergoes an epithelial-mesenchymal transition to form loose
mesenchyme. This mesenchyme will eventually form the
cartilage and bone of the ribs and axial skeleton. The dorsal
somitic compartment, the dermomyotome, remains epithelial,
and will eventually form dermis, skeletal muscle, and vascular
derivatives.
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There are two main neural crest cell migration pathways in
the avian trunk (Fig. 5C): (1) a ventral pathway between the neural
tube and somites, followed by neural crest cells that eventually
give rise to dorsal root ganglia, Schwann cells, sympathetic gan-
glia, and (at somite levels 18-24 in birds) adrenal chromaffin
cells, and (2) a dorsolateral pathway between the somite and the
overlying ectoderm, followed by neural crest cells that eventually
form melanocytes.

Ventral Migration Pathway

In the chick, neural crest cells that delaminate opposite
epithelial somites initially migrate ventrally between the somites.
Once the sclerotome forms, they migrate exclusively through the
rostral half of each sclerotome, leading to a segmental pattern of
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FIGURE 5. Schematic showing trunk neural crest cell migration pathways and
derivatives (also see Fig. 1C). Neural crest cells migrate ventrally through the
sclerotome to form neurons and satellite glia in the dorsal root ganglia and
sympathetic ganglia, chromaffin cells in the adrenal gland (and Schwann cells
on the ventral root; not shown). Neural crest cells also migrate dorsolaterally
beneath the epidermis to form melanocytes. nc, notochord; nt, neural tube.

migration (Rickmann et al., 1985; Bronner-Fraser, 1986). This
pathway is almost identical to that followed by motor axons as
they grow out from the neural tube, shortly after neural crest cells
begin their migration (Rickmann et al., 1985). Mouse neural
crest cells are similarly restricted to the rostral sclerotome
(Serbedzija et al., 1990).

Neural crest cells that remain within the rostral sclerotome
aggregate to form the dorsal root ganglia (primary sensory
neurons and satellite glial cells), while those that move further
ventrally form postganglionic sympathetic neurons (Fig. 8;
section The Autonomic Nervous System: An Introduction) and
adrenal chromaffin cells (Fig. 5C). The restriction of neural crest
cells to the rostral half of each somite therefore leads to the seg-
mental distribution of dorsal root ganglia; as will be seen in the
section on Molecular Guidance Cues for Trunk Neural Crest Cell
Migration, it results from the presence of repulsive migration
cues in the caudal sclerotome.

Neural crest cells that delaminate opposite the caudal half
of a somite migrate longitudinally along the neural tube in both
directions. Once they reach the rostral half either of their own
somite, or of the adjacent (immediately caudal) somite, they
enter the sclerotome (Teillet et al., 1987). Hence, each dorsal root
ganglion is derived from neural crest cells emigrating at the
same somite level and from one somite anterior to that level. In
contrast, each sympathetic ganglion is derived from neural crest
cells originating from up to six somite-levels of the neuraxis:
This is approximately equal to the numbers of spinal cord seg-
ments contributing to the preganglionic sympathetic neurons that
innervate each ganglion (see Fig. 8) (Yip, 1986).

There are some differences in the ventral neural crest migra-
tion pathway between different vertebrates. In fish and amphib-
ians, the somites are mostly myotome, with very little sclerotome.
In these animals, the ventral migration pathway is essentially a
medial migration pathway, between the somites and the neural
tube/notochord. In Xenopus, neural crest cells following this
pathway give rise to dorsal root ganglia, sympathetic ganglia,
adrenomedullary cells, and also pigment cells (Krotoski et al.,
1988; Collazo et al., 1993). This is also a segmental migration,
but in this case, the neural crest cells migrate between the neural
tube and the caudal half of each somite (Krotoski et al., 1988;
Collazo et al., 1993). The ventral pathway is the main pathway
followed by pigment cell precursors in Xenopus; only a few pig-
ment cells follow the dorsolateral pathway beneath the ectoderm
(Krotoski et al., 1988; Collazo et al., 1993). In zebrafish, neural
crest cells enter the medial pathway at any rostrocaudal location;
however, they subsequently converge toward the middle of the
somite so that their ventral migration is restricted to the region
halfway between adjacent somite boundaries (Raible et al.,
1992). Rostral sclerotome precursors and motor axons also
follow this pathway toward the center of the somite. However,
rostral sclerotome cells are not required for this convergence
of neural crest cells and motor axons, suggesting that unlike the
situation in avian embryos (section Molecular Guidance Cues for
Trunk Neural Crest Cell Migration), neural crest and motor
axon guidance cues are not derived from the sclerotome
(Morin-Kensicki and Eisen, 1997).



Dorsolateral Migration Pathway

Neural crest cells that migrate along the dorsolateral path-
way, between the somites and the ectoderm, give rise to epidermal
melanocytes in all vertebrates. In chick embryos, melanocytes
only differentiate after they have invaded the ectoderm, while in
amphibians, melanocytes often differentiate during migration
(see, e.g., Keller and Spieth, 1984). In Xenopus, the subectoder-
mal pathway is only a minor pathway for pigment cells, as most
pigment cell precursors follow the ventral pathway (Krotoski
et al., 1988; Collazo et al., 1993). However, in most amphibians,
such as the axolotl, the dorsolateral pathway is a major pathway
for pigment cell precursors (see, e.g., Keller and Spieth, 1984).

By injecting Dil into the lumen of the neural tube at
progressively later stages, the fate of later-migrating neural crest
cells can be specifically examined (Serbedzija et al., 1989,
1990). The earliest injection labels all neural crest cells, while
subsequent injections label neural crest cells leaving the neural
tube at progressively later times. These experiments showed that
neural crest cell derivatives are “filled” in a ventral-dorsal order,
since the label is progressively lost first from sympathetic gan-
glia, and then from dorsal root ganglia, in both mouse and chick
embryos (Serbedzija et al., 1989, 1990). The last cells to leave
the neural tube exclusively migrate along the dorsolateral
pathway. (The same ventral-dorsal filling of derivatives is also
seen in the head, where early-migrating mesencephalic neural
crest cells form both dorsal and ventral derivatives, while
late-migrating cells exclusively form dorsal derivatives; Baker
etal., 1997.)

Entry onto the dorsolateral pathway is delayed relative to
entry onto the ventral pathway in the chick and zebrafish. In the
chick, trunk neural crest cells only begin migrating dorsolaterally
24 hr after migration has begun on the ventral pathway (Erickson
et al., 1992; Kitamura et al., 1992). This is concomitant with the
dissociation of the epithelial dermomyotome to form a mes-
enchymal dermis. (In the vagal region of chick embryos, however,
neural crest cells immediately follow the dorsolateral pathway, via
which they reach the pharyngeal arches; Tucker et al., 1986;
Kuratani and Kirby, 1991; Reedy et al., 1998.) In the zebrafish,
there is also a delay of several hours before neural crest cells
follow the dorsolateral pathway (Raible et al., 1992; Jesuthasan,
1996). In contrast, neural crest cells follow both dorsolateral and
ventral pathways simultaneously in the mouse (Serbedzija et al.,
1990), while in the axolotl, the dorsolateral pathway is followed
before the ventral pathway (Lofberg et al., 1980).

In the zebrafish, the lateral somite surface triggers collapse
and retraction of neural crest cell protrusions but not Rohon-
Beard growth cones, suggesting that the delay in entry onto
the dorsolateral pathway is mediated by a repulsive cue on the
dermomyotome that acts specifically on neural crest cells
(Jesuthasan, 1996). In the chick trunk, inhibitory glycoconju-
gates, including peanut agglutinin-binding molecules and chon-
droitin-6-sulfate proteoglycans, are expressed on the dorsolateral
pathway during the period of exclusion of neural crest cells;
their expression decreases concomitant with neural crest cell
entry (Oakley et al., 1994). Dermomyotome ablation abolishes
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expression of these molecules and accelerates neural crest cell
entry onto the dorsolateral pathway (Oakley et al., 1994).
Chondroitin-sulfate proteoglycans and the hyaluronan-binding
proteoglycan aggrecan are also found in the perinotochordal
space, which similarly excludes neural crest cells (see, e.g.,
Bronner-Fraser, 1986; Pettway et al., 1996; Perissinotto et al.,
2000). It has also been suggested that, at least in the chick, only
melanocyte precursors are able to enter the dorsolateral pathway
(Erickson and Goins, 1995). However, this cannot be an absolute
restriction, since multipotent neural crest cells (able to form not
only melanocytes, but also sensory and autonomic neurons) have
been isolated from the trunk epidermis of quail embryos
(Richardson and Sieber-Blum, 1993).

Other Migration Pathways in the Trunk

In amphibians, neural crest cells also migrate dorsally to
populate the dorsal fin (Lofberg et al., 1980; Krotoski et al.,
1988; Collazo et al., 1993). In Xenopus, Dil-labeling showed the
existence of two migration pathways toward the ventral fin
(Collazo et al., 1993). One pathway leads along the neural tube
and through the dorsal fin around the tip of the tail, while the
other leads ventrally toward the anus and directly down the pre-
sumptive enteric region to the ventral fin (Collazo et al., 1993).

Molecular Guidance Cues for Trunk Neural
Crest Cell Migration

Various extracellular matrix molecules that are permissive
for neural crest migration are prominent along neural crest
migration pathways, including fibronectin, laminin, and collagen
types I, IV, and VI (reviewed in Perris, 1997; Perris and
Perissinotto, 2000). Function-blocking antibodies and antisense
oligonucleotide experiments targeted against the integrin recep-
tors for these molecules perturb neural crest cell migration
(reviewed in Perris and Perissinotto, 2000). PG-M/versicans
(major hyaluronan-binding proteoglycans) are expressed by tis-
sues lining neural crest cell migration pathways and may be con-
ducive to neural crest cell migration (Perissinotto et al., 2000).

The most important guidance cues for neural crest cells
seem to be repulsive. As discussed in the section on Dorsolateral
Migration Pathway inhibitory extracellular matrix molecules
such as chondroitin-sulfate proteoglycans and aggrecan are
expressed in regions that do not permit neural crest cell entry,
such as the perinotochordal space. Most molecular information is
available about guidance cues that act to restrict neural crest cell
migration to the rostral sclerotome in chick and mouse embryos
(reviewed in Kalcheim, 2000; Krull, 2001). Microsurgical rota-
tion of the neural tube or segmental plate mesoderm showed that
the guidance cues responsible for the rostral restriction of neural
crest cell migration, and also sensory and motor axon growth,
reside in the mesoderm, not in the neural tube (Keynes and Stern,
1984; Bronner-Fraser and Stern, 1991). Similarly, when com-
pound somites made up only of rostral somite-halves are surgi-
cally created, giant fused dorsal root ganglia form, while very
small, irregular dorsal root ganglia form when only caudal halves
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are used (Kalcheim and Teillet, 1989). This also demonstrates the
importance of the mesoderm in segmenting trunk neural crest
cell migration. The presence of alternating rostral-caudal somite
halves is also important for the correct formation of the sympa-
thetic ganglionic chains (Goldstein and Kalcheim, 1991).

Many different molecules that are localized to the caudal
sclerotome have been proposed as candidate repulsive cues for
neural crest cells (see Krull, 2001). It is probable that multiple
cues are present and act redundantly. Peanut agglutinin-binding
molecules seem to be important, since application of peanut
agglutinin leads to chick neural crest cell migration through both
rostral and caudal half-sclerotomes; however, their identity is
unknown (Krull ef al., 1995). F-spondin, an extracellular matrix
molecule originally isolated in the floor-plate, is also involved:
Overexpression of F-spondin in the chick inhibits neural crest
cell migration into the somite, while anti-F-spondin antibody
treatment enables neural crest cell migration into previously
inhibitory domains, including the caudal sclerotome (Debby-
Brafman et al., 1999). Semaphorin 3A (Sema3A; collapsinl), a
secreted member of the semaphorin family of proteins that act as
(primarily) repulsive guidance cues for axon growth cones
(reviewed in Yu and Bargmann, 2001), is also expressed in the
caudal sclerotome (Eickholt ez al., 1999). Migrating neural crest
cells express the Sema3A receptor, Neuropilinl, and selectively
avoid Sema3A-coated substrates in vitro (Eickholt et al., 1999).
Mice mutant for either sema3A4 or neuropilinl show normal
neural crest migration through the caudal sclerotome (Kawasaki
et al., 2002), but it is possible that other related molecules com-
pensate for their loss.

Finally, as in the cranial neural crest (section Migration
Pathways of Cranial Neural Crest Cells), ephrin—Eph interac-
tions are also important (reviewed in Robinson et al., 1997,
Krull, 2001). In the chick, trunk neural crest cells express the
receptor EphB3, while its transmembrane ligand, ephrinB1, is
localized to the caudal sclerotome (Krull et al., 1997). Neural
crest cells enter both rostral and caudal sclerotomes in explants
treated with soluble ephrinB1 (Krull et al., 1997). Similar
ephrin—Eph interactions are also important in restricting rat
neural crest cells to the rostral somite: Both ephrinBl and
ephrinB2 are expressed in the caudal somite, while neural crest
cells express the receptor EphB2 and are repelled by both lig-
ands (Wang and Anderson, 1997). Ephrin B ligands are also
expressed in the dermomyotome in the chick: these seem to
repel EphB-expressing neural crest cells from the dorsolateral
pathway at early stages of migration, but promote entry onto the
dorsolateral pathway at later stages, particularly of melanoblasts
(Santiago and Erickson, 2002).

Importantly, ephrins do not simply block migration, but act
as a directional cue. Eph* neural crest cells will migrate over a
uniform ephrin® substrate, but when given a choice between
ephrin™ and ephrin-negative substrates, they preferentially migrate
on the latter (Krull ef al., 1997; Wang and Anderson, 1997).

Migration Arrest at Target Sites

Surprisingly little is known about the signals that control
the arrest of neural crest cells at specific target sites.

FGF2 and FGF8 have been shown to promote chemotaxis
of mesencephalic neural crest cells in vitro; both of these
molecules are expressed in tissues in the pharyngeal arches,
although an in vivo role has not been demonstrated (Kubota and
Ito, 2000). Sonic hedgehog (Shh) in the ventral midline seems to
act as a migration arrest signal for mesencephalic neural crest-
derived trigeminal ganglion cells (Fedtsova et al., 2003). A local
source of Shh blocks migration of these cells in chick embryos,
while in Shh knockout mice, trigeminal precursors migrate
toward the midline and condense to form a single fused ganglion
(Fedtsova et al., 2003). Shh has also been shown to inhibit dis-
persal of avian trunk neural crest cells in vitro (Testaz et al.,
2001), so it is possible that Shh may be a general migration arrest
signal for neural crest cells.

Glial cell line-derived neurotrophic factor (GDNF), a ligand
for the receptor tyrosine kinase Ret, has chemoattractive activity
for Ret-expressing enteric neural crest cell precursors in the gut
(Young et al., 2001). GDNF is expressed throughout the gut mes-
enchyme; it may promote neural crest cell migration through the
gut and prevent neural crest cells leaving the gut to colonize other
tissues, although this has not been proven (Young et al., 2001).

Sema3 A, described in the last section as a potential repul-
sive guidance cue for neural crest cells migrating through the
sclerotome (Eickholt et al., 1999), is required for the accumula-
tion of sympathetic neuron precursors around the dorsal aorta
(Kawasaki ef al., 2002). In mice mutant either for sema34 or the
gene encoding its receptor, neuropilinl, neural crest cells migrate
normally through the caudal sclerotome, but sympathetic neuron
precursors are widely dispersed, for example in the forelimb,
where sema3A is normally expressed (Kawasaki et al., 2002).
Sema3A also promotes the aggregation of sympathetic neurons
in culture, suggesting a potential role for Sema3A in clustering
sympathetic neuron precursors at the aorta (Kawasaki et al.,
2002). Since sema3A is expressed in the somites (in the der-
momyotome as well as in the caudal sclerotome) and in the fore-
limb, it is possible that secreted Sema3A forms a dorsoventral
gradient, trapping sympathetic neuron precursors by the aorta, at
the ventral point of the gradient (Kawasaki et al., 2002).

Summary of Neural Crest Migration

Neural crest cell migration pathways in the head and trunk
are generally conserved across all vertebrates. Distinct streams of
migrating cranial neural crest cells populate different pharyngeal
arches. These streams are formed at least partly via the action of
repulsive guidance cues from the mesoderm, including an
unidentified ErbB4-regulated inhibitory cue in r3-level meso-
derm in amniotes, and repulsive ephrin—Eph interactions between
neural crest cells and pharyngeal arch mesoderm in amphibians.
In the amniote trunk, the restriction of neural crest cell migration
to the rostral sclerotome is mediated by multiple repulsive cues
from the caudal sclerotome, including ephrins. This restriction is
essential for the segmentation of the PNS in the trunk. Although
relatively little is known about how migration arrest is controlled,
a few potential molecular cues have been identified. These
include Sema3A, which is required for the accumulation of
sympathetic neuron precursors at the dorsal aorta.



NEURAL CREST LINEAGE DIVERSIFICATION

The astonishing diversity of neural crest cell derivatives
has always been a source of fascination, and much effort has been
devoted to understanding how neural crest lineage diversification
is achieved (reviewed in Le Douarin and Kalcheim, 1999;
Anderson, 2000; Sieber-Blum, 2000; Dorsky et al., 2000a;
Sommer, 2001). The formation of different cell types in different
locations within the embryo raises two distinct developmental
questions (Anderson, 2000). First, how are different neural crest
cell derivatives generated at distinct rostrocaudal axial levels?
During normal development, for example, only cranial neural
crest cells give rise to cartilage, bone, and teeth; only vagal and
lumbosacral neural crest cells form enteric ganglia; and only a
subset of trunk neural crest cells form adrenal chromaffin cells
(see Table 1). Are these axial differences in neural crest cell fate
determined by environmental differences or by intrinsic differ-
ences in the neural crest cells generated at different axial levels?
Second, how are multiple different neural crest cell derivatives
generated at the same axial level? For example, vagal neural crest
cells form mesectodermal derivatives, melanocytes, endocrine
cells, sensory neurons, and all three autonomic neuron subtypes
(parasympathetic, sympathetic, and enteric). How is this line-
age diversification achieved? These two questions will be
examined in turn.

Axial Fate-Restriction Does Not Generally
Reflect Restrictions in Potential

The restricted fate of different neural crest cell precursor
populations along the neuraxis (see Table 1) has been extensively
tested in avian embryos using the quail-chick chimera technique.
Neural fold fragments from one axial level of quail donor
embryos were grafted into different axial levels of chick host
embryos (reviewed in Le Douarin and Kalcheim, 1999). These
experiments revealed that, in general, neural crest cell precursors
from all axial levels are plastic, as a population; that is, a premi-
gratory population from one axial level can form the neural crest
cell derivatives characteristic of any other axial level. For exam-
ple, caudal diencephalic neural crest precursors, which do not
normally form neurons or glia, will contribute appropriately to
the parasympathetic ciliary ganglion and proximal cranial sen-
sory ganglia after grafts to the mesencephalon or hindbrain
(Noden, 1975, 1978b). Trunk neural crest precursors, which do
not normally form enteric neurons, will colonize the gut and
form enteric neurons, expressing appropriate neurotransmitters,
when they are grafted into the vagal region (Le Douarin and
Teillet, 1974; Le Douarin et al., 1975; Fontaine-Pérus et al.,
1982; Rothman et al., 1986). Cranial and vagal neural crest cells,
which do not normally form catecholaminergic derivatives, can
form adrenergic cells both in sympathetic ganglia and the adrenal
glands, when grafted to the “adrenomedullary level” (somites
18-24) of the trunk (Le Douarin and Teillet, 1974). These results
suggest that axial differences in neural crest fate reflect axial
differences in the environment, not intrinsic differences in the
neural crest cells themselves, at least at the population level.

Neural Crest and Cranial Ectodermal Placodes ¢ Chapter 4 85

There are some exceptions to this general rule, however.
For example, the most caudal neural crest cells in the chick
embryo (those derived from the level of somites 47-53), only
form melanocytes and Schwann cells during normal develop-
ment (Catala et al., 2000). Furthermore, when tested both by
in vitro culture and heterotopic grafting, they seem to lack the
potential to form neurons (Catala et al., 2000).

Until very recently, it was accepted that trunk neural crest
cells are intrinsically different from cranial neural crest cells in
that they lack the potential to form cartilage. Trunk neural crest
cells do not form cartilage when trunk neural folds are grafted
in place of cranial neural folds in either amphibian or avian
embryos (Raven, 1931, 1936; Chibon, 1967b; Nakamura and
Ayer-Le Lievre, 1982). One study suggested that trunk neural
crest cells do not migrate into the pharyngeal arches after such
grafts in the axolotl (Graveson et al., 1995) and hence are not
exposed to cartilage-inducing signals from the pharyngeal endo-
derm. Even when trunk neural crest cells are cocultured in vitro
with pharyngeal endoderm, however, under the same conditions
that elicit cartilage from cranial neural crest cells, they do not
form cartilage (Graveson and Armstrong, 1987; Graveson et al.,
1995). Nonetheless, a study in the axolotl using Dil-labeled
trunk neural folds found some aberrant migration by trunk
neural crest cells in the head, and incorporation of a few trunk
neural crest cells into cartilaginous skeletal elements (Epperlein
et al., 2000).

Cervical and thoracic trunk neural crest cells isolated from
avian embryos will eventually form both bone and cartilage when
cultured for many days in a medium commonly used for growing
these tissues (McGonnell and Graham, 2002; Abzhanov et al.,
2003). Interestingly, this late differentiation in vitro correlates
temporally with a downregulation of Hox gene expression in a
subset of trunk neural crest cells in long-term culture (Abzhanov
et al., 2003). This alteration in Hox expression may enable trunk
neural crest cells to respond to chondrogenic signals (section
Cranial Neural Crest Cells Are Not Prepatterned). Furthermore,
when implanted as loosely packed aggregates directly into the
mandibular and maxillary primordia, trunk neural crest cells
were found scattered in multiple cartilaginous elements, includ-
ing Meckel’s cartilage and the sclera of the eyes (McGonnell and
Graham, 2002). Hence, it appears that trunk neural crest cells do
have the potential to form cartilage, although this is only
expressed under particular experimental conditions. Notably, the
formation of cartilage in vivo is only observed when the cells are
scattered among host neural crest cells, rather than when they
are present as a coherent mass (McGonnell and Graham, 2002).
It is possible that these scattered cells alter their Hox gene expres-
sion pattern to accord with the surrounding host neural crest
cells, enabling them to respond to chondrogenic signals (section
Cranial Neural Crest Cells Are Not Prepatterned).

When trunk neural crest cell precursors are substituted
for the rostral vagal region of the neural tube (somite levels 1-3),
they are unable to supply connective tissue to the heart to form
the aorticopulmonary septum (Kirby, 1989). It is possible that,
were they implanted as loose aggregates of cells in the heart
region in the same manner as for the cartilage induction experi-
ments (McGonnell and Graham, 2002), they would be able to
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contribute to the aorticopulmonary septum; however, this
remains to be tested.

Most current evidence, therefore, supports the idea that
neural crest cells are largely plastic, at least at the population
level. This plasticity was, until very recently, hard to reconcile
with the classical “prepatterning” model of cranial neural crest
cells, which is discussed briefly in the following section. The
results that led to this model, though still valid, have been rein-
terpreted and the idea of prepatterning discarded.

Cranial Neural Crest Cells Are Not Prepatterned

Experiments carried out in the early 1980s led to the view
that cranial neural crest cell precursors are extensively prepat-
terned before they delaminate from the neuroepithelium (Noden,
1983). When mesencephalic neural folds (prospective first arch
neural crest) were grafted more caudally to replace hindbrain
neural folds (prospective second arch neural crest) (see Fig. 3),
a second set of jaw skeletal derivatives developed in place of
the normal second (hyoid) arch derivatives (Noden, 1983).
Moreover, anomalous first arch-type muscles were associated
with the graft-derived first arch skeletal elements in the second
arch (Noden, 1983). These experiments were interpreted as sug-
gesting that patterning information for pharyngeal arch-specific
skeletal and muscular elements is inherent in premigratory
cranial neural crest cells (Noden, 1983).

This model has persisted until very recently. However,
accumulating evidence suggests that although the results on
which the model is based are valid, the original interpretation is
incorrect. Given that this evidence pertains to skeletal patterning,
rather than to the development of the PNS, there is insufficient
space in this chapter to go into the evidence itself. The main thrust
of the new results, however, is that cranial neural crest cells do not
carry patterning information into the pharyngeal arches. Rather,
they are able to respond to environmental cues from pharyngeal
arch tissues, in particular pharyngeal endoderm (reviewed in
Richman and Lee, 2003; Santagati and Rijli, 2003). After hetero-
topic grafts of mesencephalic neural folds to the hindbrain, Hox
gene expression in the grafted neural crest cells is repatterned
by signals from the isthmic organizer at the midbrain—hindbrain
border (see Chapter 3), which is included in the graft (Trainor
et al., 2002a). The changes in Hox expression affect the response
of neural crest cells to different patterning signals from pharyn-
geal endoderm in the different arches, resulting eventually in the
jaw element duplication (Couly et al., 2002).

The idea of a “prepattern” within the premigratory neural
crest is now largely untenable, other than as a reflection of axial-
specific Hox expression profiles that may alter the response of
migratory neural crest cells to cranial environmental cues. How,
then, can interspecies chimera experiments be explained, in
which the size and shape of graft-derived skeletal elements are
characteristic of the donor, not the host (e.g., Harrison, 1938;
Wagner, 1949; Fontaine-Pérus et al., 1997; Schneider and Helms,
2003)? In a striking recent example, interspecies grafts of cranial
neural crest between quail and duck embryos resulted in donor-
specific beak shapes (Schneider and Helms, 2003). At first sight

this may seem to indicate intrinsic patterning information
within the grafted premigratory neural crest cells. However, it is
clear that reciprocal signaling occurs between neural crest cells
and surrounding tissues during craniofacial development.
Environmental signals control the size and shape of neural crest-
derived skeletal elements (e.g., Couly et al., 2002), while skele-
togenic neural crest cells regulate gene expression in surrounding
tissues (e.g., Schneider and Helms, 2003). Species-specific dif-
ferences are likely to exist in the interpretation both of environ-
mental signals by neural crest cells, and of neural crest-derived
signals by surrounding tissues. This is presumably due to species-
specific differences in the upstream regulatory elements of the
relevant genes. This may explain why donor-specific skeletal ele-
ments are seen in such interspecific chimeras (and also why
murine neural crest cells form teeth in response to chick oral
epithelium; Mitsiadis et al., 2003). However, since our current
knowledge of the molecular basis of morphogenesis is scanty, this
hypothesis remains to be tested explicitly.

Summary

The general view gained from heterotopic grafting and
culture experiments is that, given the right conditions, neural
crest cell populations from every level of the neural axis are able
to form the derivatives from every other. Hence, the normal
restriction in fate that is observed along the neuraxis is not due to
a restriction in potential, at least at the population level, but to
differences in the environment encountered by the migrating
neural crest cells. These experiments do not tell us, however,
how the different neural crest lineages are formed at each axial
level.

Lineage Segregation at the Same Axial Level

There are two main hypotheses to explain the lineage
segregation of the neural crest at a given axial level: instruction
and selection. The first (instruction) proposes that the emigrating
neural crest is a homogeneous population of multipotent cells
whose differentiation is instructively determined by signals from
the environment. The second (selection) proposes that the emi-
grating neural crest is a heterogeneous population of determined
cells (i.e., cells that will follow a particular fate regardless of the
presence of other instructive environmental signals), whose dif-
ferentiation occurs selectively in permissive environments, and
which are eliminated from inappropriate environments.

Both of the above hypotheses are compatible with the
heterotopic grafting experiments described in the preceding sec-
tion. Although in their most extreme versions these hypotheses
would appear to be mutually exclusive, there is evidence from
in vivo and in vitro experiments to suggest that modified versions
of both operate within the neural crest. Multipotent neural crest
cells that adopt different fates in response to instructive environ-
mental cues have been identified (reviewed in Anderson, 1997,
Le Douarin and Kalcheim, 1999; Sommer, 2001). Conversely,
fate-restricted subpopulations of neural crest cells have also
been identified, either before or during early stages of migration,



suggesting that the early-migrating neural crest cell population is
indeed heterogeneous (reviewed in Anderson, 2000; Dorsky
et al., 2000a). Interestingly, there is evidence to suggest that at
least some of the fate-restriction seen early in neural crest cell
migration may result from interactions among neural crest cells
themselves (e.g., Raible and Eisen, 1996; Henion and Weston,
1997; Ma et al., 1999). However, a restriction in fate does not
necessarily imply a restriction in potential, since the cell under
consideration may only have encountered one particular set of
differentiation cues. Latent potential to adopt different fates can
only be revealed by challenging the cell with different environ-
mental conditions. When isolated in culture in the absence of
other environmental signals, a cell that follows its normal fate is
defined as specified to adopt that fate. However, it may not be
determined, that is, it may not have lost the potential to adopt a
different fate when exposed to different environmental signals.
Without knowing all the factors that a cell might encounter
in vivo, it is difficult to know when the potential of a cell has
been comprehensively tested in vitro. Hence, the most rigorous
assays for cell determination involve grafting cells to different
ectopic sites in vivo.

Evidence for Both Multipotent and Fate-Restricted
Neural Crest Cells: (1) In Vivo Labeling

The fate of individual trunk neural crest cell precursors
and their progeny has been analyzed in vivo by labeling single
cells in the neural folds in chick (Bronner-Fraser and Fraser,
1988, 1989; Frank and Sanes, 1991; Selleck and Bronner-Fraser,
1995), mouse (Serbedzija et al., 1994), and Xenopus (Collazo
et al., 1993). Two main methods have been used for these clonal
lineage analyses. Lysinated rhodamine dextran, a fluorescent,
membrane-impermeant vital dye of high molecular weight,
can be iontophoretically injected into single cells; it is passed
exclusively to the progeny of the injected cell. This technique was
used in all the above-cited studies except that of Frank and Sanes
(1991). These authors used retroviral-mediated transfection to
introduce the gene for B-galactosidase (lacZ) into the genome
of single cells in the dorsal neural tube; the gene is activated on
cell division and is transmitted to the progeny of the infected
cell (Frank and Sanes, 1991). Similar results were obtained using
both marking techniques. In the chick, mouse, and Xenopus,
many clones contained multiple derivatives, including both
neural tube and neural crest derivatives. This showed that neural
tube and neural crest cells share a common precursor within
the neural folds. Multiple neural crest derivatives were often
observed within the same clone, including both neuronal and
non-neuronal derivatives, such as glial cells, melanocytes, and in
Xenopus, dorsal fin cells.

These experiments suggested that individual neural crest
precursors are multipotent, but left open the possibility that fate-
restricted precursors are generated before the cells leave the
neural tube. However, when the lineage of individual neural
crest cells migrating through the rostral somite was similarly
examined, most labeled clones were found to contain multiple
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derivatives, including both neuronal and non-neuronal cells
(Fraser and Bronner-Fraser, 1991). In extreme cases, clones
included both neurons and glia (neurofilament-negative cells) in
both sensory and sympathetic ganglia, and Schwann cells along
the ventral root (Fraser and Bronner-Fraser, 1991). Hence, at
least some individual neural crest cells, early in their migration,
are multipotent in the chick. However, some clones were also
found that were fate-restricted with respect to a particular neural
crest derivative. For example, clones that formed both neurons
and glia (neurofilament-negative cells) were found only in the
dorsal root ganglia, or only in sympathetic ganglia, while one
clone only formed Schwann cells on the ventral root (Fraser and
Bronner-Fraser, 1991).

The lineage of individual trunk and hindbrain neural crest
cells has also been examined in the zebrafish, which has many
fewer neural crest cells than tetrapods (only 10—12 cells per trunk
segment) (Raible ef al., 1992). Trunk neural crest cells were
labeled by intracellular injection of lysinated rhodamine dextran
just after they segregated from the neural tube (Raible and Eisen,
1994). In contrast to the results in the chick (Fraser and Bronner-
Fraser, 1991), most labeled clones in the zebrafish appeared to be
fate-restricted; that is, all descendants of the labeled cell differ-
entiated into the same neural crest derivative, for example, dorsal
root ganglion neurons, or melanocytes, or Schwann cells (Raible
and Eisen, 1994). Nonetheless, about 20% of clones produced
multiple-phenotype clones, showing that at least some trunk
neural crest cells are multipotent in the zebrafish (Raible and
Eisen, 1994). Individual hindbrain neural crest cells in the most
superficial 20% of the neural crest cell masses on either side of
the neural keel were similarly labeled using fluorescent dextrans
(Schilling and Kimmel, 1994). Strikingly, almost all clones were
fate-restricted, giving rise to single identifiable cell types, such as
trigeminal neurons, pigment cells, or cartilage; the remainder
contained unidentified cell types (Schilling and Kimmel, 1994).
Whether these results apply to the remaining, deeper 80% of
neural crest cells in the cranial neural crest cell masses remains
to be determined.

Similar analyses in the zebrafish trunk have also provided
an excellent example of how fate-restriction in individual neural
crest cells can be explained by regulative interactions between
migrating neural crest cells, rather than by restrictions in poten-
tial (Raible and Eisen, 1996). Early-migrating neural crest cells
along the medial pathway generate all types of trunk neural crest
cell derivatives, including dorsal root ganglion neurons. Neural
crest cells that migrate later along the same pathway form
melanocytes and Schwann cells, but not dorsal root ganglion
neurons (Raible ez al., 1992). When the early-migrating popula-
tion was ablated, late-migrating cells contributed to the dorsal
root ganglion, even when they migrated at their normal time
(Raible and Eisen, 1996). This suggests that the fate-restriction
of late-migrating cells in normal development is due neither
to a restriction in potential, nor to temporal changes in, for
example, mesoderm-derived environmental cues, but to regula-
tive interactions between early- and late-migrating neural
crest cells that restrict the fate choice of the latter (Raible and
Eisen, 1996).
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Evidence for Both Multipotent and Fate-Restricted
Neural Crest Cells: (2) In Vitro Cloning

A wealth of data exists on the fate choices of single neural
crest cells and their progeny in vitro (reviewed in Le Douarin and
Kalcheim, 1999). Migrating neural crest cell populations can be
cultured in low-density conditions, followed sometimes by serial
subcloning of the primary clones (e.g., Cohen and Kénigsberg,
1975; Sieber-Blum and Cohen, 1980; Stemple and Anderson,
1992). Alternatively, single neural crest cells can be picked at
random from a suspension of migrating neural crest cells and
plated individually (e.g., Baroffio er al., 1988; Dupin et al.,
1990). These clonal culture techniques have shown that both
fate-restricted and multipotent neural crest cells can be isolated
from avian and mammalian embryos. Most clones of migrating
quail cranial neural crest cells gave rise to progeny that differen-
tiated into 2—4 different cell types, that is, were multipotent
(Baroffio et al., 1991). Furthermore, single cells were found (at
very low frequency, around 0.3%) that could give rise to neurons,
glia, melanocytes, and cartilage, that is, all the major neural crest
cell derivatives (Baroffio et al., 1991). These highly multipotent
founder cells were interpreted as stem cells, although self-
renewal of these cells remains to be demonstrated. Self-renew-
ing, multipotent neural crest stem cells have been isolated from
the migrating mammalian trunk neural crest, based on their
expression of the low-affinity neurotrophin receptor, p75NTR
(Stemple and Anderson, 1992). These cells are able to form auto-
nomic neurons, Schwann cells and satellite glia, and smooth
muscle cells, though they do not seem able to form sensory
neurons (Shah et al., 1996; White et al., 2001).

As pointed out by Anderson (2000), it is difficult to be sure
that the patterns and sequences of lineage restriction seen in
these in vitro studies accurately reflect the composition of the
migrating neural crest cell population in vivo. Although different
founder cells might give rise to different subsets of neural crest
cell derivatives in vitro (i.e., under the same culture conditions),
this may not reflect intrinsic differences between the founder
cells. It is possible that stochastic differences in their behavior,
and/or the type and sequence of cell-cell interactions in each
clone, might result in very different final outcomes, even if the
initial founder cells were equivalent.

Single cell lineage analysis has also been performed on
migrating neural crest cell explants in vitro (Henion and Weston,
1997). These authors injected lysinated rhodamine dextran intra-
cellularly into random individual neural crest cells, migrating
from trunk neural tubes placed in an enriched culture medium
that supported the differentiation of melanocytes, neurons, and
glia. Crucially, this method, unlike clonal culture, allows normal
interactions between migrating neural crest cells to take place.
The results showed that even during the first 6 hr of emigration,
almost half of the labeled cells were fate-restricted, forming
either neurons, glia, or melanocytes (Henion and Weston, 1997).
Although the remaining clones formed more than one cell type,
most formed neurons and glia, or glia and melanocytes, with only
a few forming all three cell types (no cells formed only neurons
and melanocytes) (Henion and Weston, 1997). Interestingly,
neural crest cells sampled at later times (within a period

corresponding to one or two cell divisions) contained no
neuronal-glial clones: Almost all the sampled cells that produced
neurons were fate-restricted neuronal precursors (Henion and
Weston, 1997). Since the medium remained unchanged, and
random differentiation would not be expected reproducibly to
produce or remove distinct sublineages, the authors suggested
that interactions between the neural crest cells themselves are
responsible for the sequential specification of neuron-restricted
precursors (Henion and Weston, 1997). Again, fate-restriction
may not reflect restriction in potential, but it is clear that the
early-migrating neural crest cell population is heterogeneous,
containing both fate-restricted (as assessed both in vivo and
in vitro) and multipotent precursors.

Other Evidence for Heterogeneity in the
Migrating Neural Crest

Some of the earliest evidence for heterogeneity in the
migrating neural crest was based on antigenic variation within
the migrating population. For example, various monoclonal
antibodies raised against dorsal root ganglion cells also recognize
early subpopulations of neural crest cells (e.g., Ciment and
Weston, 1982; Girdlestone and Weston, 1985). The SSEA-1 anti-
gen is expressed by quail sensory neuroblasts in dorsal root
ganglia and in subpopulations of migrating neural crest cells
that differentiate into sensory neurons in culture (Sieber-Blum,
1989). A monoclonal antibody raised against chick ciliary
ganglion cells, associated with high-affinity choline uptake, also
recognizes a small subpopulation of mesencephalic neural crest
cells (which normally give rise to the cholinergic neurons of the
ciliary ganglion) (Barald, 1988a, b). The progressive restriction
of expression of the 7B3 antigen (transitin, a nestin-like interme-
diate filament) during avian neural crest cell development may
reflect glial fate-restriction (Henion et al., 2000). However,
to show that expression of a particular antigen is related to
the adoption of a particular fate, it must either be converted
into a permanent lineage tracer, eliminated, or misexpressed
ectopically, and this has not yet been achieved.

There is some evidence that late-migrating trunk neural
crest cells in the chick may have reduced potential to form cate-
cholaminergic neurons (see Fig. 9). Late-migrating chick trunk
neural crest cells (i.e., those emigrating 24 hr after the emigration
of the first neural crest cells at the same axial level) do not nor-
mally contribute to sympathetic ganglia (Serbedzija ef al., 1989).
When transplanted into an “early” environment, these late-
migrating cells are able to form neurons in sympathetic ganglia,
but fail to adopt a catecholaminergic fate (Artinger and Bronner-
Fraser, 1992). These results may not reflect a loss of all auto-
nomic potential, however, as cholinergic markers were not
examined in these embryos.

Neural Crest Cell Precursors are Exposed to
Differentiation Cues within the Neural Tube

The dorsal neural tube expresses various signaling mole-
cules known to promote different neural crest cell fates, including
Wntl, Wnt3a, and BMP4 (section Control of Neural Crest Cell



Differentiation in the PNS) (reviewed in Dorsky et al., 2000a).
Clearly, exposure of premigratory neural crest cell precursors to
such factors could lead to at least some of the fate-restrictions
and heterogeneity seen within the migrating neural crest cell
population. For example, activation of the Wnt signaling pathway
has been shown to be necessary and sufficient for melanocyte
formation in both zebrafish and mouse (Dorsky et al., 1998;
Dunn et al., 2000), via the direct activation of the MITF/nacre
gene, which encodes a melanocyte-specific transcription factor
(Dorsky et al., 2000b). Continuous exposure to the neural
tube stimulates melanogenesis in cultured neural crest cells
(Glimelius and Weston, 1981; Derby and Newgreen, 1982),
while Wnt3a-conditioned medium dramatically increases the
number of melanocytes in quail neural crest cell cultures (Jin
et al., 2001). It is possible, therefore, that neural crest cell
precursors exposed to Wnt3a in the dorsal neural tube for longer
periods of time are more likely to generate progeny that will form
into melanocytes, although this has not been directly tested. Wnts
in the dorsal neural tube are not the only factors involved in
melanocyte formation: For example, extracellular matrix from
the subectodermal region specifically promotes neural crest cell
differentiation into melanocytes (Perris et al., 1988). Nonethe-
less, these results demonstrate that factors within the neural tube
may play important roles in at least some fate decisions.

In summary, therefore, neural crest precursors within the
neural tube are exposed to a variety of neural crest cell differen-
tiation cues present within the neural tube (and overlying ecto-
derm). Although such exposure has not directly been shown to
result in the formation of fate-restricted progeny, it may be rele-
vant to at least some of the heterogeneity seen within the migrat-
ing neural crest cell population. It is possible that, for example,
the early segregation of a subpopulation of sensory-biased prog-
enitors (section Sensory-Biased Neural Crest Cells Are Present
in the Migrating Population) and the loss of catecholaminergic
potential in late-migrating cells (see preceding section) ulti-
mately result from the exposure of neural crest cell precursors to
environmental cues within the neural tube.

Molecular Control of Lineage Segregation: A
Paradigm from the Immune System

Relatively little is known in the neural crest field about the
downstream effects of transcription factors associated with par-
ticular neural crest lineages. The best characterized examples of
the molecular control of lineage segregation from multipotent
precursors are found in the immune system, for example, the
transcriptional control of B-cell development from hematopoietic
stem cells (reviewed in Schebesta et al., 2002). Results from
this field provide a paradigm for thinking about how lineage
segregation might occur at the molecular level within the neural
crest.

An emerging theme is that hematopoietic lineage segrega-
tion reflects not only the activation of lineage-specific genes, but
also the suppression of alternative lineage-specific gene programs
by negative regulatory networks of transcription factors (see
Schebesta et al., 2002). For example, the basic helix-loop-helix
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transcription factors E2A and EBF coordinately activate the
expression of B-cell-specific genes, but this is insufficient to
determine adoption of a B-cell fate. For B-cell determination
(commitment) to occur, the paired-domain homeodomain tran-
scription factor Pax5 must also be present: This factor not only
activates some genes in the B-cell program, but also represses
lineage-inappropriate genes (Schebesta et al., 2002). Indeed,
continuous Pax5 expression is required in B-cell progenitors in
order to maintain commitment to the B-cell lineage (Mikkola
et al., 2002).

Much less is known within the neural crest field about the
downstream molecular effects of the expression of specific tran-
scription factors. However, it is likely that similar networks of
positive regulators activating transcription of lineage-appropriate
genes, and negative regulators repressing transcription of
lineage-inappropriate genes, are involved in neural crest cell
lineage determination.

Segregation of Sensory and Autonomic Lineages

Postmigratory Trunk Neural Crest Cells Are
Restricted to Forming Either Sensory or
Autonomic Lineages

At postmigratory stages, distinct sensory-restricted and
autonomic-restricted neural crest cells can be identified. When
embryonic quail autonomic ganglia are “back-grafted” into early
chick neural crest cell migration pathways, they are unable to
contribute to dorsal root ganglion neurons and glia (reviewed by
Le Douarin, 1986). Instead, they only form Schwann cells and
autonomic derivatives (catecholaminergic sympathetic neurons,
adrenal chromaffin cells, and sometimes enteric ganglia)
(reviewed by Le Douarin, 1986). These results suggest that post-
migratory neural crest cells in autonomic ganglia are restricted to
an autonomic lineage. A similar autonomic restriction is seen in
postmigratory neural crest cells in the gut, which normally form
enteric ganglia. When these enteric neural precursor cells from
rat embryos are grafted into chick neural crest migration
pathways, they form neurons and satellite cells in sensory
and sympathetic ganglia (White and Anderson, 1999). However,
even in the sensory environment, the graft-derived neurons only
express parasympathetic neuron markers, suggesting they are not
able to form sensory neurons but are restricted to an autonomic
lineage (White and Anderson, 1999).

Back-grafted dorsal root ganglia, in contrast, are addition-
ally able to give rise to neurons and glia in the host dorsal root
ganglia, provided that sensory neuroblasts are still mitotically
active in the back-grafted ganglion (reviewed by Le Douarin,
1986). If sensory ganglia are back-grafted after all their sensory
neuroblasts have withdrawn from the cell cycle, the postmitotic
neurons die, and the non-neuronal cells within the ganglion dif-
ferentiate into autonomic (sympathetic and enteric) but not sen-
sory neurons (Ayer-Le Lievre and Le Douarin, 1982; Schweizer
et al., 1983). Multipotent postmigratory neural crest progenitors
have also been isolated from dorsal root ganglia: These are able
to form autonomic neurons, glia, and smooth muscle, but not,
apparently, sensory neurons (Hagedorn et al., 1999, 2000a).
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Hence, the potential to form dorsal root ganglion neurons
and glia seems to be restricted, in postmigratory trunk neural
crest cells, specifically to dividing sensory neuroblasts within
sensory ganglia. Postmigratory neural crest cells in autonomic
ganglia, and non-neuronal cells in sensory ganglia, are restricted
to forming autonomic derivatives. These results point to a clear
sensory vs autonomic lineage restriction within the postmigra-
tory trunk neural crest, and also suggest that this decision occurs
prior to any neuronal—glial lineage restriction.

A Model for Sensory—Autonomic
Lineage Restriction

Based on the ganglion back-grafting experiments
described above, Le Douarin put forward a model for the segre-
gation of sensory and autonomic lineages within the neural crest
(Le Douarin, 1986). The model proposed that (1) distinct sensory
and autonomic neuronal progenitors are present in the migrating
neural crest, as well as progenitors able to give rise to both lin-
eages; (2) the sensory progenitors are only present until all sen-
sory neurons have withdrawn from the cell cycle, while
autonomic progenitors persist throughout development; (3) sen-
sory progenitors only survive in sensory ganglia, while auto-
nomic progenitors survive in all types of ganglia, suggesting
different trophic requirements. Although the back-grafting data
clearly support the existence of a sensory vs autonomic lineage
restriction at postmigratory stages, the question of when this lin-
eage restriction takes place has been much debated (see, e.g.,
Anderson, 2000).

The Le Douarin model proposes that some neural crest cells
take the sensory—autonomic lineage decision early in their migra-
tion, while others retain the ability to form both lineages. The
in vivo clonal analysis of migrating neural crest cells in the chick
provides some support for this (Fraser and Bronner-Fraser, 1991).
Some clones (which included both neurons and glia) were
restricted either to dorsal root ganglia or sympathetic ganglia, while
others gave rise to neurons and non-neuronal cells in both dorsal
root and sympathetic ganglia (Fraser and Bronner-Fraser, 1991).

The ability to adopt a sensory fate may be rapidly lost,
however. This is seen not only in postmigratory neural crest cells,
as described above, but also in the migrating population. For
example, self-renewing (re-plated) rat neural crest stem cells,
which make up the bulk of the migrating neural crest cell popu-
lation, seem to be unable to form sensory neurons, whether tested
in vitro or in vivo (Shah et al., 1996; Morrison et al., 1999; White
et al., 2001). Given that neural crest-derived sensory neurons are
only found proximal to the neural tube, in dorsal root ganglia and
proximal cranial sensory ganglia, such a rapid loss of sensory
potential may make some sense, but the underlying mechanism
remains obscure.

Sensory-Biased Neural Crest Cells Are Present in
the Migrating Population

No evidence as yet supports the existence of determined
autonomic progenitors within the migrating neural crest cell

population. However, sensory-determined and sensory-biased
progenitors are present in the migrating mammalian neural crest
(Greenwood et al., 1999; Zirlinger et al., 2002). When rat trunk
neural crest cells are cultured in a defined medium that permits
sensory neuron formation, sensory neurons develop from dividing
progenitors even in the presence of a strong autonomic neuro-
genesis cue, BMP2 (section BMPs Induce Both Mashl and
Phox2b in Sympathetic Precursors) (Greenwood et al., 1999).
These results suggest that at least some dividing progenitors are
already determined toward a sensory fate (Greenwood et al.,
1999).

In another work, an inducible-Cre recombinase system in
mice was used to mark permanently a subpopulation of neural
crest cells that expresses Neurogenin2 (Ngn2), a basic helix-
loop-helix transcription factor required for sensory neurogenesis
(sections Proneural Genes: An Introduction; Neurogenins Are
Essential for the Formation of Dorsal Root Ganglia) (Zirlinger
et al., 2002). Ngn2™" progenitors were four times as likely as the
general neural crest cell population to contribute to dorsal root
ganglia rather than sympathetic ganglia (Zirlinger et al., 2002).
Within the dorsal root ganglia, the Ngn2* cells were found to
contribute to all the main sensory neuron subtypes, and to satel-
lite glia, without any apparent bias toward a particular lineage
(Zirlinger et al., 2002). Since some Ngn2™* precursors did con-
tribute to sympathetic ganglia, these results suggest that while
Ngn2 expression does not commit neural crest cells to a sensory
fate, Ngn2 confers a strong bias toward a sensory fate. Ngn2
expression does not correlate with a bias toward any specific
neuronal or glial subtype, however. These results therefore also
support the idea that the restriction to sensory or autonomic lin-
eages occurs before the decision to form neurons or glia.

Summary of Sensory/Autonomic Lineage
Segregation

There is an autonomic vs sensory lineage restriction in
postmigratory trunk neural crest cells in peripheral ganglia, and
this seems to occur prior to the neuronal-glial decision. Some
migrating neural crest cells may already be determined toward
a sensory fate. Expression of the transcription factor Ngn2 in a
subpopulation of migrating neural crest cells correlates with a
strong bias, though not commitment, toward a sensory neural
fate. Within dorsal root ganglia, Ngn2* cells are not restricted
to a specific phenotype, but form multiple sensory neuronal
subtypes and satellite glia. Although autonomic-restricted prog-
enitors are found early in development (including, apparently,
self-renewing neural crest stem cells), no autonomic-determined
progenitors have yet been identified.

Sox10 Is Essential for Formation of
the Glial Lineage

Neural crest cells give rise to all peripheral glia. These
include satellite cells (glia that ensheathe neuronal cell bodies
in peripheral ganglia) and Schwann cells (glia that ensheathe
axonal processes of peripheral nerves). These can be distinguished



molecularly: Satellite cells express the Ets domain transcription
factor Erm (a downstream target of FGF signaling; Raible and
Brand, 2001; Roehl and Niisslein-Volhard, 2001) and do not
express either the POU transcription factor Oct6 or the zinc finger
transcription factor Krox20 (see Hagedorn et al., 2000b; Jessen
and Mirsky, 2002). Schwann cells are Erm-negative, Oct6",
Krox20*, and also express, for example, the surface glycoprotein
Schwann cell myelin protein (see Hagedorn ez al., 2000b; Jessen
and Mirsky, 2002). The satellite cell phenotype is maintained by
the ganglionic microenvironment; when removed from this envi-
ronment, satellite cells can adopt a Schwann cell fate, although the
reverse does not seem to occur (Dulac and Le Douarin, 1991;
Cameron-Curry et al., 1993; Murphy et al., 1996; Hagedorn et al.,
2000b). Hence, satellite cells and Schwann cells are closely related.

The HMG-domain transcription factor Sox10 is essential
for the formation of all neural crest-derived glia (and
melanocytes) (Britsch et al., 2001; Dutton et al., 2001). In Sox10-
null mice, all satellite cells and all Schwann cells are missing,
leading to eventual degeneration of sensory, autonomic (including
all enteric), and motor neurons (Britsch et al., 2001). Haploin-
sufficiency of Sox/0 leads to neural crest defects that cause
Waardenburg/Hirschsprung disease in humans (see McCallion
and Chakravarti, 2001). Sox10 controls the expression of the
ErbB3 gene (Britsch et al., 2001), which encodes one of the high-
affinity receptors for the growth factor NRG1, a member of the
epidermal growth factor superfamily. (For reviews of NRGs and
their receptors, see Adlkofer and Lai, 2000; Garratt et al., 2000.)

Sox10 is expressed in migrating neural crest cells (also see
section Ap2a and SoxE Transcription Factors), but is downregu-
lated in all lineages except for glial cells and melanocytes. Sox10
function is required for the survival of at least a subpopulation of
multipotent neural crest cells, at least in part by regulating their
responsiveness to NRG1 (Paratore et al., 2001) (also see Dutton
et al., 2001). Constitutive expression of Sox10 in migrating
neural crest stem cells maintains both glial and neuronal differ-
entiation potential, although an additional function of Sox10 is
to delay neuronal differentiation (Kim et al., 2003). Hence, one
role of Sox10 is to maintain multipotency of neural crest stem
cells (Kim et al., 2003); thus Sox10 expression does not reflect
determination toward the glial lineage.

Sox10 is essential for glial fate acquisition by neural crest
stem cells in response to instructive gliogenic signals (Paratore
et al., 2001). Such gliogenic cues include the type II isoform of
NRG1 (“glial growth factor”) and perhaps also NRG1 type III
(sections Differentiation of DRG Satellite Cells; Neuregulinl
type III Is Essential for Schwann Cell Formation; Differentiation
of Satellite Cells in Autonomic Ganglia; Shah et al., 1994; Shah
and Anderson, 1997; Hagedorn et al., 1999, 2000b; Paratore
et al., 2001; Leimeroth et al., 2002). Expression of the trans-
membrane receptor Notchl is also missing from sensory ganglia
in Sox 10 mutant mice (Britsch et al., 2001): As will be seen in the
section on Control of Neural Crest Cell Differentiation in the
PNS, Notch activation is also a potent instructive cue for glio-
genesis (Morrison ef al., 2000b).

In summary, Sox10 is expressed in migrating neural crest
cells and is maintained and required specifically in the glial
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lineage within the PNS. The early expression of Sox10 in migrat-
ing neural crest cells, as well as glial cells, may be consistent with
the evidence (discussed in section Segregation of Sensory and
Autonomic Lineages) suggesting that the sensory vs autonomic
lineage decision occurs before the neuronal—glial decision.

Summary of Neural Crest Lineage Diversification

Two main hypotheses have been proposed to explain
lineage segregation within the neural crest: (1) instruction, in
which multipotent precursors are instructed by environmental
cues to adopt particular fates, and (2) selection, in which deter-
mined cells, which are only able to adopt one fate, are selected in
permissive environments. The available evidence suggests that
the migrating population is heterogeneous, containing both
highly multipotent cells and fate-restricted cells. However, there
is little evidence to correlate fate-restriction with loss of potential
to adopt other fates. Neural crest precursors are exposed to mul-
tiple environmental cues within the neural tube, and these may
underlie at least some of the fate-restrictions seen within the
migrating population. Ngn2 expression in a subset of migrating
neural crest cells correlates with a strong bias (though not deter-
mination) toward a sensory fate. Apart from mitotic sensory neu-
roblasts in the DRG, postmigratory neural crest cells seem to be
restricted to the autonomic lineage. The sensory—autonomic
lineage decision seems to occur before the neuronal—glial deci-
sion. The transcription factor Sox10, expressed both in migrating
neural crest cells and the glial lineage, is essential for, but does
not determine, adoption of a glial fate.

CONTROL OF NEURAL CREST CELL
DIFFERENTIATION IN THE PNS

A great deal of molecular information is now available
concerning the signals and genetic machinery that underpin the
differentiation of neural crest cells into specific cell types.
Considerable progress has been made in understanding the
molecular control of the differentiation of various non-neural
and neural crest cell derivatives, for example, melanocytes
(reviewed in Le Douarin and Kalcheim, 1999; Rawls et al.,
2001), smooth muscle (see, e.g., Sommer, 2001), and even carti-
lage (Sarkar et al., 2001) (Fig. 6). However, any detailed discus-
sion of the differentiation of these non-neural derivatives is
beyond the scope of this chapter, which will concentrate on dif-
ferentiation in the PNS. Numerous reviews provide additional
information on this topic (e.g., Anderson, 1999; Le Douarin and
Kalcheim, 1999; Anderson, 2000; Sieber-Blum, 2000; Morrison,
2001; Sommer, 2001). Chapter 5 should also be consulted for
more general information on neuronal differentiation.

Within the PNS, it has become clear that vertebrate homo-
logues of the invertebrate basic helix-loop-helix (bHLH)
proneural transcription factors play essential roles in the differ-
entiation of different neural crest cell types. Proneural genes are
discussed in more detail in Chapter 5, but a brief introduction is
given here for the purposes of this chapter.
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FIGURE 6. Schematic showing known signaling pathways involved in the differentiation of different cell types from multipotent neural crest cells. See the
section on Contol of Neural Crest Cell Differentiation in the PNS for details. Modified from Dorsky et al. (2000a).

Proneural Genes: An Introduction

In both Drosophila and vertebrates, proneural bHLH tran-
scription factors confer neuronal potential and/or specify neural
progenitor cell identity (see Chapter 5) (reviewed in Bertrand
et al., 2002). They act in part by activating the expression of
ligands of the Notch receptor, such as Delta. Cells with high lev-
els of Notch activity downregulate Notch ligand expression and
adopt a “secondary” (e.g., supporting) cell fate, while cells with
low levels of Notch activity adopt a primary (e.g., neuronal) cell
fate (see Chapter 5; Gaiano and Fishell, 2002). Two classes of
proneural genes are active in the PNS of Drosophila: the
achaete-scute complex and afonal (reviewed in Skaer et al.,
2002). Vertebrate homologues of the achaete-scute complex
include ashl (Mashl in mice, Cashl in chick, etc.) and addi-
tional species-specific genes (e.g., Mash2 in mice, Cash4 in
chick). The vertebrate afonal class contains many more genes,
divided into various families based on the presence of specific
residues in the bHLH domain (reviewed in Bertrand ez al., 2002).
The neurogenins (ngns), which were briefly introduced in the
section on Segregation of Sensory and Autonomic Lineages,
make up one of these atonal-related gene families. In neural
crest cells, the atonal-related neurogenin family is particularly
important for the sensory lineage (section Neurogenins Are
Essential for the Formation of Dorsal Root Ganglia), while the
achaete-scute homologue ashl (Mashl) is important for aspects
of autonomic neurogenesis (section Mashl Is Essential for
Noradrenergic Differentiation).

Dorsal Root Gangliogenesis

Trunk neural crest cells that remain within the somite,
in the vicinity of the neural tube, aggregate and eventually
differentiate to form the sensory neurons and satellite glia of
the dorsal root ganglia. Similar differentiation processes presum-
ably occur within proximal neural crest-derived cranial sen-
sory ganglia, but most information is available for dorsal root
ganglia.

Neurogenins Are Essential for the Formation of
Dorsal Root Ganglia

As described in the section Sensory-Biased Neural Crest
Cells Are Present in the Migrating Population, Ngn2 expression
biases (but does not determine) neural crest cells toward the
sensory lineage, including both neurons and satellite glia
(Zirlinger et al., 2002). Ngn2 and a related factor, Ngnl, are
expressed in complementary patterns in peripheral sensory neu-
rons derived from neural crest and placodes (reviewed in
Anderson, 1999) (sections Sense Organ Placodes; Trigeminal
and Epibranchial Placodes). Knockout experiments in mice have
shown that the Ngns are essential for the formation of sensory
ganglia (Fode ef al., 1998; Ma et al., 1998, 1999).

In the mouse, Ngn2 is expressed in cells in the dorsal
neural tube, and in a subpopulation of migrating mammalian
trunk neural crest cells, continuing into the early stages of dorsal
root ganglion (DRG) condensation (Ma et al., 1999). In contrast,
Ngnl is first expressed only after DRG condensation has begun
(Ma et al., 1999). In the chick, both Ngns are expressed in the
dorsal neural tube, and in a subset of migrating neural crest cells
(Perez et al., 1999). Chick Ngn2 is transiently expressed during
chick dorsal root gangliogenesis, while Ngnl is maintained until
late stages in non-neuronal cells and/or neuronal precursors at
the DRG periphery (Perez et al., 1999).

Normal Ngn2 expression in the mouse correlates with a
strong bias toward the sensory lineage, but not toward any par-
ticular neuronal or glial phenotype within the sensory lineage
(Zirlinger et al., 2002) (section Sensory-Biased Neural Crest
Cells Are Present in the Migrating Population).

In contrast, Ngnl overexpression studies suggest that
Ngnl may act to promote a specifically sensory neuronal pheno-
type. Retroviral-mediated overexpression of mouse Ngnl in pre-
migratory neural crest precursors in the chick leads to a
significant bias toward population of the DRG, and to ectopic
sensory neuron formation in neural crest derivatives, and even in
the somite (Perez et al., 1999). Similar overexpression of Ngnl
in dissociated rat neural tube cultures, which are competent to



form sensory and autonomic peripheral neurons, also leads to
increased sensory neurogenesis (Lo ef al., 2002). However, per-
manent genetic labeling experiments, like those performed for
Ngn2 (Zirlinger et al., 2002), are needed to show whether this
correlation holds true during normal development.

Differentiation of DRG Neurons Depends on
Inhibition of Notch Signaling

There is accumulating evidence that the decision to follow
a sensory vs autonomic lineage occurs before the neuronal—
glial decision (section Segregation of Sensory and Autonomic
Lineages). Hence, sensory precursors within the DRG give rise
to both sensory neurons and satellite glia. How are both neurons
and satellite glia produced from the same precursors within the
same ganglionic environment? It is now clear that neuronal and
glial differentiation within the DRG depend on inhibition and
activation, respectively, of signaling by the transmembrane
receptor Notch (see Chapter 5; Fig. 7) (Wakamatsu et al., 2000;
Zilian et al., 2001).

Notchl is expressed by most migrating chick trunk neural
crest cells and is downregulated on differentiation of both neu-
rons and glia. In the DRG, Notchl is initially preferentially
expressed by cycling cells in the periphery, while one of its
ligands, Deltal, is expressed by differentiating neurons located

PERIPHERY CORE

progenitor

e <

'

> "‘”“VE)
N __9)
<)
\

<— Delta

S-<

—< Notch ) Numb

FIGURE 7. Schematic showing a model for neurogenesis within the dorsal
root ganglion. The Notch inhibitor Numb is inherited asymmetrically by
daughters of proliferating progenitors in the periphery of the ganglion. Cells
with high levels of Numb have low levels of Notch activity: They upregulate
the Notch ligand Delta, move to the core of the ganglion, and differentiate as
neurons. Cells with low levels of Numb have high levels of Notch activity:
They either divide again or differentiate into satellite cells (sat). Modified
from Wakamatsu et al. (2000).
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in the core of the ganglion (Wakamatsu et al., 2000) (Fig. 7).
If Notch signaling is activated in cultured quail trunk neural crest
cells (by overexpression of the Notchl cytoplasmic domain),
neuronal differentiation is inhibited and cell proliferation is tran-
siently increased, suggesting that in order for neurons to form,
Notch activity must be inhibited (Wakamatsu et al., 2000).

The Notch antagonist, Numb (see Chapter 5), is expressed
asymmetrically in about 40% of the cycling cells at the periphery
of the chick DRG (Wakamatsu et al., 2000). It is not known how
this asymmetrical expression is established, but, after these cells
divide, Numb will be inherited in high concentrations by only
one of the daughter cells. In the Numb-inheriting daughter cell,
high levels of Numb will inhibit Notch signaling; Deltal will
be upregulated, and the cell will differentiate as a neuron. The
daughter cell that does not inherit Numb will have high levels
of Notch signaling, probably activated by Notch ligands (e.g.,
Deltal) expressed on differentiating neurons in the core. This
daughter cell will therefore be able to divide again, and/or form
a satellite cell (see the following section) (Fig. 7). In agreement
with this model, knockout experiments in mice have shown that
Numb is essential for the formation of DRG sensory neurons (but
not for, e.g., sympathetic neurons, although it is expressed in
sympathetic ganglia) (Zilian et al., 2001).

As will be seen later, autonomic neuronal differentiation is
promoted by instructive growth factors. Similar instructive sen-
sory neuronal differentiation cues that act on multipotent prog-
enitors have not been identified, although neural tube-derived
neurotrophins, such as brain-derived neurotrophic factor
(BDNF), are required for the survival and proliferation of DRG
progenitors (reviewed in Kalcheim, 1996). Since the trigger for
neuronal differentiation in the DRG seems to be the asymmetric
expression of Numb in some of the cycling cells at the DRG
periphery, understanding how this asymmetry is set up will shed
light on how DRG neuronal differentiation is controlled.

Differentiation of DRG Satellite Cells Depends on
Notch Activation and Instructive Gliogenic Cues

The above results give some insight into how neurogenesis
occurs within the DRG. How, though, do satellite cells form in
the same environment? Neuronal differentiation always occurs
before glial differentiation in the DRG (Carr and Simpson,
1978), and it is likely that signals from the differentiating
neurons instruct non-neuronal cells within the ganglion to form
satellite cells. A model for how glial differentiation is controlled
is emerging from studies of cultured neural crest stem cells and
multipotent progenitors from cultured DRGs in the rat embryo
(Hagedorn et al., 1999, 2000b; Morrison et al., 2000a; Leimeroth
et al., 2002). This model proposes a combinatorial action of
Notch-mediated neurogenic repression and gliogenic instruction,
triggered by Notch ligands on differentiating neurons, together
with additional gliogenic growth factors expressed or secreted by
differentiating neurons.

Notch activation, as well as inhibiting neurogenesis
(Wakamatsu et al., 2000), also instructively promotes a glial fate
in cultured rat neural crest stem cells (Morrison et al., 2000b;
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Kubu et al., 2002). This is discussed more fully in the section on
Notch Activation Leads to Gliogenesis by Neural Crest Stem Cells.
Although these rat neural crest stem cells seem to lack sensory
potential (Shah et al., 1996; Morrison et al., 1999; White et al.,
2001), it is likely that Notch activation is also involved in DRG
satellite glial differentiation, probably in association with other
instructive cues. Notch activation is presumably triggered by the
Notch ligands, such as Deltal, expressed on differentiating neu-
rons in the DRG core (Wakamatsu et al., 2000). Deltal-null mice
have reduced numbers of satellite glia and Schwann cells, provid-
ing some corroborating evidence for this (De Bellard ef al., 2002).
An independent instructive cue for satellite gliogenesis
was also initially identified in studies of cultured rat neural crest
stem cells (Shah et al., 1994). These authors showed that the
type II isoform (“glial growth factor”) of the growth factor
Neuregulinl (NRG1) both inhibits neuronal differentiation and
instructively promotes a glial fate in rat neural crest stem cells
(Shah et al., 1994; Shah and Anderson, 1997). Several NRG1
isoforms are expressed in DRG neurons (Meyer et al., 1997,
Wakamatsu et al., 2000). NRG1 type II specifically induces the
formation of satellite cells (as opposed to Schwann cells) in
migrating neural crest stem cells and in DRG-derived progenitor
cells in vitro (Hagedorn et al., 2000b; Leimeroth et al., 2002).
However, knockout experiments in mice have failed to reveal
a role either for NRG1 isoforms, or for one of their high-affinity
receptors, ErbB3, in the DRG (Meyer et al., 1997). Additional
gliogenic signals, therefore, may also operate in the DRG.

Summary of Dorsal Root Gangliogenesis

Ngns are essential for the formation of sensory ganglia,
including dorsal root ganglia. Mouse Ngn2 biases neural crest
cells toward the sensory lineage, while Ngnl may be involved in
sensory neurogenesis within the DRG. Differentiation of DRG
neurons requires inhibition of Notch signaling, mediated in part
by asymmetric inheritance of Numb. Differentiation of satellite
cells involves two instructive gliogenic cues: Notch activation,
and gliogenic growth factors. Differentiating neurons in the
core of the DRG express Notch ligands, which activate Notch
signaling in cycling non-neuronal cells at the periphery of the
DRG. Notch activation instructively promotes a glial cell fate.
NRGI type II, produced by differentiating DRG neurons, also
instructively promotes a satellite cell fate.

Schwann Cell Differentiation

The differentiation of Schwann cells has been intensively
studied (for reviews, see Le Douarin and Kalcheim, 1999; Jessen
and Mirsky, 2002). As for satellite cells, Schwann cell differenti-
ation may involve the combination of two independent pathways:
Notch activation, and instructive gliogenic cues from neurons.

Notch Activation Leads to Gliogenesis by
Neural Crest Stem Cells

Even transient activation of Notch signaling (using
a soluble clustered form of its ligand, Delta) inhibits neuronal

differentiation and instructively promotes glial differentiation,
in cultures of postmigratory neural crest stem cells isolated from
fetal rat sciatic nerve (Morrison et al., 2000b; Kubu et al., 2002).
While Notch activation also instructively promotes the glial
differentiation of migrating neural crest stem cells, it is less effi-
cient at inhibiting neuronal differentiation than in postmigratory
cells, suggesting that glial promotion and neuronal inhibition are
independent effects (Kubu ez al., 2002).

Neuregulin1 Type Ill Is Essential for
Schwann Cell Formation

Knockout experiments in mice have shown that NRGI
type III, the major NRG1 isoform produced by sensory neurons
and motor neurons, is essential for Schwann cell formation
(Meyer et al., 1997) (reviewed in Garratt et al., 2000; Jessen and
Mirsky, 2002). Migrating neural crest cells express ErbB3, a
high-affinity NRG1 receptor that is downregulated in most lin-
eages but maintained in glial lineages. As described in the section
on Sox10 Is Essential for Formation of the Glial Lineage, ErbB3
gene expression is at least partly controlled by Sox10, which is
essential for the formation of all peripheral glia, including
Schwann cells (Britsch ez al., 2001). Schwann cell precursors lin-
ing peripheral axons are missing in mice lacking NRG1 type III
(see Meyer et al., 1997). It was originally unclear whether this
effect of NRG1 type III was solely due to its support of the sur-
vival and/or proliferation of Schwann cell precursors (reviewed
in Garratt et al., 2000; Jessen and Mirsky, 2002). However,
membrane-bound NRG1 type III has now been shown to act as
an instructive Schwann cell differentiation cue (Leimeroth et al.,
2002). Cultured rat neural crest stem cells and multipotent prog-
enitors isolated from DRGs are specifically induced to form
Schwann cells (as opposed to satellite cells) by membrane-bound
NRGI1 type III (Leimeroth et al., 2002). Soluble NRG1 type III
is unable to promote Schwann cell differentiation (Leimeroth
et al., 2002). Hence, locally presented NRG1 type III (e.g., on
axons) may regulate Schwann cell differentiation. Signaling by
membrane-bound NRG1 type III seems to be dominant over
NRG1 type II, which induces satellite cell differentiation (see
section Differentiation of DRG Satellite Cells) (Leimeroth ef al.,
2002). This may underlie the apparent inability of Schwann cells
to adopt a satellite cell fate (Hagedorn et al., 2000b).

Differences in the Sensitivity of Different
Neural Crest Stem Cells to Gliogenic Cues

In the rat, postmigratory neural crest stem cells from fetal
sciatic nerves do not differentiate into neurons as readily as migrat-
ing neural crest stem cells, as shown by transplantations to chick
neural crest cell migratory pathways (White and Anderson, 1999;
White et al., 2001). These fetal nerve neural crest stem cells
express significantly higher levels of Notchl, and lower levels of
the Notch antagonist Numb, than migrating neural crest stem cells
(Kubu et al., 2002). Postmigratory cells on the sciatic nerve
are therefore more sensitive to Notch activation than migrating
cells and hence more likely to differentiate into glia (Kubu et al.,
2002). The changes in Notchl and Numb expression levels, and



the sensitivity to Notch activation, require neural crest cell—cell
interactions. These are probably mediated, at least in part, by Delta
(or other Notch ligand) expression on differentiating neurons and
peripheral nerves (Bixby et al., 2002; Kubu et al., 2002).

Similar intrinsic differences in the sensitivity of different
neural crest stem cell populations to gliogenic signals have been
observed in neural crest stem cells isolated from the rat gut
(Bixby et al., 2002; Kruger et al., 2002). Fetal gut neural crest
stem cells are highly resistant to gliogenic signals and form
neurons, rather than glia, on chick peripheral nerves (probably in
response to local BMPs; see the section BMPs Induce Both
Mashl and Phox2b in Sympathetic Precursors) (Bixby et al.,
2002). Conversely, postnatal gut neural crest stem cells are much
more sensitive to gliogenic factors (including both NRG1 and
Delta) than to neurogenic factors like BMPs and form glia on
chick peripheral nerves (Kruger ef al., 2002). It remains to be
seen whether differences in the expression levels of Notch and
Numb also underlie these differences in sensitivity to gliogenic
and neurogenic cues.

Summary of Schwann Cell Differentiation

Schwann cell differentiation, like satellite cell differentia-
tion, involves two instructive gliogenic cues: activation of Notch
signaling, and gliogenic growth factors. Notch activation, by
Notch ligands present on differentiating neurons and axons,
instructively promotes gliogenesis. Membrane-bound NRG1
type 11, which is probably present on axons, instructively promotes
Schwann cell differentiation. Different neural crest stem cell
populations, isolated from different locations and developmental
stages, show instrinsic differences in their sensitivity to gliogenic
signals. These may be related to differences in the levels of
expression of Notch and Numb, probably triggered by local
neural crest cell—cell interactions involving Notch ligands. Such
differences may help promote appropriate glial (or neuronal) fate
decisions by multipotent neural crest progenitors.

Autonomic Gangliogenesis

The peripheral autonomic nervous system is by far the
most complex division of the PNS. In order to aid the discussion
of the control of differentiation of various autonomic cell types,
the subdivisions of the autonomic nervous system are introduced
below.

The Autonomic Nervous System: An Introduction

The autonomic nervous system has three major divisions:
sympathetic, parasympathetic, and enteric. The sympathetic and
parasympathetic subdivisions innervate smooth muscle, cardiac
muscle, and glands (Fig. 8), and mediate various visceral
reflexes. The enteric nervous system controls the motility and
secretory function of the gut, pancreas, and gall bladder.

All peripheral autonomic neurons and glia are derived
from the neural crest. These include the postganglionic motor
neurons and satellite glia of the sympathetic and parasympathetic
divisions, which are collected together in peripheral ganglia
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FIGURE 8. Schematic showing the structure of the autonomic nervous sys-
tem. All peripheral autonomic neurons (sympathetic, parasympathetic, and
enteric) are derived from the neural crest. Modified from Iversen et al. (2000).

(Fig. 8). The neurons in these ganglia are activated by pregan-
glionic efferent neurons located in the brainstem and spinal cord
(Fig. 8). Sympathetic ganglia are found in chains on either side
of the spinal cord and hence are some considerable distance from
their targets, while parasympathetic ganglia lie close to or are
embedded in their target tissues. Enteric ganglia are located
within the gut itself; they function relatively autonomously with
respect to central nervous system input.

Preganglionic sympathetic neurons extend from the first
thoracic spinal segment to upper lumbar segments; they inner-
vate the bilateral chains of sympathetic ganglia. The postgan-
glionic sympathetic neurons in these ganglia are derived from
trunk neural crest cells that settle near the dorsal aorta to form the
primary sympathetic chains. They innervate the glands and vis-
ceral organs, including the heart, lungs, gut, kidneys, bladder,
and genitalia. Most of these neurons are noradrenergic, that is,
release noradrenaline, a catecholamine derived from tyrosine via
dopamine (Fig. 9). Some mature postganglionic sympathetic
neurons, however, are cholinergic, that is, release acetylcholine.
The endocrine (chromaffin) cells of the adrenal medulla, which
are derived from a specific level of the trunk neural crest (somite
levels 18-24 in the chick), are developmentally and functionally
related to postganglionic sympathetic neurons (reviewed in
Anderson, 1993). Adrenal chromaffin cells are adrenergic: They
release adrenaline, another catecholamine, in turn derived from
noradrenaline (Fig. 9).

Preganglionic parasympathetic neurons are found in
various brain stem nuclei and in the sacral spinal cord. The
brain stem nuclei innervate postganglionic neurons in cranial
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FIGURE 9. Catecholamine biosynthesis pathway: Intermediate stages in the
formation of adrenaline. Redrawn from Blaschko (1973).

parasympathetic ganglia, including the ciliary, otic, sphenopala-
tine, and submandibular ganglia. These postganglionic neurons
are derived from the cranial neural crest (Table 1), and innervate
the eye, and lacrimal and salivary glands. Preganglionic
parasympathetic axons exiting in the vagal nerve (cranial nerve
X) innervate postganglionic neurons in cardiac ganglia and are
embedded in the visceral organs of the thorax and abdomen.
These postganglionic neurons are derived from vagal neural crest
cells (Table 1). Preganglionic parasympathetic neurons in the

sacral spinal cord innervate the pelvic ganglion plexus, which is
derived from sacral neural crest cells (Table 1). The neurons in
this plexus innervate the colon, bladder, and external genitalia.
Most of these postganglionic parasympathetic neurons are
cholinergic, that is, release acetylcholine.

The enteric nervous system, which is entirely derived from
vagal and sacral levels of the neural crest (Table 1), contains local
sensory neurons (responding to specific chemicals, stretch, and
tonicity), interneurons, and motor neurons, together with their
associated glia. Enteric neurons innervate smooth muscle, local
blood vessels, and mucosal secretory cells. They use a variety of
neurotransmitters: Catecholaminergic, cholinergic, and serotoner-
gic neurons can all be identified within the enteric nervous system.

Phox2b is Essential for the Formation of all
Autonomic Ganglia

The paired-like homeodomain transcription factor Phox2b
is expressed in all autonomic neural crest cell precursors
(reviewed in Brunet and Pattyn, 2002; Goridis and Rohrer, 2002).
Phox2b expression begins in prospective sympathetic neural crest
cells as they aggregate at the aorta, and in enteric neural crest
cells as they invade the gut (Pattyn et al., 1997, 1999). In Phox2b-
null mice, all these autonomic precursor cells die by apoptosis,
so mutant animals lack all autonomic neurons and glia, that is,
all sympathetic, parasympathetic, and enteric ganglia (Pattyn
et al., 1999).

Intriguingly, Phox2b is also expressed in and required for
the development of visceral sensory neurons derived from the
epibranchial placodes (Pattyn et al., 1997, 1999) (Fig. 11; section
Neurogenesis in the Epibranchial Placodes). These neurons pro-
vide autonomic afferent innervation to the visceral organs.
Hence, Phox2b seems to be a pan-autonomic marker, despite the
enormous variety of peripheral autonomic neural phenotypes.
These include not only postganglionic neurons and satellite glia,
but also autonomic sensory neurons, for example, enteric sensory
neurons, and epibranchial placode-derived visceral sensory neu-
rons. Phox2b-null mice lack the neural circuits underlying
medullary autonomic reflexes (for a discussion of Phox2b in the
CNS, see Brunet and Pattyn, 2002; Goridis and Rohrer, 2002).

Phox2b Is Required for Development of the
Noradrenergic Phenotype

Within sympathetic and enteric precusors, Phox2b is
required for expression of the tyrosine hydroxylase and dopamine
B-hydroxylase (DBH) genes; these encode two enzymes in the
catecholamine biosynthesis pathway (Fig. 9) (Pattyn et al.,
1999). Hence, Phox2b is an essential determinant of the cate-
cholaminergic (particularly noradrenergic) phenotype. Several
transcription factors that act downstream of Phox2b in sympa-
thetic neurons to control noradrenergic differentiation have been
identified. These include the closely related protein Phox2a
(which functions upstream of Phox2b in epibranchial placode-
derived neurons; see Brunet and Pattyn, 2002), the bHLH protein
dHAND (HAND?2), and the zinc finger protein Gata3 (reviewed
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in Brunet and Pattyn, 2002; Goridis and Rohrer, 2002). Although
these factors are genetically downstream of Phox2b in sympa-
thetic ganglia, together they form a complex regulatory network,
in which most actions seem to be reciprocal (e.g., forced expres-
sion of dHAND can ectopically activate Phox2b) (Fig. 10)
(reviewed in Brunet and Pattyn, 2002; Goridis and Rohrer, 2002).

Phox2b and Phox2a can each directly activate the DBH
promoter, either alone or in conjunction with activation of the
cyclic AMP second-messenger pathway (reviewed in Brunet and
Pattyn, 2002; Goridis and Rohrer, 2002). There is some evidence
that Phox2a can directly activate the tyrosine hydroxylase pro-
moter, but again, cyclic AMP signaling may be required (see
Goridis and Rohrer, 2002). Ectopic retroviral-mediated expres-
sion of either Phox2b or Phox2a in chick embryos promotes the
formation of ectopic sympathetic neurons from trunk neural crest
cells (Stanke et al., 1999). These neurons express pan-neuronal
markers, noradrenergic markers (tyrosine hydroxylase and
DBH), and also cholinergic markers (e.g., choline acetyltrans-
ferase) (Stanke et al., 1999). Hence, Phox2 proteins are sufficient
to specify the differentiation of sympathetic neurons (including
expression of both pan-neuronal and subtype-specific markers)
in vivo.

In similar overexpression experiments in the chick, Phox2
proteins were found to be sufficient to induce expression of the
bHLH transcription factor dHAND in trunk neural crest cells
(Howard et al., 2000). Expression of dHAND alone is likewise
sufficient to elicit the formation of catecholaminergic sympa-
thetic neurons, both in vitro and in vivo (Howard et al., 1999,

2000). Indeed, dHAND and Phox2a act synergistically to
enhance DBH transcription (Xu et al., 2003).

The zinc finger transcription factor Gata3 is also geneti-
cally downstream of Phox2b (Goridis and Rohrer, 2002). In
Gata3-null mice, sympathetic ganglia form but the neurons fail
to express tyrosine hydroxylase and have reduced levels of DBH,
suggesting that Gata3 is also essential for the noradrenergic
phenotype (Lim et al., 2000).

This complex network of transcriptional regulation
(Fig. 10) is perhaps the best characterized example of how
neurotransmitter identity is controlled at the molecular level. One
important gene in this network that has not yet been discussed,
however, is the achaete-scute homologue ashl (Mashl) (sections
Pronecural Genes: An Introduction; Mashl Is Essential for
Noradrenergic Differentiation). Although Phox2b is required to
maintain Mashl expression, Mashl is induced independently of
Phox2b in autonomic precursors, and itself induces a number
of the same downstream genes (section Mashl Is Essential for
Noradrenergic Differentiation).

Phox2b Is Required for Ret Expression in
a Subset of Neural Crest Cells

Phox2b is required for expression of the receptor tyrosine
kinase Ret in a subset of enteric precursors and in the most rostral
sympathetic ganglion, the superior cervical ganglion (SCG)
(Pattyn et al., 1999). These cells are completely absent in Ret-
deficient mice (Durbec et al., 1996). One of the family of ligands
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that signal through Ret, glial cell line-derived neurotrophic fac-
tor (GDNF), is essential for the development of the entire enteric
nervous system (Moore ef al., 1996) (section The Differentiation
of Enteric Neurons; reviewed in Young and Newgreen, 2001;
Airaksinen and Saarma, 2002).

Mash1 Is Essential for Noradrenergic
Differentiation

Mash1 (mouse Ashl), a bHLH transcription factor related
to the invertebrate proneural Achaete-Scute complex (section
Proneural Genes: An Introduction; Chapter 5), was the first
transcription factor found to be necessary for sympathetic devel-
opment. Like Phox2b, Mashl is expressed in all neural crest-
derived autonomic precursors (sympathetic, parasympathetic,
and enteric). Unlike Phox2b, however, it is not expressed in
epibranchial placode-derived visceral sensory neurons. Mashl1 is
first expressed in sympathetic precursors shortly after they settle
near the dorsal aorta. Like Phox2b, Mash1 is essential for DBH
expression in all cell types except epibranchial placode-derived
neurons; that is, Mash1 is a noradrenergic determinant, indepen-
dent of Phox2b (Hirsch et al., 1998).

In MashI-null mice, sympathetic and parasympathetic
ganglia form (and express Phox2b), but pan-neuronal markers,
Phox2a, tyrosine hydroxylase, and DBH are all lacking, and most
(but not all) sympathetic and parasympathetic neuroblasts subse-
quently degenerate (Guillemot et al., 1993; Hirsch et al., 1998).
dHAND expression is also reported to be missing in these
embryos (Anderson and Jan, 1997). If Mashl is constitutively
expressed in cultured neural crest stem cells, it induces both
Phox2a and Ret, together with pan-neuronal markers and
morphological neuronal differentiation (Lo ef al., 1998). Hence,
Phox2a, dHAND, and Ret expression are induced not only by
Phox2b, but also by Mashl. Mashl, like Phox2b, therefore,
couples expression of pan-neuronal and neuronal subtype-
specific markers (Fig. 10) (reviewed in Goridis and Rohrer,
2002). However, this linkage can be uncoupled experimentally:
Floorplate ablation in the chick abolishes Phox2a and tyrosine
hydroxylase expression, but not Cashl (chick Ashl) or pan-
neuronal marker expression, in neural crest cells near the dorsal
aorta (Groves et al., 1995). This suggests that a floorplate-
derived signal, in addition to Mashl, is required for noradre-
nergic identity in prospective sympathetic neurons (section
Floorplate-Derived Signals). Hence, Mashl expression is not
sufficient, in all contexts, to promote noradrenergic identity.
Indeed, Mashl alone does not promote autonomic neurogenesis
in vitro in the absence of BMP2; hence it must interact with other
factors induced by BMP2, such as Phox2b (Lo et al., 2002)
(section BMPs Induce Both Mash1l and Phox2b in Sympathetic
Precursors).

Interestingly, given the requirement of Gata3 for nora-
drenergic development (section Phox2b Is Required for
Development of the Noradrenergic Phenotype), the Drosophila
Gata factor Pannier can either activate or repress achaete-scute
complex genes, in association with various transcriptional
cofactors (Ramain et al., 1993; Skaer et al., 2002). This suggests

a mechanism whereby Gata3 might also interact with Mashl, as
well as being downstream of Phox2b, although currently there is
no evidence for this (Goridis and Rohrer, 2002).

A subset of enteric neurons, including apparently all
serotonergic enteric neurons, is also missing in Mash-null mice
(Blaugrund et al., 1996; Hirsch et al., 1998). Since serotonergic
enteric neurons seem to develop from tyrosine hydroxylase-
expressing precursors, this loss is perhaps to be expected
(Blaugrund et al., 1996).

Mash1 Also Plays Roles in Sensory Neurogenesis

Mashl is not only required for the development of auto-
nomic neurons, and it does not always function by inducing
Phox2a. The mesencephalic nucleus of the trigeminal nerve,
which was introduced in the section on Neural Crest Derivatives
as a (somewhat controversial) neural crest derivative within the
brain, also depends on Mashl, but never expresses Phox2a
(Hirsch ez al., 1998). Mash1 is also essential for the development
of olfactory neuron progenitors in the olfactory placode, which
likewise do not express Phox2a (Guillemot ez al., 1993; Cau
et al., 1997) (section A bHLH Transcription Factor Cascade
Controls Olfactory Neurogenesis). Hence, different neuronal
subtype-specific factors must cooperate with Mashl in the
formation of these cell types.

BMPs Induce Both Mash1 and Phox2b in
Sympathetic Precursors

Neural crest cells that migrate past the notochord and stop
in the vicinity of the dorsal aorta (section Migration Arrest at
Target Sites) will form the neurons and satellite cells of the sym-
pathetic ganglia. Transplantation, rotation, and ablation experi-
ments in the chick suggest that catecholaminergic neuronal
differentiation only occurs near the aorta/mesonephros and also
requires the presence of either the ventral neural tube or the noto-
chord (Teillet and Le Douarin, 1983; Stern et al., 1991; Groves
et al., 1995).

As described above, both Phox2b and Mashl are first
expressed shortly after neural crest cells arrive at the dorsal aorta.
At this time, the dorsal aorta expresses Bmp2, Bmp4, and Bmp7
(Reissmann et al., 1996; Shah et al., 1996). All three factors
induce increased numbers of catecholaminergic cells in neural
crest cell cultures, as does forced expression of a constitutively
active BMP receptor (reviewed in Goridis and Rohrer, 2002).
BMP2 induces Mashl and Phox2a in cultured neural crest stem
cells (Shah et al., 1996; Lo et al., 1998). Overexpression of BMP4
near the developing sympathetic ganglia leads to the ectopic
formation of catecholaminergic cells in vivo (Reissmann et al.,
1996). Conversely, when beads soaked in the BMP inhibitor
Noggin are placed near the dorsal aorta in the chick, sympathetic
ganglia initially form, but sympathetic neurons do not develop
(Schneider et al., 1999). In these Noggin-treated embryos, sym-
pathetic ganglia lack expression of pan-neuronal markers, and of
Phox2b, Phox2a, DBH, and tyrosine hydroxylase, while Cashl is
strongly reduced (Schneider et al., 1999). Together, these results



provide overwhelming evidence that dorsal aorta-derived BMPs
induce expression of both Phox2b and Mashl, thus initiating the
regulatory network of transcription factors that leads eventually
to sympathetic neuron differentiation. However, these cues may
be insufficient for catecholaminergic differentiation in vivo, as
discussed in the following section.

Floorplate-Derived Signals Are Also Required for
Catecholaminergic Differentiation

In addition to signals from the dorsal aorta, the presence of
floorplate and/or notochord is also required for catecholaminer-
gic differentiation (Teillet and Le Douarin, 1983; Stern et al.,
1991; Groves et al., 1995). In particular, although neurons dif-
ferentiate in the sympathetic ganglia in the absence of floorplate,
they do not express catecholaminergic markers (Groves et al.,
1995). This suggests that in addition to BMPs from the dorsal
aorta (which induce Phox2b and Mashl), floorplate-derived
signals are also required to induce or maintain subtype-specific
markers in the sympathetic ganglia (Groves et al., 1995). Sonic
hedgehog (see Chapter 3) seems to have little effect on cate-
cholaminergic differentiation (Reissmann et al., 1996), and the
molecular nature of the floorplate-derived signal(s) remains
unclear. It may be relevant in this context that enhanced cyclic
AMP signaling is required for efficient activation of the #yrosine
hydroxylase promoter by Phox2a in vitro (reviewed in Goridis
and Rohrer, 2002). Also, activation of the mitogen-activated pro-
tein (MAP) kinase signaling cascade in avian neural crest cells
causes catecholaminergic differentiation independently of BMP4
(Wu and Howard, 2001). Clearly, there is still much to learn
about the control of sympathetic neuron differentiation.

BMPs and Parasympathetic vs Sympathetic
Differentiation

The differentiation of parasympathetic vs sympathetic
autonomic neurons may be determined by local concentrations of
BMPs at different neural crest target sites, as well as, perhaps,
differential sensitivities of responding neural crest cells to BMPs
(White et al., 2001). Postmigratory rat neural crest stem cells,
isolated from fetal sciatic nerve, are more likely to differentiate
as cholinergic parasympathetic neurons than as catecholaminer-
gic sympathetic neurons when back-grafted into chick neural
crest migratory pathways (White et al., 2001). After such grafts,
they form cholinergic neurons in both sympathetic ganglia and
parasympathetic ganglia, such as the pelvic plexus (White e al.,
2001). In culture, they respond to BMP2 by differentiating as
both cholinergic and noradrenergic autonomic neurons. However,
they are significantly less sensitive to the neuronal differentia-
tion-inducing activity of BMP2 than are migrating neural crest
stem cells (section Differences in the Sensitivity of Different
Neural Crest Stem Cells to Gliogenic Cues), and differentiate as
cholinergic neurons at lower BMP2 concentrations (White et al.,
2001). The molecular basis for this cholinergic bias is unknown.

BMPs are expressed at some sites of parasympathetic gan-
gliogenesis. For example, the caudal cloaca, located proximal to
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the forming parasympathetic pelvic plexus, expresses BMP2 at
an appropriate time to be involved in inducing parasympathetic
neuronal differentiation (White et al., 2001).

The Differentiation of Enteric Neurons

BMP2, which is expressed in gut mesenchyme, promotes
the neuronal maturation of postmigratory enteric neural precur-
sors isolated from the rat gut (Pisano et al., 2000). However,
several other growth factors have also been found to affect
enteric neuronal differentiation.

Glial cell line-derived neurotrophic factor (GDNF) is the
founding member of a family of ligands that act via a common
signal transducer, the receptor tyrosine kinase Ret, complexed
with ligand-specific receptors, the GDNF family receptor-a
(GFRa) receptors (reviewed in Airaksinen and Saarma, 2002).
GDNF is expressed in gut mesenchymal cells, and the entire
enteric nervous system is missing in GDNF-deficient mice
(Moore et al., 1996). In Ret-deficient mice, all enteric neurons
and glia are missing from the gut below the level of the esopha-
gus and the immediately adjacent stomach (Durbec et al., 1996).
GDNF and Neurturin, another GDNF family ligand, promote the
in vitro survival, proliferation, and neuronal differentiation of
migrating and postmigratory Ret™ enteric precursors from the rat
gut (Taraviras ef al., 1999).

The growth factor Endothelin3 (Edn3), conversely, seems
to inhibit the neuronal differentiation of enteric precursors, thus
maintaining a sufficiently large pool of migratory, undifferenti-
ated precursors to colonize the entire gut (Hearn et al., 1998;
Shin et al., 1999). Endothelin3 prevents the neurogenic activity
of GDNF on migrating enteric neural precursors isolated from
the quail embryo gut (Hearn et al., 1998).

Mutations that affect the Ret or Endothelin signaling path-
ways cause Hirschsprung’s disease in humans, in which enteric
ganglia are missing from the terminal colon (reviewed in Gershon,
1999; Manie et al., 2001; McCallion and Chakravarti, 2001).

Differentiation of Satellite Cells in
Autonomic Ganglia

Strong autonomic neurogenic cues, such as BMP2, are
clearly present at sites of autonomic gangliogenesis. How, then,
do satellite glia form within autonomic ganglia? Exposure to
gliogenesis-promoting factors such as NRGI type II (section
Differentiation of DRG Satellite Cells) is insufficient. Cultured rat
neural crest stem cells rapidly commit to an autonomic neuronal
fate on exposure to BMP2, but only commit to a glial fate after
prolonged exposure to NRG1 type II (Shah and Anderson, 1997).
Furthermore, saturating concentrations of BMP2 are dominant
over NRG1 type II (although at low BMP2 concentrations, NRG1
type I can attenuate Mashl induction by BMP2) (Shah and
Anderson, 1997). These results may explain why, in vivo, neurons
differentiate before glia in autonomic ganglia. What, then, prevents
all autonomic progenitors from differentiating into neurons?

Activation of the Notch signaling pathway seems to be
essential for adoption of a glial fate in the presence of BMP2
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(Morrison et al., 2000b). As discussed in the section on Notch
Activation Leads to Gliogenesis by Neural Crest Stem Cells,
even transient activation of Notch signaling inhibits neuronal dif-
ferentiation and instructively promotes glial differentiation, in
cultures of postmigratory neural crest stem cells isolated from
fetal rat sciatic nerve (Morrison et al., 2000b). This action of
Notch is dominant over that of BMP2, blocking neurogenesis at
a point upstream of Mashl induction (Morrison et al., 2000b). It
is likely that a similar mechanism of Notch activation acts within
autonomic ganglia to promote satellite cell differentiation in the
presence of BMP2. One model suggested by these results is that
differentiating autonomic neurons express Notch ligands; these
then activate Notch signaling in neighboring non-neuronal cells,
which are then able to differentiate as glia (Morrison et al.,
2000b). Other gliogenesis-promoting factors, such as NRGI
type II, may also act in concert with, or reinforce, the gliogenic
action of Notch in peripheral autonomic ganglia (Hagedorn
et al., 2000b). It is possible that once Notch is activated, prevent-
ing a neuronal fate and promoting a glial fate, NRG1 type II may
then be able to promote a satellite cell fate (Hagedorn et al.,
2000b; Leimeroth et al., 2002).

Summary of Autonomic Gangliogenesis

Phox2b is required for the formation of the entire periph-
eral autonomic nervous system. It is also necessary and sufficient
for catecholaminergic (particularly noradrenergic) neuronal
differentiation. Mash1 is necessary, but not sufficient, for norad-
renergic differentiation. Phox2b and Mashl interact in a complex
regulatory network of transcription factors to induce noradrener-
gic differentiation. They are independently induced in sympa-
thetic precursors by BMPs from the dorsal aorta; however,
additional floorplate-derived signals are also required for cate-
cholaminergic differentiation of sympathetic neurons. BMPs may
also induce parasympathetic fates: The choice between parasym-
pathetic and sympathetic fates may depend on local BMP con-
centrations and intrinsic differences in the sensitivity of different
postmigratory neural crest cell populations to BMPs. BMPs and
GDNF promote the differentiation of enteric neurons, while Edn3
may prevent enteric neuronal differentiation. Satellite cell differ-
entiation requires Notch activation, which is dominant to the neu-
rogenesis-promoting activity of BMPs. The gliogenic activity of
NRGI type II is subordinate to BMPs, but may be able to pro-
mote satellite cell differentiation once Notch has been activated.

Community Effects Alter Fate Decisions

A multipotent neural crest cell may adopt one fate in
response to a given instructive growth factor when it is alone, but
a different fate when it is part of a cluster (“community”) of
neural crest cells (reviewed in Sommer, 2001). Individual post-
migratory multipotent cells isolated from embryonic rat DRG
respond to BMP2 by forming both autonomic neurons and
smooth muscle cells, while clusters of the same multipotent
cells form significantly more autonomic neurons, at the expense
of smooth muscle cells (Hagedorn et al., 1999, 2000a).

This “community effect” (Gurdon et al., 1993) may prevent
neural crest cells in autonomic ganglia from adopting an aberrant
(smooth muscle) fate in response to BMP2 in vivo.

Different concentrations of the same factor can also have
different effects when local neural crest cell-cell signaling is
allowed to occur. Individual postmigratory progenitors from rat
DRG respond to TGFB by adopting a predominantly smooth
muscle fate; they never form neurons (Hagedorn et al., 1999,
2000a). Although high doses of TGF cause some cell death, the
predominant fate choice is still smooth muscle (Hagedorn et al.,
2000a). Clusters of these progenitors, in contrast, respond to high
TGFR doses by dying, and to low TGFB doses by forming
autonomic neurons (Hagedorn et al., 1999, 2000a).

Similar community effects may underlie the results
discussed in the section on Axial Fate-Restriction, in which
individual trunk neural crest cells form cartilage in the head
when surrounded by host cartilage cells, but coherent masses of
trunk neural crest cells do not (McGonnell and Graham, 2002).
Community effects also help to maintain neural crest cell
regional identity: Individual neural crest cells will change their
Hox gene expression patterns in response to environmental cues,
while large groups of neural crest cells do not (e.g., Golding
et al., 2000; Trainor and Krumlauf, 2000; Schilling et al., 2001).

In summary, local neural crest cell-cell interactions may
reinforce fate choice in particular environmental contexts, and pre-
vent inappropriate fate choices in response to environmental cues.

NEURAL CREST SUMMARY

Since the last edition of this book, in 1991, there has been
an explosion of information about the genes and signaling path-
ways important for neural crest cell development. Molecular cues
involved in neural crest cell induction at the neural plate border
have now been identified. These include BMPs, which are impor-
tant for setting up the neural plate border itself and, later, for
neural crest cell delamination, and Wnts, which are both neces-
sary and sufficient for neural crest precursor cell induction
within the neural plate border. Numerous repulsive guidance
cues, including ephrins, are now known to play essential roles in
sculpting the migration pathways of both cranial and trunk neural
crest cells, and some progress has been made in understanding
migration arrest at target sites. The migrating neural crest cell
population is heterogeneous, containing multipotent and fate-
restricted cells; however, the latter do not seem to be determined;
that is, they retain the potential to adopt other fates when
challenged experimentally. There is a greater molecular under-
standing of lineage diversification, and it is becoming apparent
that the sensory—autonomic lineage decision is taken before the
neuronal—glial fate decision. Various transcription factors are
known to be essential for the formation of particular neural crest
lineages, including Phox2b for the autonomic lineage and Sox10
for the glial lineage. Several instructive differentiation cues that
act on multipotent neural crest cells, including BMPs and NRGs,
have been identified. Finally, an emerging theme is that neural
crest cell—cell interactions, including community effects, are



important in determining neural crest cell fate choice. Clearly, a
great deal has been learned about neural crest cell induction,
migration, and differentiation. However, many questions still
remain, and there are many fruitful avenues for future research
into the development of these fascinating cells.

OVERVIEW OF CRANIAL
ECTODERMAL PLACODES

Cranial ectodermal placodes (Greek root mAax, i.e., flat
plate, tablet) are discrete patches of thickened ectoderm that
appear transiently in the head of all vertebrate embryos (reviewed
in Webb and Noden, 1993; Baker and Bronner-Fraser, 2001;
Begbie and Graham, 2001a). They were discovered 120 years ago
(van Wijhe, 1883) and given the name “placode” by von Kupffer
(1894). Placodes give rise to the bulk of the peripheral sensory
nervous system in the head. The olfactory, otic, and lateral line
placodes give rise to the paired peripheral sense organs (olfactory
epithelium, inner ears, and lateral line system of anamniotes)
together with their afferent innervating neurons. The lens pla-
codes give rise to the lenses of the eye. The trigeminal placodes
form many of the cutaneous sensory neurons that innervate the
head, including the jaws and teeth. The epibranchial placodes
give rise to visceral sensory neurons that provide afferent inner-
vation for tastebuds, and afferent autonomic innervation for the
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visceral organs. Finally, the hypophyseal (or adenohypophyseal)
placode gives rise to all of the endocrine cells and supporting
cells of the adenohypophysis (anterior pituitary gland). Although
the molecular mechanisms underlying the induction and devel-
opment of the hypophyseal placode are perhaps the best under-
stood of all the placodes, its development will not be discussed
here (for detailed reviews of hypophyseal placode induction and
development, see Baker and Bronner-Fraser, 2001; Dasen and
Rosenfeld, 2001; Scully and Rosenfeld, 2002).

Like the neural crest, therefore, placodes give rise to a very
diverse array of cell types, including sensory receptors, sensory
neurons, supporting cells, secretory cells, glia, neuroendocrine,
and endocrine cells (Table 3). Figure 11 shows a fate-map of the
placode-forming ectoderm in the head of the 8-somite stage
chick embryo, together with the respective neuronal contribu-
tions to cranial sensory ganglia of placodes and the neural crest.
Figure 12 shows the location of the different placodes in the head
of the 19-somite stage Xenopus embryo. It is evident from these
schematics that a relatively large proportion of dorsal head
ectoderm contributes to placodal tissue.

Also like the neural crest, cranial ectodermal placodes are
usually considered to be a defining characteristic of the craniates
(vertebrates plus hagfish) (Gans and Northcutt, 1983; Northcutt
and Gans, 1983; Baker and Bronner-Fraser, 1997). However,
molecular analyses suggest that at least some vertebrate pla-
codes may have homologues in non-vertebrate chordates (e.g.,
Boorman and Shimeld, 2002; Christiaen et al., 2002). Placodes

TABLE 3. Cell Types and Cells Derived from Cranial Ectodermal Placodes

Placode General cell type Cells
Olfactory Sensory ciliary receptor Chemoreceptive olfactory receptor neurons
Sensory neurons Olfactory receptor neurons
Glia Olfactory ensheathing glia
Neuroendocrine cells Gonadotropin-releasing hormone (GnRH)-producing neurons
Secretory/support cells Sustentacular cells (secrete mucus; provide support)
Otic Sensory ciliary receptor Mechanosensory hair cells

Lateral line

Sensory neurons
Secretory cells

Supporting cells
Sensory ciliary receptor

Sensory neurons
Secretory cells

Otic hair cell-innervating neurons, collected in vestibulo-cochlear ganglion of cranial
nerve VIII

Cupula-secreting cells; endolymph-secreting cells; cells secreting biomineralized matrix
of otoliths/otoconia

Hair cell support cells; non-sensory epithelia

Mechanosensory hair cells in neuromasts

Electroreceptive cells in ampullary organs

Lateral line hair cell-innervating neurons, collected in lateral line ganglia
Cupula-secreting cells in neuromasts

Hair cell support cells in neuromasts

Cutaneous sensory neurons (pain, touch, temperature), collected in trigeminal ganglion of

Afferent neurons for taste buds and visceral organs, collected in geniculate, petrosal, and nodose

ganglia (distal ganglia of cranial nerves VII, IX, and X, respectively)

Supporting cells
Lens Specialized epithelium Lens fiber cells
Ophthalmic and Sensory neurons
maxillomandibular cranial nerve V
trigeminal
Epibranchial Sensory neurons
Hypophyseal Endocrine cells

Supporting cells

All endocrine cells of the adenohypophysis (anterior pituitary gland)
Support cells of the adenohypophysis
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FIGURE 11. Fate-map of placodes (black ovals) and neural crest (dark blue) in the head of an 8-somite stage chick embryo, and their neuronal contribution
to the sensory ganglia of the cranial nerves (Roman numerals). All satellite cells in cranial sensory ganglia are derived from the neural crest. fb, forebrain;
G., ganglion; gen, geniculate; In, lens; mb, midbrain; mmV, maxillomandibular trigeminal; nod, nodose; olf., olfactory; opV, ophthalmic trigeminal; pet,
petrosal; prox., proximal; sup., superior; vest.-coch., vestibulocochlear. Redrawn from D’Amico-Martel and Noden (1983).

FIGURE 12. Location of placodes in the head of a 19-somite stage Xenopus
embryo. epi, epibranchial placode; epi VII, facial/geniculate placode; epi IX,
glossopharyngeal/petrosal placode; epi X, vagal/nodose placodes; lat, lateral
line placode; latAD, anterodorsal lateral line placode; latAV, anteroventral lat-
eral line placode; 1atM, middle lateral line placode; latP, posterior lateral line
placode; mmYV, maxillomandibular trigeminal placode; olf., olfactory pla-
code; opV, ophthalmic trigeminal placode. Redrawn from Schlosser and
Northcutt (2000).

have been studied in all craniate classes, including hagfish
(e.g., Wicht and Northcutt, 1995) and lamprey (e.g., Bodznick and
Northcutt, 1981; Neidert et al., 2001; McCauley and Bronner-
Fraser, 2002). Although most research has been done on the sense
organ placodes, in particular the lens and otic placodes, as well as
the hypophyseal placode, molecular information has also enabled
closer investigation of the development of the trigeminal and epi-
branchial placodes. Here, a relatively brief summary is provided
of the current state of knowledge of the induction and develop-
ment of the different placodes. For a more detailed review of
classical and modern research into placode induction, the reader
is referred to Baker and Bronner-Fraser (2001).

A PREPLACODAL FIELD AT THE ANTERIOR
NEURAL PLATE BORDER

All fate-mapping studies to date have shown that placodes
arise from ectoderm at the neural plate border in the prospective
head region (Baker and Bronner-Fraser, 2001). Older fate maps
suggest that placodes originate from ectoderm lying lateral to the
neural crest-forming area, except in the most rostral region,
where no neural crest cells form and olfactory and hypophyseal
placodes directly abut prospective neural plate territories (Baker
and Bronner-Fraser, 2001). However, cell lineage analysis
shows that placodal precursors, like neural crest precursors
(section Embryonic Origin of the Neural Crest), do not exist



as a segregated population (Streit, 2002). Although prospective
placodal territory extends more laterally than prospective neural
crest territory, placodal and neural crest precursors are mingled
together more medially (Streit, 2002).

Molecular evidence supports some early morphological
observations in suggesting that there is a preplacodal field, or
panplacodal anlage, around the anterior neural plate. This field is
morphologically visible in the frog, Rana, which has a continu-
ous band of thickened ectoderm around the edge of the anterior
neural plate, from which most placodes originate (Knouff, 1935)
(Fig. 13A). Molecularly, this field seems to be characterized
in multiple species by the expression of various genes in a horse-
shoe-shaped band around the anterior neural plate border
(Figs 13B, C). These genes, which primarily encode transcription
factors, are often subsequently maintained in all or multiple
placodes. They include the homeodomain transcription factors
Six1, Six4, DIx3, DIx5, and DIx7, the HMG-domain transcrip-
tion factor Sox3 (which is also expressed in the neural plate), and
the transcription cofactors Eyal and Eya2 (for original refer-
ences, see Baker and Bronner-Fraser, 2001; also David et al.,
2001; Ghanbari et al., 2001). See the section on Establishment of
the Neural Plate Border for a discussion of the role of DIx genes
in positioning the neural plate border. In the chick, the expression
domains of these genes are not coincident; rather, they are
expressed in a series of overlapping domains that shift both spa-
tially and temporally with the position of placodal precursors
(Streit, 2002).

It is clear that several of these genes play important roles
in the development of multiple placodes. For example, dix3,
acting in concert with dlx7, is necessary for the formation of
both olfactory and otic placodes in the zebrafish (Solomon and
Fritz, 2002). Ectopic expression of Sox3 in another teleost fish,
medaka, causes ectopic lens and otic vesicle formation in ecto-
dermal regions relatively close to the endogenous lens and otic
placodes (Koster et al., 2000). Sox3 may, therefore, act as a com-
petence factor, enabling ectopic ectoderm to respond to placode-
inducing signals (Koster et al., 2000).
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However, the precise significance of the preplacodal
domain of gene expression remains unclear: It does not seem to
correlate either with the site of origin of all placodal precursor
cells, or with determination toward a placodal fate. A cell lineage
analysis in the chick showed that some otic placode precursors
arise from ectoderm lying medial to the Six4 expression domain
(Streit, 2002). Hence, not all placodal precursors originate from
the Six4" domain. Furthermore, cells within the Six4" domain
form not only placodal derivatives, but also neural crest and epi-
dermis (and neural tube until the 2-somite stage, at the level of
the future otic placode) (Streit, 2002). Hence, cells within the
preplacodal domain are not all determined toward a placodal fate.

Some insight into the function of the preplacodal domain
may come from observations showing that there is a large degree
of ectodermal cell movement in the neural plate border region
(Whitlock and Westerfield, 2000; Streit, 2002). These studies
combined cell lineage analysis (using Dil or fluorescent dex-
trans) with time-lapse analysis and in sifu hybridization.
Precursors of a particular placode, such as the olfactory placode
in zebrafish (Whitlock and Westerfield, 2000) or the otic placode
in chick (Streit, 2002), originate from a fairly large region of
ectoderm at the anterior neural plate border, and subsequently
converge to form the final placode. This may suggest a model
whereby cells that move into the preplacodal gene expression
domain upregulate the genes defining the domain, while cells
that move out of the domain downregulate these genes. Cells that
express the “preplacodal” genes may be rendered competent to
respond to specific placode-inducing signals. However, the fate
of a given cell within the preplacodal domain will depend on the
precise combination of signals it subsequently receives. Hence,
although it is competent to form placode, it may give rise to
neural crest or epidermis instead.

The Pax/Six/Eya/Dach Regulatory Network

The overlapping expression of various Six and Eya genes
in the preplacodal domain is of particular interest. Six and Eya

C
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FIGURE 13. A preplacodal domain of ectoderm can be recognized around the anterior neural plate border, occasionally by morphology alone, more often by
specific gene expression. (A) Fate map of open neural plate stage Rana embryo (dorsal view), showing the preplacodal domain, recognizable morphologically
as a continuous strip of thickened ectoderm around the prospective neural crest (NC) domain. cg, prospective cement gland; epid, epidermis; NC, neural crest.
Redrawn from Knouff (1935). (B) Eya2 expression (dark staining) around the anterior neural plate border in a stage 6 (neurula-stage) chick embryo (dorsal
view). (C) Six4 expression (dark staining) around the anterior neural plate border in a 2-somite stage chick embryo (dorsal view). Both Eya2 and Six4 are sub-
sequently maintained in most placodes (section A Preplacodal Field at the Anterior Neural Plate Border for details). Photographs courtesy of Dr. Andrea Streit
and Anna Litsiou, King’s College, London, United Kingdom. Chick staging after Hamburger and Hamilton (1951).
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family members function in a complex cross-regulatory network
with Pax transcription factors and the transcription cofactor
Dachshund (Dach, also a multimember family in vertebrates), in
a variety of developmental contexts. These include eye develop-
ment in Drosophila (reviewed in Wawersik and Maas, 2000) and
vertebrate muscle development (Heanue et al., 1999). Dach fam-
ily members are expressed in part of the preplacodal domain and
in various placodes (Davis et al., 2001; Hammond et al., 2002;
Heanue et al., 2002; Loosli et al., 2002). While Pax genes are not
expressed in the preplacodal domain, most individual placodes
are characterized by a particular combination of Pax gene expres-
sion. For example, Pax6 is expressed in the olfactory and lens
placodes, Pax3 in the ophthalmic trigeminal placode, Pax2/5/8 in
the otic placode, and Pax2 in the epibranchial placodes (reviewed
in Baker and Bronner-Fraser, 2001). Mouse knockout studies
have shown that Pax gene expression within the placodes is
important for their proper development. For example, Pax6
is essential for olfactory and lens placode formation, while Pax2
is important for aspects of otic placode development (reviewed in
Baker and Bronner-Fraser, 2001).

Given the above, it is possible that expression of Six, Eya,
and perhaps also Dach genes within the preplacodal domain may
represent a molecular framework common to all placodes. This
network might then be able to interact with different Pax genes,
induced in different regions of the preplacodal domain by spe-
cific placode-inducing signals, to specify individual placode
identities. Although this model is attractive, further supporting
evidence is required.

Models of Individual Placode Formation in
the Preplacodal Domain

The active convergence of cells at the neural plate border
to form specific placodes (Whitlock and Westerfield, 2000;
Streit, 2002) suggests two possible models for the formation of
individual placodes from ectoderm in this region (Streit, 2002).
The first model proposes that cells in a large region of ectoderm
receive a specific placode-inducing signal: Those cells that
respond to the signal “sort out” from non-responding cells and
actively migrate to the site of formation of the placode. The sec-
ond model proposes that ectodermal cells move at random: Those
that come within range of localized placode-inducing signals
adopt a specific placodal fate. Evidence exists to support the
existence of both localized and widespread placode-inducing
signals (e.g., sections Induction of the Otic Placodes; Induction
of the Trigeminal Placodes). However, it is currently unknown
whether active sorting processes occur within the ectoderm to
cause the aggregation of specific placode precursors.

Summary

All placodes originate from ectoderm at the anterior neural
plate border. A horseshoe-shaped domain of ectoderm at the
anterior neural plate border expresses numerous specific tran-
scription factors, such as Six, Eya, and DIx family members, all

of which have roles in placode development. Cells expressing an
appropriate combination of these genes may be competent to
adopt a placodal fate in response to placode-inducing signals.
Cells that respond to specific placode-inducing signals may sort
out and aggregate to form the placode. Alternatively, cells may
randomly move within range of specific placode-inducing sig-
nals, cease migrating, and differentiate accordingly. Further evi-
dence is required to distinguish between these models.

In the following sections, the induction and some aspects
of the development of individual placodes are discussed in turn,
beginning with the sense organ placodes (olfactory, otic, lateral
line, and lens), and ending with the trigeminal and epibranchial
placodes.

SENSE ORGAN PLACODES

Olfactory Placodes
Olfactory Placode Derivatives

The paired olfactory placodes, which invaginate toward
the telencephalon to form olfactory pits, give rise to the entire
olfactory (odorant-sensing) and, where present, vomeronasal
(pheromone-sensing) epithelia, together with the respiratory
epithelium that lines the nasal passages. The olfactory and
vomeronasal epithelia contain ciliated sensory receptor neurons,
each of which bind odorants via a single member of an enormous
family of G-protein-coupled, seven-transmembrane domain
receptor molecules (reviewed in Mombaerts, 2001; Ronnett and
Moon, 2002). The epithelia also contain basal cells, which gen-
erate olfactory sensory neurons throughout life (for a review on
stem cells in the olfactory epithelium, see Calof et al., 1998), and
supporting sustentacular cells, which share some characteristics
with glia (reviewed in Ronnett and Moon, 2002). All of these
cells are derived from the olfactory placode.

The cell bodies of the olfactory receptor neurons remain in
the placode, while their axons extend into the brain to form the
olfactory, vomeronasal, and terminal nerves (for reviews of
olfactory axon pathfinding, see Mombaerts, 2001; St. John et al.,
2002). These nerves are ensheathed by olfactory placode-derived
glial cells (reviewed in Wewetzer et al., 2002) that leave the pla-
code and migrate along the nerves into the brain. In the
zebrafish, pioneer neurons, distinct from olfactory receptor neu-
rons, differentiate early within the placode and send their axons
to the telencephalon (Whitlock and Westerfield, 1998). Axons
from the olfactory receptor neurons follow this initial scaffold-
ing, and the pioneer neurons subsequently die by apoptosis
(Whitlock and Westerfield, 1998). Olfactory axons are the first
peripheral input to reach the brain during development. The
axons of pioneer neurons in the rat induce formation of the olfac-
tory bulbs (Gong and Shipley, 1995), which fail to form if the
olfactory placodes are missing or if olfactory axons fail to reach
the brain (reviewed in Baker and Bronner-Fraser, 2001). The
olfactory epithelium is also required for induction of the carti-
laginous nasal capsule, which is derived from the neural crest.



The olfactory placode also forms neuroendocrine cells that
migrate along the olfactory nerve into the forebrain and dien-
cephalon. These neurons produce gonadotropin-releasing hor-
mone (GnRH) and form the terminal nerve-septo-preoptic GnRH
system (reviewed in Dubois et al., 2002). This system regulates
gonadotropin release from the adenohypophysis (anterior pitu-
itary), another placodal derivative (section Overview of Cranial
Ectodermal Placodes). Hence, the olfactory placode is not only
essential for olfaction, but also for reproduction. This is seen
clinically in Kallmann’s syndrome, in which olfactory axons and
GnRH neurons fail to migrate into the brain, resulting in anosmia
and sterility (hypogonadism) (reviewed in MacColl et al., 2002).
An early-stage fate-map in zebrafish, however, challenges
the olfactory placode origin of GnRH neurons, suggesting that
terminal nerve GnRH neurons originate from the neural crest,
and hypothalamic GnRH neurons from the hypophyseal placode
(adenohypophysis) (Whitlock er al., 2003). More early-stage
fate-map data are needed from multiple species to resolve this
controversy.

Olfactory Placode Formation Involves the
Convergence of Cellular Fields

In the 4-somite stage zebrafish embryo, the olfactory pla-
codes fate-map to bilateral regions of DIx3" ectoderm at the lateral
borders of the anterior-most neural plate, much longer in rostro-
caudal extent than the final placodes, abutting prospective telen-
cephalic territory rostrally and prospective neural crest caudally
(Whitlock and Westerfield, 2000). DIx3, acting in concert with
DIx7, is essential for the formation of the olfactory placode in the
zebrafish, as shown both by mutant and knockdown analysis using
antisense morpholino oligonucleotides (Solomon and Fritz, 2002).
Each of these long bilateral DIx3" cellular fields converges to
form an olfactory placode (Whitlock and Westerfield, 2000).

In neurula-stage Xenopus embryos, and 3-somite stage
chick and mouse embryos, the olfactory placodes fate-map to the
outer edge of the anterior neural ridge (the rostral boundary of
the neural plate) (Couly and Le Douarin, 1988; Eagleson and
Harris, 1990; Osumi-Yamashita et al., 1994). Future olfactory
placode and olfactory bulb tissues are contiguous within the
anterior neural plate. It is currently unknown whether olfactory
placode formation in these species also involves cellular conver-
gence, as in the zebrafish.

Induction of the Olfactory Placodes

Classical grafting and coculture experiments in amphibian
embryos (reviewed in Baker and Bronner-Fraser, 2001) sug-
gested that anterior mesendoderm is an important source of
olfactory placode-inducing signals. This tissue is also important
for forebrain induction (reviewed in Foley and Stern, 2001)
(Chapter 3). Forebrain tissue is also important for olfactory pla-
code induction and/or maintenance (reviewed in Baker and
Bronner-Fraser, 2001). Nothing is currently known about which
molecular signals from these tissues, or others, might be involved
in the induction of the olfactory placode.
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In the chick, FGF8 from the midfacial ectoderm is neces-
sary and sufficient to induce the genes erm and pea3 in the olfac-
tory pits (Firnberg and Neubiiser, 2002). (The induction and
maintenance of these two Ets-domain transcription factors is
generally tightly coupled to FGF signaling; Raible and Brand,
2001; Roehl and Niisslein-Volhard, 2001.) FGFs stimulate the
proliferation of olfactory receptor neuron progenitors in vitro
(reviewed in Calof et al., 1998) (see next section), hence, FGF8
may play a similar role in promoting olfactory neurogenesis
in vivo. However, this remains to be demonstrated.

Experiments in mice and zebrafish have shown that the
transcription factors Otx2, Pax6, DIx5, and DIx3 (acting in con-
cert with DIx7), all of which are expressed in the anterior neural
ridge and in the olfactory placodes, are required for olfactory
placode development (reviewed in Baker and Bronner-Fraser,
2001) (also Solomon and Fritz, 2002). However, their precise
roles are currently undefined.

A bHLH Transcription Factor Cascade Controls
Olfactory Neurogenesis

Mice lacking the Achaete-Scute homologue Mashl
(section Mashl Is Essential for Noradrenergic Differentiation)
have a drastically reduced number of olfactory receptor neurons,
due to the death of most olfactory neuron progenitors (Guillemot
et al., 1993; Cau et al., 1997). Mashl is required for the expres-
sion of the atonal-related bHLH genes Neurogeninl (Ngnl)
(section Neurogenins Are Essential for the Formation of Dorsal
Root Ganglia) and NeuroD (Cau et al., 1997), and for activation
of the Notch signaling pathway (Cau et al., 2000, 2002). Ngn! is
required for neuronal differentiation; it does not affect either
Mashl expression or the Notch signaling pathway (Cau et al.,
2002).

Mashl is not expressed in the earliest-differentiating
neurons in the olfactory placode, whose formation is unaffected
in Mashl-null mice (Cau et al., 1997, 2002). These Mashl-
independent progenitors express Ngn2 as well as Ngnl, but their
differentiation is blocked in Ngn/-mutant mice (Cau et al., 1997,
2002). Given their early differentiation, these could represent
the pioneer neurons whose axons set up the initial scaffold
for the olfactory nerve (section Olfactory Placode Derivatives).
Interestingly, vomeronasal sensory neurons are relatively unaf-
fected in mice that are double mutant for both Mashl and Ngn!
(Cau et al., 2002). This suggests both that a different gene
controls their development, and that vomeronasal and olfactory
sensory neuron progenitors are molecularly distinct (Cau et al.,
2002).

As described in the previous section, FGF8, which is
expressed in the epithelium around the placodes, may stimulate
the proliferation of olfactory neuron stem cells and neuronal
progenitors (reviewed in Calof et al., 1998) (also see LaMantia
et al., 2000). Treatment of olfactory placode explants with a
function-blocking FGF8 antibody causes a reduction in the num-
bers of neurons relative to controls, though not a complete loss,
suggesting that FGFS8 is not only sufficient but also necessary for
olfactory neurogenesis (LaMantia et al., 2000).
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BMPs also play an important role in olfactory neurogene-
sis: In fact, they can both promote and inhibit neurogenesis in
cultures of olfactory epithelium, depending on the concentration,
the specific ligand, and the cellular context (Shou et al., 1999,
2000). Exposure of Mash1™ olfactory neuron progenitors to high
concentrations of BMP4 or BMP7 in culture leads to the degra-
dation of Mashl protein via the proteasome pathway, and hence
to inhibition of neuronal differentiation (Shou er al., 1999).
However, treatment of olfactory epithelium cultures with the
BMP antagonist Noggin inhibits neuronal differentiation, show-
ing a requirement for BMP signaling in neurogenesis (Shou
et al., 2000). This requirement is explained by the observation
that low concentrations of BMP4, but not BMP7, promote the
survival of newly born olfactory receptor neurons (Shou et al.,
2000). Hence, BMP4 inhibits the production of olfactory recep-
tor neurons at high concentrations and promotes the survival of
differentiated neurons at low concentrations. This may provide a
feedback mechanism to maintain an appropriate number of olfac-
tory receptor neurons in the epithelium, particularly as BMP4
may be produced by the olfactory receptor neurons themselves
(Shou et al., 2000).

Retinoic acid is produced by the neural crest-derived
frontonasal mesenchyme between the olfactory placode and the
ventrolateral forebrain (LaMantia et al., 1993, 2000). In vitro,
retinoic acid stimulates the maturation of olfactory receptor neu-
rons from immortalized clonal cell lines derived from the mouse
olfactory placode, suggesting a possible role in this process
in vivo (Illing et al., 2002). However, retinoic acid treatment of
olfactory placode explants leads to reduced neuronal differentia-
tion (LaMantia et al., 2000). Further evidence is therefore
required to establish the precise role of retinoic acid.
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Lateral Line Placodes
Lateral Line Placode Derivatives

The lateral line system is a mechanosensory and electrore-
ceptive sensory system in which individual sense organs are
arranged in characteristic lines along the head and trunk of fish
and amphibians (Fig. 14C) (Coombs ef al., 1989). The entire lat-
eral line system seems to have been lost in amniotes, presumably
in association with the transition to a primarily terrestrial
lifestyle; it is also often lost in amphibians at metamorphosis.
Lateral line electroreception was lost in most teleost fish and in
anuran amphibians; indeed, different elements of the lateral line
system have been lost independently in multiple vertebrate
lineages (reviewed in Northcutt, 1997; Schlosser, 2002b).

There are two types of lateral line sense organs:
Mechanosensory neuromasts (Fig. 14B) that respond to local dis-
turbances in the water surrounding the animal, and electrorecep-
tive ampullary organs that respond to weak electric fields. They
are used in various behaviors, including schooling, obstacle
avoidance, and prey detection. The sense organs themselves, and
the neurons that provide their afferent innervation, are derived
from a series of paired lateral line placodes on the head (reviewed
in Winklbauer, 1989; Baker and Bronner-Fraser, 2001; Schlosser,
2002a) (Fig. 12). The same lateral line placode can form both
mechanosensory neuromasts and electroreceptive ampullary
organs (Northcutt et al., 1995). Primitively, there were probably
at least three pre-otic and three post-otic lateral line placodes
(Northcutt, 1997). One pole of each lateral line placode gives rise
to neuroblasts, which exit the placode and aggregate nearby to
form the sensory neurons of a lateral line ganglion (the satellite

innervating
neurites

FIGURE 14. The mechanosensory lateral line system. (A) Schematic showing an individual unit of a lateral line neuromast: A mechanosensory hair cell bear-
ing a true cilium (kinocilium) and stereocilia, innervated by lateral line neurites, with an adjacent support cell. Redrawn from Kardong (1998). (B) Schematic
section through a neuromast organ: The cilia and stereocilia of each hair cell project into a gelatinous cupula, secreted by the supporting cells. Redrawn from
Kardong (1998). (C) Lateral line neuromasts on the head (particularly visible in a ring around the eye) and along the trunk of a live stage 45 (4-day) Xenopus
tadpole, visualized with the vital mitochondrial stain DASPEIL (D) Scanning electron micrograph of lateral line neuromasts along the trunk of a stage 49
(12-day) Xenopus tadpole. (E) High-power view of individual neuromast from (D), showing bundle of long kinocilia with smaller stereocilia at its base.

Xenopus staging after Nieuwkoop and Faber (1967).



cells of the ganglion are derived from the neural crest). Neurites
from these neurons, followed and ensheathed by neural crest-
derived glial cells (Gilmour et al., 2002), track the remaining
non-neurogenic part of the placode as it elongates to form a lat-
eral line primordium and undergoes a remarkable migration
through the epidermis, depositing clusters of cells in its wake.
These cells give rise to the supporting and mechanosensory hair
cells of the lateral line sense organ (neuromast). Hence, the pla-
code that forms a given line of sense organs also typically forms
their afferent innervating neurons. In the zebrafish, the atonal-
related bHLH transcription factor Neurogeninl (Ngnl; section
Proneural Genes: An Introduction) is required for the formation
of lateral line neurons, but its loss has no effect on the migration
of the lateral line primordia, or on neuromast development
(Andermann et al., 2002). Hence, as previously demonstrated in
amphibian embryos (Tweedle, 1977), lateral line sense organ
development is independent of innervation.

A single mechanosensory neuromast is composed of
several hair cells, together with supporting cells; each hair cell
has a single true cilium (kinocilium) with a bundle of stereocilia
at its base (Figs. 14A, E). Lateral line hair cells are very similar
in structure to inner ear hair cells derived from the otic placode
(section Otic Placode Derivatives). The kinocilia and sterocilia of
the hair cells in each lateral line neuromast are embedded in a
gelatinous sheath, or cupula, which is secreted by the supporting
cells of the neuromast (Fig. 14B). Water movements deflect the
cupula. If the cupula movement bends the stereocilia toward the
kinocilium, mechanosensitive ion channels in the hair cell open,
depolarizing the hair cell and stimulating the afferent fibers of
the lateral line nerve which synapses onto its basal surface. If the
stereocilia are bent away from the kinocilium, this closes the few
ion channels that are open at rest, causing hyperpolarization of
the hair cell and neuronal inhibition (reviewed in Winklbauer,
1989; Pickles and Corey, 1992).

Electroreceptor cells are structurally similar to neuromast
hair cells, although they are more variable across taxa (Bodznick,
1989). They are secondary sense cells (i.e., they require affer-
ent innervation) with apical microvilli and/or a kinocilium.
Interestingly, while teleost electroreceptors, where present, seem
to have secondarily evolved from neuromast hair cells, nonteleost
electroreceptors (i.e., those found in lamprey, nonteleost fish,
and amphibia) are phylogenetically as old or older than neuro-
mast hair cells (Bodznick and Northcutt, 1981; Bodznick, 1989).
From the phylogenetic evidence, it is equally likely that neuro-
mast hair cells evolved from electroreceptors, that electro-
receptors evolved from mechanosensory hair cells, or that both
evolved independently from a common ancestral ciliated cell
type (Bodznick, 1989).

Induction of the Lateral Line Placodes

Relatively little is currently known about the sources
of lateral line placode-inducing signals, and nothing of their
molecular nature (reviewed in Baker and Bronner-Fraser, 2001;
Schlosser, 2002a). Lateral line placodes are induced separately
from the otic placodes (section Otic Placodes), despite their
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proximity and even (in some species) their apparent derivation
from a common Pax2* “dorsolateral placode area” (Schlosser and
Northcutt, 2000; Schlosser, 2002a). Lateral line and otic placodes
can be induced independently in grafting experiments, and ecto-
dermal competence to form lateral line placodes persists much
longer than that to form otic placodes (reviewed in Baker and
Bronner-Fraser, 2001; Schlosser, 2002a). Furthermore, mutations
in zebrafish can affect otic placodes but not lateral line placodes,
and vice versa (Whitfield et al., 1996), and lateral line placodes
have been lost multiple times in evolution with no effect on the
otic placodes (e.g., Schlosser et al., 1999).

In the axolotl, lateral line placodes are determined
(i.e., develop autonomously in ectopic locations) by late neural
fold stages (Schlosser and Northcutt, 2001). Hence, lateral line
placode-inducing signals must act before this time, although they
persist until relatively late stages, as shown by grafts of non-
placodal ectoderm to the placode-forming region of tailbud stage
embryos (Schlosser and Northcutt, 2001). Grafting experiments
in amphibians have implicated both mesoderm and neural plate
as sources of lateral line placode-inducing signals (reviewed in
Baker and Bronner-Fraser, 2001; Schlosser, 2002a). Their mole-
cular nature is currently unknown. Migrating lateral line primor-
dia in zebrafish express the FGF target genes, erm and pea3
(Miinchberg et al., 1999; Raible and Brand, 2001; Roehl and
Niisslein-Volhard, 2001), the Wnt receptor gene Frizzled7a
(Sumanas et al., 2002), and the BMP inhibitor follistatin
(Mowbray et al., 2001). Hence, FGF, Wnt, and BMP signaling
may all be involved in aspects of lateral line placode develop-
ment; however, any role for these signaling pathways in lateral
line placode induction remains to be demonstrated. Early devel-
opment and migration of lateral line placodes in fgf8 mutant
zebrafish appears normal, although the number of neuromasts
formed is strongly reduced, suggesting an involvement of FGF8
at later stages (Léger and Brand, 2002).

Individual lateral line placodes differ in the number and
type of sense organs that they form, and also in their gene
expression patterns (e.g., only the middle lateral line placode
expresses Hoxb3 in the axolotl; Metscher et al., 1997).
Additional inducing signals are presumably involved, therefore,
in specifying individual lateral line placode identity, but these
are wholly unknown.

Migration of Lateral Line Primordia

Cells of the lateral line primordia in amphibian embryos
actively migrate through and displace the inner cells of the bilay-
ered epidermis. Cell division also occurs within the primordia
as they migrate (Winklbauer, 1989; Schlosser, 2002a). In zebrafish,
lateral line primordia migrate just beneath the epidermis; time-lapse
analysis of living embryos shows that each cell migrates indepen-
dently, rather than the whole primordium moving as a solid block of
cells, but they generally retain their neighbor relationships (Gompel
et al.,2001). The clusters of undifferentiated cells that will form the
neuromasts are deposited when a group of cells at the trailing edge
of the primordium progressively slows down relative to the rest of
the primordium (Gompel ef al., 2001).
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During normal development, lateral line primordia
migrate along invariant pathways. When pre-otic and post-otic
lateral line placodes are exchanged, they migrate along the path-
way appropriate for their new position (reviewed in Schlosser,
2002a), suggesting that they are following extrinsic guidance
cues. Several such guidance cues have now been identified in
zebrafish. The chemokine SDF1 is expressed in a trail along the
migration pathway of the posterior lateral line primordium
(David et al., 2002). The migrating cells of the lateral line pri-
mordium express the SDF1 receptor, CXCR4, and inactivation
of either the receptor or its ligand blocks migration (David et al.,
2002). Also, the posterior lateral line primordium migrates
along the trunk at the level of the horizontal myoseptum that
divides the axial muscles into dorsal and ventral halves.
Semaphorin3A1 (Sema3Al) is expressed throughout the
somites except in the horizontal myoseptum, and when the
myoseptum is missing, as in certain mutant strains, the lateral
line primordium migrates aberrantly (Shoji et al., 1998). These
results suggest that in addition to the SDF1-CSCR4 system, the
primordium may be directed along the myoseptum by repulsive
Sema3A1 migration cues from the dorsal and ventral somites
(Shoji et al., 1998). Finally, the posterior lateral line primordium
also expresses robol (Lee et al., 2001), which encodes a recep-
tor for the repulsive migration cue Slit (reviewed in Ghose
and Van Vactor, 2002). Hence, Slit-Robo signaling may also
be involved in guiding lateral line primordia along specific
migration pathways.

The lateral line axons that track the migrating primordium
are ensheathed in neural crest-derived glial cells, which lag
slightly behind the axonal growth cones (Gilmour et al., 2002).
These are not required for the growth or pathfinding of the lat-
eral line axons, but their genetic ablation leads to defasciculation
of the lateral line nerves (Gilmour et al., 2002). Hence, neural
crest-derived glia are required for the organization of the lateral
line nerves (Gilmour et al., 2002).

Cell Fate Determination Within
Lateral Line Neuromasts

The bHLH atonal homologue zathl (section Proneural
Genes: An Introduction) is progressively restricted to prospective
mechanosensory hair cells in lateral line neuromasts in the
zebrafish, suggesting that its expression defines the cells with the
potential to form hair cells (Itoh and Chitnis, 2001). The mouse
athl homologue, Mathl, is Specifically required for inner ear
(otic placode-derived) hair cell formation (Bermingham et al.,
1999) (section Hair Cell Specification Requires Notch Inhibition
and Mathl), so it is likely that zathl may similarly
be required for lateral line hair cell formation. Determination of
lateral line hair cell vs support cell fate probably involves Notch-
mediated lateral inhibition (e.g., sections Differentiation of DRG
Neurons Depends on Inhibition of Notch Signaling; Hair Cell
Specification Requires Notch Inhibition and Math1): Expression
of the Notch ligand DeltaB correlates with zathl expression in
prospective hair cells, while Notch3 expression is excluded from
prospective hair cells (Itoh and Chitnis, 2001).

Otic Placodes
Otic Placode Derivatives

The paired otic placodes, which form in the ectoderm adja-
cent to the hindbrain (Figs. 3 and 10), invaginate to form closed
otic vesicles (otocysts). In zebrafish, the placodes sink beneath
the surface ectoderm and the vesicles form by cavitation
(Whitfield et al., 2002). Each simple hollow epithelial ball under-
goes profound morphogenetic changes to produce the highly com-
plex, three-dimensional structure of the inner ear, or vestibular
apparatus (membranous labyrinth) (Fig. 15). A neurogenic region
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FIGURE 15. The complex structure of the inner ear. (A) Schematic showing
a generalized vertebrate vestibular apparatus, with the three semicircular
canals and major compartments: utriculus, sacculus, and lagena. The cochlear
duct is an extension of the lagena that forms only in terrestrial vertebrates;
hence it is shown as a dashed line. Specialized auditory hair cells are col-
lected in a strip in the cochlear duct called the basilar papilla in birds, and the
organ of Corti in the coiled mammalian cochlea. See section Otic Placode
Derivatives for details. a, anterior crista; h, horizontal crista; 1, lagenar mac-
ula; n, macula neglecta; p, posterior crista; s, saccular macula; u, utricular
macula. Redrawn from Kardong (1998). (B) Confocal image of a 5-day
zebrafish larva in dorsal view (rostral to the top), dissected to show the two
ears on either side of the notochord (nc). The hair cells are visualized using
fluorescent phalloidin, which binds the actin-rich stereocilia on the surface of
each hair cell. Photograph courtesy of Dr. Tanya Whitfield, University of
Sheffield, United Kingdom. a, anterior crista; h, horizontal (lateral) crista; nc,
notochord; p, posterior crista; sm, saccular macula; um, utricular macula.



in each otic vesicle also gives rise to the sensory neurons that pro-
vide afferent innervation for the mechanosensory hair cells of the
inner ear; these neurons are collected in the VIIIth cranial ganglion
(vestibulocochlear/statoacoustic) (Fig. 11). The otic vesicle itself
induces the formation of the cartilaginous otic capsule, which sur-
rounds and protects the vestibular apparatus, from adjacent head
mesenchyme (Frenz ef al., 1994).

The vestibular apparatus contains three semicircular
canals, oriented roughly in the three planes of space, and two or
three relatively distinct chambers, the utriculus, sacculus and
lagena (the latter being an extension of the sacculus) (Fig. 15A).
These compartments all contain both non-sensory epithelium,
and sensory vestibular epithelium containing neuromasts, that is,
collections of mechanosensory hair cells and supporting cells.
These are similar to those found in the lateral line system (section
Lateral Line Placode Derivatives), except that otic neuromasts
are usually much larger and contain many more hair cells than
lateral line neuromasts. Each hair cell has a true cilium (kinocil-
ium) with a bundle of stereocilia at its base; these are all embed-
ded in a gelatinous cupula secreted by the supporting cells of the
neuromast (Figs. 14A, B). Deflection of the cupula in a
particular direction triggers depolarization of the hair cell, stim-
ulating the afferent fibers of the sensory neurons that synapse
onto the hair cell base. The high K*/low Na* concentration of
the endolymph filling the vestibular apparatus is essential for
sensory tranduction by inner ear hair cells. Specialized epithelial
cells within the vestibular apparatus (stria vascularis in mam-
mals; tegmentum vasculosum in birds) secrete the endolymph.

Dilated ampullae at the base of each semicircular canal
contain expanded neuromast organs, the cristae (Figs. 15A, B).
When the head is turned, the semicircular canals are accelerated,
but fluid inertia causes the endolymph to lag behind, relative to
the semicircular canal itself, deflecting the cupula and stimulating
the hair cells. The cristae therefore detect angular acceleration
(rotation). Their afferent innervation is from otic placode-derived
neurons in the vestibular part of the VIIIth ganglion (Fig. 11).

The utriculus and sacculus also contain large, modified
neuromast organs, the maculae (Figs. 15A, B). The utricular
macula in the adult zebrafish contains approximately 6,000 hair
cells (Platt, 1993), which gives some idea of the size of these
neuromasts. Each macula has dense crystals composed of protein
and calcium carbonate, called otoliths or otoconia, embedded in
the cupular surface (Riley ez al., 1997). Otoliths intensify the dis-
placements of the hair cells in response to linear acceleration.
The maculae therefore detect gravity and linear acceleration.
Like the cristae, their afferent innervation is provided by otic
placode-derived vestibular ganglion neurons.

The maculae in the sacculus and lagena are also involved
in hearing in all vertebrates, including fish, where compression
waves cause movement of the maculae in relation to the otoliths
resting on them. The lagena is lengthened in terrestrial verte-
brates to form the cochlear duct, which is coiled in mammals
(Fig. 15A). Cochlear auditory hair cells, which are often highly
modified in structure, are collected in a specialized strip called
the basilar papilla in birds and the organ of Corti in mammals.
The afferent innervation for auditory hair cells is provided by otic
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placode-derived neurons in the auditory (cochlear) part of the
VIIIth ganglion.

In summary, the entire vestibular apparatus, together with
its afferent neurons, is derived from a simple epithelial ball, the
otic vesicle, which in turn is derived from the otic placode. The
formation of the inner ear is clearly a highly complex process,
and only selected aspects will be discussed here. For more
detailed analysis of otic morphogenesis, the reader is referred to
several recent reviews (Torres and Giraldez, 1998; Rinkwitz
et al., 2001; Whitfield et al., 2002).

Otic Placode Formation Involves Cell
Movement and Convergence

Cell lineage analysis in the chick has shown that up to the
1-somite stage, otic placode precursors are found in a large region
of ectoderm at the neural plate border, intermingled with precursors
of neural tube, neural crest, epibranchial placodes (section
Epibranchial Placodes), and epidermis (Streit, 2002). By the
4-somite stage, otic placode precursors extend from the level of the
anterior hindbrain to the level of the first somite (Streit, 2002). By
the 8-somite stage, a few hours before the otic placode is morpho-
logically visible, quail-chick chimera analysis shows that prospec-
tive otic placode cells are found in a relatively small area adjacent
to thombomeres 5 and 6, just rostral to the first somite (Fig. 11)
(D’Amico-Martel and Noden, 1983). A few hours later, at the
10-somite stage, the otic placode becomes morphologically visible.

Time-lapse video analysis of Dil-labeled ectodermal cells
shows that the convergence of otic placode precursors to the final
placode area results from extensive cell movement within the ecto-
derm (Streit, 2002). It is currently unclear whether this reflects
active migration of otic-specified cells to the location
of the future placode, or capture of randomly moving cells by
progressively more localized otic placode-inducing signals (section
Models of Individual Placode Formation in the Preplacodal
Domain). Pax2, which is essential for proper otic placode develop-
ment (Torres and Giraldez, 1998) is induced at the 4-somite stage
in the broad region of ectoderm that contains otic precursors
(Groves and Bronner-Fraser, 2000; Streit, 2002). However, not all
cells within the Pax2" domain contribute to the otic placode: Even
at the 7—10-somite stage, some cells in this domain contribute to
epidermis, or to the epibranchial placodes, which also express Pax2
(Fig. 11; section Epibranchial Placodes) (Streit, 2002). Hence, Pax2
expression does not correlate with determination toward an otic fate
(also see Groves and Bronner-Fraser, 2000). Nonetheless, it
remains to be seen whether there is directed migration of otic pre-
cursor cells toward the site of the future otic placode.

Interestingly, a fate-map of different sensory areas within
the otic placode in Xenopus suggests that extensive cell move-
ment continues within the otic placode and vesicle until fairly
late stages (Kil and Collazo, 2001).

Induction of the Otic Placodes

More detailed information on the induction of the otic pla-
codes can be found in various reviews (Baker and Bronner-Fraser,
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2001; Noramly and Grainger, 2002; Whitfield ez al., 2002; Riley
and Phillips, 2003). Ablation and grafting experiments in a vari-
ety of species suggested that both mesendoderm and hindbrain are
sources of otic placode-inducing signals. They led to a model in
which the earliest otic placode-inducing signals are derived from
mesendoderm, with later signals from the hindbrain. This model
has been supported by experiments that have identified some of
the signals involved in otic placode development.

Fgf3 is dynamically expressed in several vertebrates in
rhombomeres 4—6 (r4—6), adjacent to the site of formation of the
otic placodes (Fig. 11); however, otic vesicles form normally in
Fgf3-null mice (Mansour et al., 1993). Experiments in zebrafish
and mouse suggest that FGF3 acts redundantly with a second
FGF family member to induce the otic placodes (Phillips et al.,
2001; Maroon et al., 2002; Wright and Mansour, 2003). In
zebrafish, simultaneous knockdown of FGF3 and FGF8 function
using antisense morpholino oligonucleotides results in the loss of
early otic markers such as pax2.1 and dix3 (see previous section
and section A Preplacodal Field at the Anterior Neural Plate
Border) and of the otic vesicles (Maroon et al., 2002; Phillips
et al., 2001). Fgf3 and Fgf8 are co-expressed in r4 in the
zebrafish, but Fgf8 is not expressed in the hindbrain in chick or
mouse. However, at neural plate stages in the chick, Fgf4 is
co-expressed with Fgf3 in prospective hindbrain neuroectoderm
(Maroon et al., 2002), while Fgf19 is expressed in paraxial meso-
derm at same axial level (Ladher e al., 2000) (see below). In the
mouse, Fgf10 is expressed in the mesenchyme underlying the
prospective otic placode, and mice lacking both Fgf3 and Fgf10
fail to form otic vesicles and show abnormal otic placode marker
expression patterns (Wright and Mansour, 2003). Hence, FGF3
may cooperate with other FGF family members in different ver-
tebrate species to induce expression of early otic markers such as
Pax2, and the otic vesicles themselves.

Nonetheless, abrogation of FGF3 and FGF8 function in
zebrafish does not affect expression of Pax8, the earliest known
specific marker for prospective otic placode ectoderm (Maroon
et al., 2002). Pax8 expression, which normally appears at late
gastrula/neural plate stages, is delayed in mutant zebrafish
embryos that lack cranial mesendoderm (Mendonsa and Riley,
1999; Phillips et al., 2001). It is possible, therefore, that early sig-
nals from cranial mesendoderm normally induce Pax§, but that in
the mutant embryos, Pax8 expression is rescued by later, as-yet
unidentified hindbrain-derived signals.

Foxil, a member of the forkhead family of winged-helix
transcription factors, is expressed prior to pax8 and is required for
pax8 expression in zebrafish (Solomon et al., 2003). Foxil mutant
zebrafish show a severe reduction or loss both of pax8 expression
and the otic placodes, and foxi/ misexpression induces ectopic
pax8 expression (Solomon et al., 2003). However, while neces-
sary for pax8§ expression, foxil is not in fact sufficient, because
pax8 is not expressed in every cell that expresses foxil (Solomon
et al., 2003). Hence, pax§ expression requires additional regula-
tory factors besides Foxil. Also, foxil is expressed in and required
for the development of the epibranchial placodes (section A
Common Primordium for Epibranchial and Otic Placodes?),
so foxil is not specific to the otic placodes (Lee et al., 2003).

In the chick, Wnt8c from the hindbrain and FGF19 from
the paraxial mesoderm have been suggested to be involved in otic
placode induction (Ladher et al., 2000). However, loss of Wnt8c
(via inhibition of retinoic acid signaling) does not affect otic
vesicle formation in the chick, and FGF19 acts specifically
through FGF receptor 4, whose loss does not affect otic placode
development in the mouse (see discussion in Maroon et al.,
2002).

In summary, signals from cranial mesendoderm and the
hindbrain are involved in induction of the otic placodes. FGF3
from the hindbrain, acting redundantly with another FGF family
member, is required for otic vesicle formation: In their absence,
Pax8 expression in prospective otic territory is unaffected, but
Pax2 is not expressed and subsequent otic development is blocked.
Wnts may also be involved in otic placode development, but a
requirement for Wnt signaling has not yet been demonstrated.

Neurogenesis in the Otic Vesicle Requires
Neurogenin1 and Notch Inhibition

The neuroblasts that will form the neurons of the vestibu-
locochlear (VIIIth) ganglion delaminate from the ventromedial
region of the otic vesicle and aggregate nearby to form the
ganglion (Fig. 11). All satellite glia within the ganglion are
derived from the neural crest.

In the mouse, Atonal-related neural bHLH factors such as
Neurogeninl (Ngnl; section Proneural Genes: An Introduction)
and NeuroD are expressed in epithelial cells within the otic vesi-
cle prior to delamination (Ma et al., 1998). Vestibulocochlear
neurons are entirely missing in Ngn/-null mice (Ma et al., 1998).
Ngnl is required prior to the delamination of otic neuroblasts
from the otic vesicle, since NeuroD and the expression of the
Notch ligand Delta-likel are both missing from the otic epithe-
lium in Ngnl-null mice (Ma et al., 1998). Evidence that Notch
inhibition (see section Proneural Genes: An Introduction) is
involved in selection of neuronal cell fate within the otic vesicle
comes from zebrafish carrying the mindbomb mutation: These
embryos, in which Notch activation is blocked, have double the
wildtype number of statoacoustic ganglion neurons (Haddon
et al., 1998).

Hair Cell Specification Requires
Notch Inhibition and Math1

Cell fate specification in the inner ear is discussed in more
detail in several recent reviews (Fekete and Wu, 2002; Whitfield
et al., 2002; Riley and Philllips, 2003). Cell fate specification
within the sensory patches of the inner ear (the areas containing
mechanosensory hair cells and supporting cells) depends on
Notch signaling (section Proneural Genes: An Introduction).
Well before hair cell differentiation occurs, prospective sensory
patches are prefigured by their expression of Notch (initially
expressed throughout the otic placode and later restricted to sen-
sory epithelium) and its ligands Delta and Serrate. Delta expres-
sion eventually becomes restricted to nascent hair cells. Cells
with low levels of Notch activity differentiate as hair cells, while



Notch activation leads to supporting cell differentiation (cf. glial
differentiation, e.g., section Differentiation of DRG Satellite
Cells Depends on Notch Activation and Instructive Gliogenic
Cues) (reviewed in Eddison et al., 2000; Fekete and Wu, 2002;
Whitfield ef al., 2002). Numerous lines of evidence support this
model. For example, in mindbomb mutant zebrafish (where
Notch activation is blocked and cells are “deaf” to Delta signal-
ing), sensory patch cells differentiate as hair cells at the expense
of supporting cells (Haddon et al., 1998). The Notch effector
Hesl, a bHLH transcriptional repressor (Davis and Turner,
2001), negatively regulates hair cell production: Hes/-null mice
have extra inner ear hair cells (Zheng et al., 2000). Finally, the
Notch antagonist Numb is expressed at high levels in hair cells in
the chick (Eddison et al., 2000).

The mouse Atonal homologue Mathl (section Proneural
Genes: An Introduction) is both necessary and sufficient for hair
cell differentiation, as shown by knockout and overexpression
studies (Bermingham et al., 1999; Zheng and Gao, 2000). Math1
expression first begins in nascent hair cells; it is not required to
set up the area that will form a sensory patch (Chen et al., 2002).
Hence, Math1 may specify hair cell identity in the inner ear.

Lens Placodes

Lens Placode Derivatives

The lens placodes are unusual among the cranial ectoder-
mal placodes, as they do not produce either sensory receptor cells
or neurons. Where the evaginating optic vesicles approach the
overlying surface ectoderm, it thickens to form the lens placodes;
these invaginate and pinch off to form the eye lenses. The newly
formed lenses have a distinct polarity, maintained throughout
life, with proliferating cuboidal cells covering the anterior sur-
face, and terminally differentiated lens fiber cells making up the
bulk of the lens. Successive layers of lens fiber cells differentially
accumulate highly stable, soluble proteins called crystallins,
giving a smooth decreasing gradient of refractive index from the
center to the periphery.

The Importance of Pax6 for Lens
Placode Development

Pax6 has been implicated in eye and anterior head develop-
ment in all major animal groups. The Pax/Six/Eya/Dach regulatory
network (section The Pax/Six/Eya/Dach Regulatory Network) was
first identified in studies of the Pax6 homologue eyeless in
Drosophila eye development (Wawersik and Maas, 2000). In
vertebrates, Pax6 is essential for both lens placode and retinal
development (reviewed in Ashery-Padan and Gruss, 2001; Baker
and Bronner-Fraser, 2001). Pax6 is initially expressed in a broad
region of head ectoderm and is eventually restricted to the lens
placode itself. The homeobox transcription factors Meisl and
Meis2 are direct upstream regulators of Pax6 expression in lens
ectoderm (Zhang et al., 2002). Knockout experiments in mice have
shown that Pax6 is required in head ectoderm both for competence
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to respond to a lens-inducing signal from the optic vesicle (see
next section) and also for subsequent steps in lens placode devel-
opment (reviewed in Ashery-Padan and Gruss, 2001; Baker and
Bronner-Fraser, 2001). Pax6 is required for the upregulation of the
HMG-domain transcription factor Sox2 (and/or Sox1, Sox3) in
prospective lens ectoderm after it is contacted by the optic vesicles:
These genes are essential for lens differentiation (Baker and
Bronner-Fraser, 2001). Sox2 and Pax6 act together in subsequent
steps of lens differentiation, by cooperatively binding crystallin
gene enhancers and activating their expression (Kamachi et al.,
2001). Pax6 can induce ectopic lenses (and eyes) in Xenopus head
ectoderm (Altmann et al., 1997; Chow et al., 1999), although in
chick head ectoderm, ectopic lens induction requires both Pax6
and Sox2 (Kamachi et al., 2001). Hence, Pax6 is necessary, though
not sufficient, for lens formation.

Induction of the Lens Placodes

More detailed descriptions of lens placode induction can
be found in recent reviews (Ogino and Yasuda, 2000; Ashery-
Padan and Gruss, 2001; Baker and Bronner-Fraser, 2001).
Classical grafting experiments demonstrated that anterior
mesendoderm, anterior neural plate, and the optic vesicles may
all play roles in lens placode induction (reviewed in Baker and
Bronner-Fraser, 2001). Some of the signals from the optic vesi-
cles have now been identified. Knockout experiments in mice
have shown that optic vesicle-derived BMP7 is required for Sox2
expression and Pax6 maintenance in presumptive lens ectoderm
(Wawersik et al., 1999). FGFS is expressed in the optic vesicles
in the chick and can induce lens placode markers (Vogel-Hopker
et al., 2000), and genetic block of FGF signaling in prospective
lens ectoderm in the mouse leads to defects in lens formation
(Faber et al., 2001). Presumptive lens ectoderm in the mouse also
receives retinoic acid signals, as demonstrated by the activation
of retinoic acid-responsive transgenes (Baker and Bronner-
Fraser, 2001). Finally, optic vesicle-derived BMP4 is involved in
a somewhat later phase of lens placode formation, downstream of
Pax6 (Furuta and Hogan, 1998).

Lens Fiber Differentiation

Factors that induce lens fiber differentiation are found in
the vitreous and aqueous humors of the eye, and several different
families of growth factors have been implicated in lens fiber dif-
ferentiation. FGFs can stimulate the differentiation of lens fiber
cells from lens epithelial cells (Govindarajan and Overbeek,
2001), and transgenic expression of dominant negative FGF
receptors in mouse lenses or eyes leads to delayed lens fiber
differentiation and apoptosis (Robinson et al., 1995;
Govindarajan and Overbeek, 2001). Transgenic expression of
dominant negative TGFB receptors in the mouse lens also
disrupts lens fiber differentiation, suggesting a role for TGFf
family members as well as FGFs (de Iongh et al., 2001). Finally,
retroviral-mediated overexpression of the BMP antagonist
Noggin in chick eyes delays lens fiber development and results in
lens cell death, suggesting that BMPs are also involved in lens
fiber differentiation and survival (Belecky-Adams et al., 2002).
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Transgenic expression of a dominant negative BMP type I recep-
tor in the mouse eye also leads to defects in lens fiber formation
(Faber et al., 2002). Hence, FGF, TGF@, and BMP family mem-
bers may all be involved in triggering lens fiber differentiation.

TRIGEMINAL AND EPIBRANCHIAL PLACODES

The trigeminal and epibranchial placodes (Figs. 10 and 11)
do not contribute to the paired sense organs. However, trigeminal
placode-derived neurons are important for touch, pain, and
temperature sensations from the head, including the jaws and
teeth, while epibranchial placode-derived neurons provide
afferent innervation for taste buds, and autonomic afferent
innervation for the visceral organs. The trigeminal placodes
form in the surface ectoderm adjacent to the midbrain and rostral
hindbrain, while the epibranchial placodes form above each
pharyngeal (branchial) cleft (Figs. 3 and 10).

Trigeminal Placodes
Trigeminal Placode Derivatives

The sensory trigeminal ganglion complex of cranial nerve
V is formed in most craniates by the fusion of two separate gan-
glia during development: the ophthalmic trigeminal (opV; some-
times called profundal) and maxillomandibular trigeminal
(mmV; sometimes called gasserian) ganglia. The neurons in the
trigeminal ganglion are of mixed origin, being derived both from
neural crest and from the two separate trigeminal placodes (opV
and mmV) (see Figs. 10 and 11). All satellite glial cells in the
ganglion are derived from the neural crest. In the chick, both the
opV lobe and the mmV lobe of the trigeminal ganglion contain
large-diameter placode-derived neurons distally, and small-diam-
eter neural crest-derived neurons proximally (Hamburger, 1961;
D’Amico-Martel and Noden, 1983) (Fig. 11).

Trigeminal ganglion neurons are primary sensory neurons,
like those in the dorsal root ganglia, transmitting cutaneous
(touch, pain, and temperature) information from the skin and
proprioceptive information from muscles. Neurons in the opV
lobe/ganglion innervate the head, including the nose and eye-
balls, while neurons in the mmV lobe/ganglion innervate the
lower face, jaws, tongue, and teeth. Cutaneous neurons are
derived from both the neural crest and the two placodes, while
proprioceptive neurons seem only to be derived from the neural
crest, at least in the chick (Noden, 1980). (Most of the proprio-
ceptive neurons that innervate the jaws are found in the mesen-
cephalic nucleus of the trigeminal nerve (mesV), which seems to
be a neural crest-derived sensory ganglion within the brain; see
section Neural Crest Derivatives.)

In fish and amphibians, trigeminal neurons are born very
early and make up part of the primary nervous system that mediates
swimming reflexes. Judging by their position, lateral to the FoxD3™
neural crest domain in zebrafish (e.g., Kim et al., 2000; Andermann
et al., 2002; Ttoh et al., 2002), these early-born trigeminal neurons
are placode-derived. Like all other placode-derived neurons in the

zebrafish, they express the atonal-related proneural bHLH gene
ngnl (section Proneural Genes: An Introduction) (Andermann
et al., 2002). Their early differentiation is consistent with the early
birth of placode-derived trigeminal neurons relative to that of neural
crest-derived neurons in other vertebrates, such as the chick
(D’ Amico-Martel and Noden, 1980).

Induction of the Trigeminal Placodes

The trigeminal placodes form in the surface ectoderm
adjacent to the midbrain and rostral hindbrain (Figs. 3 and 10;
D’Amico-Martel and Noden, 1983). For more detailed informa-
tion about classical experiments on induction of the trigeminal
placodes, see Baker and Bronner-Fraser (2001). Very little is
known about the formation of the mmV placode. More informa-
tion is available on induction of the opV placode in the chick,
which begins to express Pax3 from the 4-somite stage (Stark
et al., 1997). Pax3 expression correlates with the determination
of opV placode-derived cells to adopt a cutaneous sensory neu-
ron fate (Baker and Bronner-Fraser, 2000; Baker et al., 2002).
The importance of Pax3 is shown by the severe reduction of the
opV lobe of the trigeminal ganglion in mice carrying a mutated
Pax3 gene (Tremblay et al., 1995). Barrier implantation and
coculture experiments in the chick have shown that Pax3 is
induced in head ectoderm by an unidentified neural tube-derived
signal (Stark et al., 1997; Baker et al., 1999). The Pax3-inducing
signal is produced along the entire length of the neuraxis; how-
ever, restriction of Pax3 expression to the forming opV placode
may result, at least in part, from spatiotemporal changes in ecto-
dermal competence to respond to this signal (Baker et al., 1999).

Experiments in the zebrafish have shown that homologues
of the Iroquois family of homeodomain transcription factors,
which are required for the expression of proneural achaete-scute
genes in Drosophila (section Proneural Genes: An Introduction),
are involved in the formation of the trigeminal placodes (Itoh
et al.,2002). Zebrafish irol and iro7 are expressed at neural plate
stages in a region of neuroectoderm extending from the midbrain
to r4 (Itoh et al., 2002). As somitogenesis begins, the expression
of both genes expands into the ectoderm where the trigeminal
placodes form, as defined by expression of the afonal homologue
neurogeninl (ngnl) (Itoh et al., 2002) (see next section).
Functional knockdown of Iro7 (though not Irol) using antisense
morpholino oligonucleotides leads to loss of ngnl expression in
the trigeminal placode (Itoh et al., 2002). Ngnl in the mouse is
essential for neurogenesis in the trigeminal placodes (see next
section). Hence, iro7 is required for trigeminal placode-derived
neurogenesis.

The rostral border of irol and iro7 expression in the
trigeminal placode ectoderm is expanded rostrally in zebrafish
mutants with increased Wnt signaling (Itoh et al., 2002); this cor-
relates with the rostral expansion of ngnl™ trigeminal placode-
derived neurons seen in such mutants (Kim et al., 2000; Itoh
et al., 2002). Wnt signaling may, therefore, be involved in trigem-
inal placode induction and/or neurogenesis. Several Wnt recep-
tors are expressed broadly in rostral head ectoderm at appropriate
stages in the chick (Stark et al., 2000).



In the chick, the FGF receptor FREK is expressed in the
opV placode, but only from the 10-somite stage, well after initial
induction of Pax3 (Stark et al., 1997). It continues to be
expressed in delaminating neuroblasts, but is not maintained
after gangliogenesis (Stark et al., 1997). FGF family members
may, therefore, play a role in trigeminal placode-derived cell
migration.

Neurogenesis in the Trigeminal Placodes
Requires NeurogeninT

In zebrafish, the trigeminal placodes are first detectable by
ngnl expression in lateral patches of ectoderm at late gastrula
stages; antisense morpholino-mediated functional knockdown of
Ngnl completely abrogates formation of the trigeminal ganglia
(Andermann et al., 2002). In the mouse, Ngn! is expressed in
subsets of cells in the trigeminal placodes, in delaminating
trigeminal neuroblasts, and in condensing trigeminal ganglion
neurons in the mouse (Ma et al., 1998). Ngn2 is weakly
expressed in the trigeminal ganglion well after Ngnl (Fode et al.,
1998; Ma et al., 1998), and Ngn2-null mice have no trigeminal
ganglion defects (Fode et al., 1998). In contrast, the trigeminal
ganglia are totally absent in Ngnl-null mice (Ma et al., 1998).
Ngnl is required in the trigeminal placodes for neuroblast delam-
ination, and for expression of downstream neural bHLH genes,
such as the atonal-related NeuroD family members NeuroD and
Math3, the achaete-scute-related gene NSCLI, and Ngn2 (Ma
et al., 1998) (for family relationships of proneural genes, see
Bertrand et al., 2002). Ngnl is also required for expression of the
Notch ligand Delta-likel in the trigeminal placodes (Ma et al.,
1998); Delta—Notch signaling is presumably also involved in the
selection of neuronal fate (section Proneural Genes: An
Introduction). Notch expression within the trigeminal placodes is
seen at the same time as Ngnl expression (Reaume et al., 1992).
However, abrogation of Notch signaling (in mice with mutations
in a transcriptional effector of the Notch signaling pathway) has
no effect on the initial expression of Ngn! in the trigeminal pla-
codes (Ma et al., 1998). Hence, the establishment of Ngnl
expression in the trigeminal placodes is independent of Notch
signaling.

The total absence of the trigeminal ganglion in Ngn/-null
mice is due not only to trigeminal placode defects: Neural crest
cells condense to form the trigeminal ganglionic primordium in
Ngnl-null mice, but fail to form neurons (Ma et al., 1998). The
other proximal cranial sensory ganglia, whose neurons are all
derived from the neural crest (Fig. 11), also fail to form in Ngn-
null mice (Ma ef al., 1998).

Interactions Between Neural Crest-Derived
and Placode-Derived Trigeminal
Cells in Gangliogenesis

Placode-derived neurons differentiate before neural crest-
derived neurons in the trigeminal ganglion (D’ Amico-Martel and
Noden, 1980). However, the first ganglionic condensation is
made up of neural crest cells, which are only later joined by
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placode-derived neurons (Covell and Noden, 1989). Neural crest
cells are not required for induction at least of the opV placodes
(Stark et al., 1997), and their ablation delays, but does not abol-
ish, gangliogenesis and pathfinding by placode-derived trigemi-
nal neurons (Hamburger, 1961; Moody and Heaton, 1983b). In
the absence of neural crest cells, the placode-derived ganglia tend
to remain as two separate ganglia, suggesting the neural crest
cells act as an aggregation center for ganglionic fusion (Yntema,
1944; Hamburger, 1961). In contrast, when the trigeminal pla-
codes are ablated, neural crest-derived trigeminal neurons do not
make appropriate peripheral projections (Hamburger, 1961;
Lwigale, 2001). Furthermore, the central projections of trigemi-
nal placode-derived neurons are required for trigeminal motor
neuron migration and axonal projection (Moody and Heaton,
1983a, b).

Epibranchial Placodes
Epibranchial Placode Derivatives

The epibranchial placodes form above the pharyngeal
(branchial) clefts (section Pharyngeal Arches and Neural Crest
Streams; Figs. 3 and 10). The first epibranchial placode (facial or
geniculate) forms above the first pharyngeal cleft, and gives rise
to sensory neurons in the distal (geniculate) ganglion of cranial
nerve VII (facial) (Fig. 11). These neurons primarily provide
afferent innervation for the taste buds. The second epibranchial
placode (glossopharyngeal or petrosal) forms above the second
pharyngeal cleft and gives rise to sensory neurons in the distal
(petrosal) ganglion of cranial nerve IX (glossopharyngeal)
(Fig. 11). These neurons provide afferent innervation for taste
buds, and afferent autonomic innervation for visceral organs such
as the heart. The third epibranchial placode (vagal or nodose)
forms above the third pharyngeal cleft, and gives rise to sensory
neurons in the distal (nodose) ganglion of cranial nerve X (vagal)
(Fig. 11). These neurons primarily provide afferent autonomic
innervation for the heart and other visceral organs. Additional
vagal epibranchial placodes form above more posterior pharyn-
geal clefts and contribute neurons to the nodose ganglion or gan-
glia (see Baker and Bronner-Fraser, 2001). Satellite cells in all of
these ganglia are derived from the neural crest (Narayanan and
Narayanan, 1980).

The geniculate placode in nonteleost fish and birds has also
been described as giving rise to a pouch-like sense organ associ-
ated with the first pharyngeal cleft, lined with mechanosensory
hair cells (Vitali, 1926; Yntema, 1944; D’Amico-Martel and
Noden, 1983; Baker and Bronner-Fraser, 2001). This organ
appears to have been lost in teleosts, amphibians, reptiles, and
mammals. In nonteleost fish, this “spiracular organ” is considered
to be a specialized lateral line organ (reviewed in Barry and
Bennett, 1989). However, if it is indeed derived from the genicu-
late placode and not from a lateral line placode, then it would
appear that epibranchial placodes are able to form not only sen-
sory neurons, but also mechanosensory hair cells like those of the
inner ear and lateral line.
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A Common Primordium for Epibranchial
and Otic Placodes?

In the 10-somite stage chick embryo, the HMG-domain
transcription factor Sox3, which labels the thickened ectoderm of
the neural plate and cranial ectodermal placodes, is expressed in
two narrow domains near the otic placode (Ishii e al., 2001).
One of these contains the otic placode itself plus prospective
geniculate placode ectoderm; the other, more ventrocaudal
domain, fate-maps to the petrosal and nodose placodes (Fig. 11)
(Ishii et al., 2001). Ectoderm that will eventually form the epi-
branchial placodes remains thickened and retains Sox3 expres-
sion, while the ectoderm between the placodes thins and loses
Sox3 expression (Ishii et al., 2001). These results suggest that a
broad domain of thickened ectoderm is partitioned into the dif-
ferent epibranchial placodes in the chick.

Intriguingly, the broad domain of Sox3" ectoderm that
eventually forms the geniculate placode also contains the otic
placode (Ishii et al., 2001). Pax2 is also expressed in a broad
region of ectoderm that includes precursors of both the otic and
epibranchial placodes in the chick (Groves and Bronner-Fraser,
2000; Streit, 2002) (section Otic Placode Formation). It has been
suggested in Xenopus that the Pax2™" “dorsolateral placode area,”
which includes otic and lateral line placodes (section Lateral
Line Placode Derivatives), may also include the epibranchial
placodes (Schlosser, 2002a), although this remains to be
demonstrated. Furthermore, the winged-helix transcrip-
tion factor Foxil, which is required for otic placode formation
(Solomon et al., 2003; section Induction of the Otic Placodes) is
also expressed in and required for epibranchial placode develop-
ment (Lee et al., 2003) (section Neurogenesis in the Epibranchial
Placodes). The domain of foxil expression in the zebrafish has
been described as a “lateral cranial placodal domain” that
encompasses otic and epibranchial placodes (Lee et al., 2003).
As described in the previous section, the geniculate placode may
form mechanosensory hair cells, like otic and
lateral line hair cells, during normal development in chick and
nonteleost fish. It is possible, therefore, that the close spatial
association of epibranchial placodes with the otic placodes,
together with their shared expression of Pax2, might reflect pre-
viously unrecognized embryonic and, potentially, evolutionary
relationships. However, additional evidence is required to
support this hypothesis.

Induction of the Epibranchial Placodes

In all vertebrate species, epibranchial placode formation
occurs in close spatiotemporal association with (1) contact
between the outpocketing pharyngeal endoderm and the overly-
ing surface ectoderm, and (2) migrating neural crest streams
(Fig. 3; Baker and Bronner-Fraser, 2001). Mechanical and
genetic ablation experiments have shown that neural crest cells
are not required for the formation of the epibranchial placodes
(Yntema, 1944; Begbie et al., 1999; Gavalas et al., 2001).
Instead, signals from the pharyngeal endoderm seem to be
important, at least for the induction of neurogenesis within the

epibranchial placodes in the chick (Begbie et al., 1999).
Pharyngeal endoderm is sufficient to induce epibranchial neu-
rons (Phox2a™; see next section) from non-placode-forming
chick head ectoderm in vitro (Begbie et al., 1999). BMP7, which
is produced by pharyngeal endoderm, is also sufficient to induce
epibranchial neurons from this ectoderm in vitro (Begbie et al.,
1999). Furthermore, the BMP7 inhibitor follistatin reduces neu-
ronal induction by pharyngeal endoderm in vitro, suggesting that
BMP7 might be the pharyngeal endoderm-derived signal in vivo
(Begbie et al., 1999). Nonetheless, pharyngeal endoderm cannot
induce epibranchial neurons from trunk ectoderm (Begbie et al.,
1999), which is competent to make nodose placode neurons
when grafted to the nodose placode region (Vogel and Davies,
1993). Hence, additional signals in the pharyngeal region must
enable trunk ectoderm to form epibranchial neurons in response
to signals from pharyngeal endoderm.

Neurogenesis in the Epibranchial Placodes
Requires Neurogenin2, Phox2b, and Phox2a

The bHLH proneural transcription factor Neurogenin2
(Ngn2) (section Proneural Genes: An Introduction) is expressed
in epibranchial placodes and delaminating cells prior to overt
neuronal differentiation in the mouse (Fode et al., 1998). In
Ngn2-mutant mice, geniculate and petrosal placode-derived cells
fail to delaminate, migrate, or differentiate (Fode et al., 1998). In
the nodose placode, which develops normally in Ngn2 mutants,
Ngn2 may act redundantly with Ngnl (Fode et al., 1998; Ma
et al., 1998). In all three epibranchial placodes, Ngn2 is required
for Delta-likel expression, suggesting that Notch—Delta signal-
ing is also involved in epibranchial placode-derived neurogenesis
(Fode et al., 1998).

In the zebrafish, Ngnl seems to encompass all functions of
murine Ngnl and Ngn2, and ngnl is expressed in the epibranchial
placodes (Andermann et al., 2002). All peripheral ganglia, includ-
ing the epibranchial placode-derived ganglia, are missing after
antisense morpholino-mediated functional knockdown of Ngnl
(Andermann et al., 2002). The winged-helix transcription factor
Foxil, which is expressed prior to ngn! in prospective epibranchial
placode ectoderm, is required for ngnl expression in the
epibranchial placodes (Lee ef al., 2003).

As described in the section Phox2b Is Essential for the
Formation of All Autonomic Ganglia, the paired-like home-
odomain transcription factor Phox2b is required for the develop-
ment of all autonomic ganglia, including the epibranchial
placode-derived ganglia (Pattyn et al., 1999). The neurons in
these ganglia provide autonomic afferent innervation to the vis-
ceral organs and transiently express the noradrenergic markers
tyrosine hydroxylase and dopamine B-hydroxylase (DBH)
(Fig. 9) (e.g., Katz and Erb, 1990; Morin et al., 1997). As
described in section Phox2b Is Required for Development of the
Noradrenergic Phenotype, Phox2b and the related factor Phox2a
directly activate the DBH promoter (reviewed in Brunet
and Pattyn, 2002; Goridis and Rohrer, 2002). Phox2b-mutant
mice show severe apoptotic atrophy of all three epibranchial
placode-derived ganglia (Pattyn et al., 1999).



In epibranchial placode-derived ganglia, unlike sympa-
thetic ganglia (section Phox2b Is Required for Development of
the Noradrenergic Phenotype), Phox2a lies genetically upstream
of Phox2b, which is in turn required for DBH expression (Pattyn
et al., 1999, 2000). Phox2a is not required for delamination or
aggregation of epibranchial placode-derived cells, or for the
expression of certain neuronal markers, but is required for DBH
and Ret expression (hence probably for neuronal survival in
response to the Ret ligand GDNF) (Morin et al., 1997). Phox2a-
mutant mice show severe atrophy of the petrosal and nodose
ganglia, while the geniculate ganglion is relatively unaffected
(Morin et al., 1997), perhaps via redundancy with Phox2b. Like
sympathetic neurons (section BMPs Induce Both Mashl and
Phox2b in Sympathetic Precursors), a BMP family member, in
this case BMP7, is able to induce Phox2a expression in head
ectoderm (see previous section) (Begbie ef al., 1999).

Interactions Between Neural Crest-Derived
and Epibranchial Placode-Derived Cells in
Gangliogenesis

Although neural crest cells are not required for epi-
branchial placode formation or neurogenesis (Yntema, 1944;
Begbie et al., 1999; Gavalas et al., 2001), they seem to play an
important role in guiding the migration and projection patterns of
epibranchial placode-derived neurons (Begbie and Graham,
2001b). After neural crest ablation, epibranchial placode-derived
neurons remain subectodermal and make aberrant projections
(Begbie and Graham, 2001b).

It is possible that some neural crest cells initially form
neurons in the epibranchial ganglia in the chick (Kious et al.,
2002), although these presumably die, as they are not seen at later
stages of development (D’Amico-Martel and Noden, 1983).
Neural crest cells can also compensate to some extent for loss of
the epibranchial placodes. Neural crest cells may form neurons in
the geniculate ganglion in Ngn2-mutant mice, which lack epi-
branchial placode-derived neurons (Fode et al., 1998). Also,
neural crest cells from the same axial level as the nodose placode
can form neurons in the nodose ganglion after the nodose placode
is ablated (Harrison et al., 1995). However, these neurons may not
substitute functionally for nodose placode-derived neurons, as
nodose placode-ablated embryos have abnormal cardiac function
(Harrison et al., 1995).

PLACODE SUMMARY

Cranial ectodermal placodes are, at first sight, a disparate
collection of embryonic structures, united by their early-thickened
morphology and association with the paired sense organs and/or
cranial sensory ganglia. Each individual placode gives rise to very
different derivatives, from mechanosensory hair cells to lens fibers
to visceral sensory neurons. However, some early steps in placode
induction may be common to all placodes. They share a common
origin from a preplacodal field of ectoderm around the anterior
border of the neural plate that can be identified molecularly and, in
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some species, morphologically. The Pax/Six/Eya/Dach genetic
regulatory network seems to be active in all placodes, with different
combinations of Pax genes, in particular, expressed in different
placodes and possibly serving to determine placode identity.
Recent evidence suggests that there is a substantial degree of cell
movement within the pre-placodal field. Individual placodes may
form within this field either by differential cellular responses to
widespread inducing signals and active convergence to the form-
ing placode, or by the “trapping” of randomly moving cells by
localized placode-inducing signals. Current evidence cannot dis-
tinguish between these two hypotheses. Each individual placode
seems to be induced by a different combination of tissues (neural
tube, pharyngeal endoderm, paraxial mesoderm, etc) and mole-
cules: where identified, the latter include members of the BMP,
FGE and Wnt families. Neurogenesis within all neurogenic pla-
codes involves one or both Ngns, and probably Delta—Notch sig-
naling, showing clear parallels with sensory neurogenesis in the
neural crest. As is the case for autonomic neural crest-derived neu-
rons, Phox2a and Phox2b are required for the transient expression
of the catecholaminergic phenotype within epibranchial placode-
derived neurons, which provide afferent autonomic innervation to
the visceral organs.

As should be evident from this section of the chapter, great
strides have been made in our understanding of placode induction
and development, particularly with the application of molecular
techniques. However, there is much still to learn, from the earliest
stages of placode induction at the neural plate border, to the final
patterning and morphogenesis of their diverse derivatives.

OVERALL SUMMARY

Hopefully, this chapter has succeeded in giving a flavor of
the complexity that underlies the induction and development of
the neural crest and cranial ectodermal placodes. The neural crest
forms the entire PNS in the trunk, while placodes are essential
for the formation of the paired peripheral sense organs and most
cranial sensory neurons. Although for the most part they have
been treated separately, it is important to realize that neural crest
and placodes do not develop in isolation from one another. As
discussed in the preceding sections, placode-derived neurons in
cranial sensory ganglia are supported by neural crest-derived
satellite glia. Neural crest-derived trigeminal neurons need pla-
code-derived trigeminal neurons in order to make appropriate
peripheral projections. Migrating streams of cranial neural crest
cells are required for proper migration of epibranchial placode-
derived neurons. Hence, both the formation and interaction of
placodes and neural crest cells are essential for the development
of a fully functional peripheral nervous system. The mutual
interdependence of these two cell populations reflects their long
evolutionary history together: Both neural crest and placodes are
present in hagfish, the most primitive extant craniate.

Since the last edition of this book, in 1991, our understand-
ing of the induction and development of both neural crest and
cranial ectodermal placodes has advanced in leaps and bounds. It
is to be hoped that the next decade will prove similarly fruitful.
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